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Abstract 

 

Enzymes are biological catalysts that are essential to life: they are largely very efficient and 

exquisitely specialised to their substrate. They are, however, predicted to have evolved from 

simple promiscuous catalysts (able to catalyse multiple reactions on multiple substrates). The 

goal of this thesis was to explore the multiple models of evolution with three model enzymes. 

 

In a complementary model for enzyme evolution, it is hypothesised that some ancient 

enzymes may have exhibited higher catalytic rates than their extant descendants. This model 

was investigated through the reconstruction of core bacterial enzymes AroA (aromatic amino 

acid biosynthesis) and MurA (peptidoglycan biosynthesis), from the common ancestor of 

modern Streptoccocci species. The ~300 million year old ancestral enzyme conformed to the 

model, with 20-fold higher activity than MurA enzymes in modern Streptococci.  

 

Several models for enzyme evolution, both primordial and contemporary, require a 

multifunctional precursor enzyme as a starting point. This was the case in a previous study, in 

which model enzyme HisA (histidine biosynthesis) from Salmonella enterica was evolved to 

acquire novel activity towards the TrpF (tryptophan biosynthesis) substrate (Näsvall et al., 

2012). In the current study, the variant enzymes representing a mutational trajectory between 

HisA and TrpF were kinetically characterised and the structure-function link identified for 

many causative mutations. A three-amino acid duplication was key for establishing the novel 

TrpF function, altering the induced fit mechanism of the enzyme and repositioning the 

general acid side chain. Other amino acid substitutions improved novel activity and substrate 

specificity by excluding the HisA substrate. 

 

The S. enterica HisA active site and that of the variant specialised to TrpF activity were 

characterised through site-directed mutagenesis and kinetic assays. It was found that the new 

TrpF enzyme employed two different catalytic mechanisms. In addition to an entirely 

enzyme-based mechanism (as in HisA), the enzyme also employed substrate-assisted catalysis, 

whereby a functional group of the substrate contributed to catalysis. Such primitive 

mechanisms might – like multifunctional enzymes – be common intermediates during the 

evolution of enzymatic function. 



 

The requirements for TrpF function in the S. enterica HisA active site were further probed 

through site-directed mutagenesis to find the relative contribution of different residues to 

function. A duplicated arginine residue was important to alter the orientation of the active site 

aspartate to optimise its role as a general acid. A library generated through site-saturation 

mutagenesis in the active site of a bifunctional HisA variant was selected for improved TrpF 

function and yielded an enzyme with 13-fold improved activity and absolute substrate 

specificity. 

 

This study has demonstrated the ruggedness of the extended HisA landscape and how highly 

connected the enzyme is with other functions. The elegant complexity of enzymatic function 

and its evolution is demonstrated on many different fronts. 
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1. ONE 
On Enzymes and Evolution 
  



 2 

1.1. Enzyme Catalysis 
 

Enzymes are nature’s smallest machines: as biological catalysts they act to lower energetic 

barriers to enhance the rate of chemical reactions that otherwise occur at rates too slow to be 

biologically relevant. Enzymes are both exquisitely specific and efficient. They can distinguish 

between remarkably similar substrates that differ by a single functional group or by 

stereochemistry (Voet and Voet, 2004a). Enzymes have been shown to improve the rate of 

reactions by as much as 1019-fold (Wolfenden and Snider, 2001). For instance, the 

spontaneous decarboxylation of amino acids has a reaction half-life of ~ 1.1 billion years; in 

the presence of an enzyme, this reaction occurs more than a thousand times a second (Snider 

and Wolfenden, 2000).  

 

The “catalytic efficiency” of an enzyme is a function of how tightly it binds substrate 

(represented by the Michaelis constant, KM, measured in M) and its turnover rate, kcat (the 

maximum number of reactions that can occur per enzyme active site, per unit time; s-1). A 

recent study collated and analysed the kinetic parameters of thousands of enzymes and found 

that the mean catalytic efficiency was ~1×105 s-1.M-1 (Bar-Even et al., 2011): this will be used as 

a benchmark for “average” enzyme activity in this work. 

 

Enzymes are indispensable to life. They are targets of an increasing number of studies in drug 

design, synthetic biology and evolutionary biology. Understanding how enzymes work, how 

they evolve and how they originated is essential to understanding life. 

 

The enzymes present in modern organisms are often the products of billions of years of 

evolutions; others have arisen within the last century. In this thesis, the evolution of enzymes 

will be explored with reference to the origins of catalysis in primordial metabolism as well as 

enzymes that have rapidly evolved novel function in recent times. The following chapter will 

define concepts that are central to the objectives of this work and are discussed throughout.  

 

In the sections to follow, several models of enzyme evolution will be introduced: Horowitz’s 

retrograde model, Jensen’s primordial enzyme recruitment model; the Innovation, 

Amplification, Diversification model and the enzyme Rapid Burst Activity Threshold model. 
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The concept of “sequence space” will be described, in addition to the functional trade-offs that 

occur during selection for novel enzyme activity and how mutations can have altered effects in 

different genetic backgrounds; epistasis.  

1.2. The Last Universal Common Ancestor: LUCA 

The first simple enzymes were comprised of RNA – ribozymes – and predated both cells and 

proteins (Copley et al., 2007). Over billions of years, biological catalysis has improved and 

diversified; the majority of enzymes in modern organisms are protein-based and incredibly 

specialised for their substrate and reaction. 

Modern organisms are divided into three discrete Domains: Bacteria, Archaea and Eukarya 

(Woese and Fox, 1977; Woese et al., 1990). The members of these domains are predicted to 

have arisen through divergence from a single shared common ancestor called LUCA (Last 

Universal Common Ancestor) (Theobald, 2010). The concept of LUCA was proposed by 

Darwin, over 150 years ago, when he stated, “probably all the organic beings which have ever 

lived on this earth have descended from some one primordial form, into which life was first 

breathed” (Darwin, 1859, pp. 490). LUCA is predicted to have existed ≥ 4 billion years ago 

(Battistuzzi et al., 2004; Glansdorff et al., 2008; Perez-Jimenez et al., 2011).  

The predicted characteristics of LUCA are largely based upon the conservation of traits across 

the domains of life. Traits that are nearly ubiquitous in extant organisms are likely to have 

arisen once, prior to the divergence of the three domains, rather than occurred independently 

more than once. There is debate over whether LUCA was thermophilic (Battistuzzi et al., 

2004) or mesophilic (Glansdorff et al., 2008; Groussin and Gouy, 2011); whether its genome 

was RNA- or DNA-based; and over the complexity of its metabolism (Glansdorff et al., 2008; 

Goldman et al., 2012). Many protein folds (Goldman et al., 2010) and important enzymatic 

functions (Goldman et al., 2012) are predicted to have originated prior to LUCA. One school 

of thought is that a mesophilic LUCA was more complex than many extant bacteria and 

archaea, and that adaptation to thermophily (Groussin and Gouy, 2011) and genome 

reduction (Wolf and Koonin, 2013) could have occurred in multiple lineages leading to 

modern organisms.  
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A complex LUCA necessitates that many complex biochemical systems evolved rapidly after 

the dawn of life and therefore that enzymes became efficient catalysts very early indeed. 

1.3. Enzyme Evolution 
 

There are multiple theories for how new enzymatic function evolved. In 1945, Horowitz 

proposed that early biochemical pathways evolved in reverse. When an essential cellular 

metabolite was depleted from the environment, an enzyme evolved to synthesise it from some 

environmental precursor. When this precursor was depleted in turn, then a second enzyme 

evolved from the first, to synthesise it from yet another available compound (Fig. 1.1 A) 

(Horowitz, 1945). According to this model, the first enzyme in a modern pathway is the most 

recently evolved and enzymes of the same pathway are likely to exhibit sequence and 

structural similarities due to a common origin. Enzymes catalysing consecutive steps in the 

same pathway are expected to exhibit conservation of binding (the product of one is the 

substrate of the next) and diversity of catalysis (each enzyme performs a distinct reaction). 

Examples exist in many core metabolic pathways (e.g. tryptophan, histidine and methionine 

biosynthesis (Light and Kraulis, 2004)). 

 

In the enzyme recruitment model, Jensen (1976) proposed that, due to limited genome size 

and proofreading ability, primordial cells contained a small number of enzymes that could 

bind multiple substrates (substrate ambiguity) and catalyse multiple reactions (catalytic 

promiscuity). As evolution cannot act unless there is a pre-existing trait to select for or 

against, these hypothetical “sloppy” enzymes would have provided a huge range of functions 

for evolution to act upon (Fig. 1.1 B). If an enzyme (or a cobbled-together biochemical 

pathway) successfully converted a precursor to a small amount of a useful compound then, 

Jensen proposed, “gene duplications would be selectively maintained since increased enzyme 

levels would increase the error level. […] Appropriate mutational modification of the gene 

copies could then complete the evolution of a new pathway” (Jensen, 1976, pp. 416).   

 

A simple way for a cell to evolve to increase the product of an enzyme with poor activity is to 

increase the number of genes encoding it and therefore the amount of enzyme. Tandom gene 

duplications are among the most common mutation events (Bergthorsson et al., 2007; Reams 

et al., 2010). An investigation of gene duplication in cultured Salmonella enterica cells found 
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that, for the three genes studied, duplication rates ranged from 1.6 × 10-6 to 1.9 × 10-3 

duplications per cell per generation (Reams et al., 2010). The frequency of duplications 

became fixed after 50-100 generations. This steady state indicated that most gene duplications 

are transient in a population and the rate of loss becomes equal to the rate of gain. Loss of 

duplicated genes occurs through recombinational reassortment (Reams et al., 2010) or 

detrimental mutations leading to non-functional pseudogenes (Magadum et al., 2013; Zhang, 

2003). Despite the transient nature of the duplications, they occur 4-8 orders of magnitude 

more frequently than beneficial point mutations (Bergthorsson et al., 2007). 

 

Figure 1.1. Two models of enzyme evolution. A. Horowitz’s retrograde model for the evolution of biochemical 
pathways. When an environmental metabolite (A) is exhausted, an enzyme (1) is evolved to synthesise it from 
another available substrate (B) and so on. B. Jensen’s recruitment model. (i) A desired product (star) is synthesised 
via a cobbled together pathway with the weak functions of promiscuous enzymes (broken red lines). (ii) Selection to 
increase the desired product leads to gene duplication and altered specificity (thick lines, high activity; broken lines, 
weak activity). (iii) Modern pathways contain substrate-specific enzymes that allow high flux to the desired product. 

1 2 3
A B C D

A exhausted
1 evolves

B exhausted
2 evolves

C exhausted
3 evolves

A

B
i ii iii
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The concept of evolution by gene duplication was also conceived of by Ohno (1970). He stated 

that most gene duplications are neutral and that the presence of two functionally-redundant 

genes would lift the selective pressure to maintain the original function in the second one. It is 

unlikely, however, that transiently duplicated genes would reach high enough frequency in a 

population to acquire beneficial point mutations. This quandary is known as Ohno’s Dilemma 

(Bergthorsson et al., 2007). It is addressed by the IAD (Innovation, Amplification and 

Diversification) model of enzyme evolution, which argues that selection can act at all stages. 

Similar to Jensen’s model, the IAD model proposes that the evolution of a new enzyme begins 

with a discrete function secondary to the primary catalysis (Innovation).  

 

Enzyme promiscuity and substrate ambiguity are not ancient traits restricted to Jensen’s 

model for primordial metabolism (Copley, 2012, 2015). Modern day metabolism exhibits a 

surprising amount of plasticity (or “sloppiness” (Copley, 2015)) which provides a large 

number of innovations. Experiments with conditionally-lethal gene knockouts in E. coli have 

found a large degree of functional redundancy; many enzyme functions can be complemented 

by unrelated enzymes from distinct metabolic pathways (Miller and Raines, 2004; Patrick et 

al., 2007; Soo et al., 2011). This indicates that many enzymes already exhibit weak secondary 

functions that provide the organism with a greater capacity to adapt to changing 

environments.  

 

The second step is Amplification to improve flux through the poor enzymatic step. The 

functional redundancy of the amplified genes removes the selective pressure to maintain the 

original function in all but one of them. However, selective pressure for the new function will 

preserve the additional gene copies long enough for beneficial point mutations to accumulate 

and improve the novel activity in the gene product (Divergence). Additionally, a greater 

number of gene copies provide more targets for potentially beneficial point mutations. Once 

the novel activity has been established at sufficient levels to maintain metabolic flux through 

the novel step with a single gene copy, the selective pressure to preserve multiple copies is 

lifted and they are lost as described above.  

 

The plausibility of the IAD model was confirmed with an evolution experiment in S. enterica 

(Näsvall et al., 2012). An enzyme from His biosynthesis was evolved to also catalyse a reaction 
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essential in the Trp biosynthetic pathway in a double auxotrophic strain. The enzyme first 

acquired a weak secondary function, underwent gene duplication and then accumulated 

discrete mutations yielding two specialised enzymes capable of rescuing both auxotrophies. 

This experiment provided strong evidence for the IAD model: it forms a foundation for the 

work discussed in Chapters Three – Six and will be discussed throughout. 

 

The models of enzyme evolution described here are not irreconcilable. There are examples of 

both the Horowitz (enzyme paralogues in the same pathway) and Jensen/IAD (enzyme 

paralogues in different pathways) models of enzyme evolution in extant metabolism. For 

instance, three enzymes that catalyse sequential steps in Trp biosynthesis (TrpF, TrpC and 

TrpA) conform to the Horowitz’s retrograde model of pathway evolution; however, the three 

enzymes also show high homology to enzymes acting His biosynthesis (HisA and HisF), 

supporting Jensen’s recruitment model (Light and Kraulis, 2004; Nagano et al., 2002). 

 

1.4. Enzymes Can Evolve in Rapid Bursts 
 

An enzyme is considered “catalytically perfect” when its rate is limited only by diffusion: 

kcat/KM of 108–109 s-1.M-1. A number of perfect enzymes have been characterised, including 

triosephosphate isomerase, which acts in glycolysis (Albery and Knowles, 1976a). It is a 

common fallacy that evolution acts to push traits to a state of perfection (Gould, 1996), and 

one might be forgiven for assuming that the catalytic efficiency of enzymes slowly but steadily 

increases over time until they reach this upper limit and become perfect catalysts (see          

Fig. 1.2 A). 

 

An alternative is that many of the enzymes required for core metabolic processes evolved to 

peak catalytic performance very early in evolutionary history, i.e. in or before LUCA. We have 

recently highlighted the plausibility of this model in a review recently published accepted at 

the Journal of the Royal Society Interface (Appendix IV (Newton et al., 2015)). To employ the 

analogy of a weak link in metabolism: if a particular biochemical reaction becomes the single 

rate-limiting step for the growth and replication of a single-celled microorganism, then strong 

positive selection will be exerted upon the enzyme that catalyses this step. Such strong 

selective pressure can impart drastic improvements in a short period of time, yielding an 
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evolved enzyme that is no longer the weak link in the metabolic network of the cell (Fig.        

1.2 B). Once that link is no longer the weakest, selection pressure shifts to another point (Fig. 

1.2 B). Moreover, the rapid accumulation of beneficial mutations by the enzyme under 

selection may make it more efficient than it needs to be in order to maintain flux through its 

metabolic pathway (Fig. 1.2 C). In this ‘rapid burst’ scenario, the enzyme is considered to have 

overshot its Activity Threshold (defined here as the minimum activity required to maintain 

flux through a particular biochemical pathway without reducing cell growth). Once the 

catalytic efficiency of the enzyme is above its Activity Threshold, it is no longer subject to 

selection and its catalytic efficiency may begin to decrease (Fig. 1.2 C), through either genetic 

drift or selection for other properties such as stability, regulation or cellular energy efficiency. 

Unlike the trajectory portrayed in Fig. 1.2 A, this model predicts that many extant enzymes 
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Figure 1.2. Enzymes evolve above their Activity Thresholds in a rapid burst. A. Initial assumption: enzymes 
steadily evolve towards perfection. B. The weak link in a metabolic pathway determines the overall flux and is 
rate-limiting for cell growth and replication. Positive selection acts to improve the weak link (enzyme B), once it is no 
longer the rate limiting step in the pathway, another step becomes the weak link (enzyme C). C. An updated view of 
enzyme evolution.  
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have poorer activities than their ancient ancestors. Further, it predicts that their activities will 

continue to decline into the future, as selection to retain or improve activity is only exerted 

when enzymes approach their Activity Threshold. 

 

This model is supported by examples of modern enzymes that have evolved to near perfection 

in ~50 years (rapid bursts), including enzymes that metabolise anthropogenic chemicals such 

as the herbicide atrazine (Mandelbaum et al., 1993, 1995; Yanze-Kontchou and Gschwind, 

1994) and insecticide parathion (Dumas et al., 1989). Additionally, there have been numerous 

experiments where a key metabolic enzyme has been replaced by a poorly functional 

alternative (such as glucokinase with an enzyme with a kcat/KM four orders of magnitude lower 

(Miller and Raines, 2004)), and yet cell growth has been barely compromised, if at all. These 

experiments support that many enzymes acting in core metabolism display catalytic 

efficiencies in vast excess to their Activity Thresholds. Finally, in line with the prediction that 

many extant enzymes are past their catalytic peaks, many reconstructed ancient enzymes (see 

Chapter Two) have been shown to be kinetically superior to extant descendants.  

 

The concept of enzymatic Activity Thresholds will be explored in the following chapters. I will 

test the hypothesis that ancient enzymes were more catalytically active than their extant 

descendants and probe the Activity Thresholds of two core metabolic enzymes. 

 

1.5. Functional Trade-Offs 
 

Acquisition of a new enzyme function often comes at the cost of the original activity (during 

the Divergence stage of IAD). In 2012, Tokuriki et al. traced a mutational trajectory as they 

used directed evolution to alter the substrate specificity of Pseudomonas diminuta 

phosphotriesterase (PTE) from paraoxon to 2-naphthyl hexanoate (2NH). An ‘asymmetric 

trade-off’ was observed: after six initial rounds of selection, there was a 1,600-fold gain in the 

novel activity and only a 28-fold loss of the original activity (which was not selected against). 

The later selection rounds however, showed the reverse trend: a modest 20-fold increase 

activity for 2NH was accompanied with a 1,400-fold decrease in the original activity (Tokuriki 

et al., 2012). In a similar example, clinically-isolated TEM-1 β-lactamase enzymes were found 

to have evolved improved activities towards cephalosporin antibiotics; this improvement in 
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activity towards the novel substrates (two orders of magnitude) was accompanied by a 

reduction in the original activity (one order of magnitude) (Wang et al., 2002). These studies 

suggest that the same enzyme active site cannot support the co-existence of the functions 

described above at high levels. 

 

The sensitivity of an enzyme to mutation (i.e. the likelihood of major functional and structural 

trade-offs) can be described with the terms robustness and evolvability. A phenotype – in this 

case enzyme function – is described as robust if missense mutations have little to no effect 

(Masel and Trotter, 2010). However, as evolution must act upon genetic diversity, robust 

functions resist change. Evolvability (or genome “plasticity”) requires a system to be able to 

accumulate enough diversity for selection to act upon (Aharoni et al., 2005; Masel and 

Trotter, 2010). It can therefore be said there is a trade-off between robustness and evolvability.  

 

The opposite has also been argued. Aharoni and colleagues investigated the effect of 

mutations altering the substrate specificity of three different enzymes; PTE, serine 

paraoxonase and carbonic anhydrase II. The group found that, following directed evolution, 

the promiscuous functions were on average increased by >1000-fold while the original 

functions were decreased by only ~3-fold (Aharoni et al., 2005). The weak trade-off indicated 

that while the promiscuous functions were highly evolvable, the original one was robust to 

change. This example appears to provide a solution to the conflict between robustness and 

evolvability: if the promiscuous functions of an enzyme are highly evolvable but the native 

activity is robust, then the enzyme can tolerate many mutations to secondary functions 

(Innovations) without a fitness effect from reducing the original activity (Aharoni et al., 

2005). These assumptions support an IAD-like evolution of new specialist enzymes through 

transition first to a multifunctional enzyme (Aharoni et al., 2005; Tracewell and Arnold, 

2009). 

 

The trade-offs associated with acquisition of a novel function are not limited to enzyme 

activity. The above TEM-1 study found that mutations that improved activity towards 

cephalosporin also had a destabilising effect on the protein (Wang et al., 2002). Such a 

mutation is unlikely to become fixed in the population as it would lead to misfolded, non-

functional protein. Proteins can evolve more freely when the trade-off between new function 
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and protein stability is minimal (Bloom et al., 2004). Protein folds with a high degree of 

“polarity” (i.e. separation between residues important for function and those important for 

stability) display a higher evolvability and structural robustness (Dellus-Gur et al., 2013; Tóth-

Petróczy and Tawfik, 2014). Protein folds that support a large diversity of enzymatic functions 

(an indicator of high evolvability) have relatively few structurally-important residues in their 

actives sites (e.g. ~20% for (βα)8-barrel proteins); whereas protein folds with low polarity have 

a large proportion of stability residues in their active sites (≥ 60%) and therefore exhibit very 

low diversity (Dellus-Gur et al., 2013). Proteins with a high degree of polarity evolve faster: 

functional residues can sample a wide range of sequences (see below) without having a 

detrimental effect on protein stability.  

1.6. Epistasis 
 

Another concept from evolutionary genetics that is important for this study is epistasis. The 

functional dependence of two distinct residues in the same protein is known as intragenic 

epistasis; in the absence of intragenic epistasis, selection can act upon a mutation independent 

of its genetic background (Parera and Martinez, 2014).  

 

In sign epistasis, the fitness effect of one particular mutation (the sign: positive or negative) is 

dependent upon its genetic background (Weinreich et al., 2005). For instance, in the β-

lactamase example introduced above, mutations that improved activity of TEM-1 towards 

cephalosporin also led to a stability trade-off, yielding enzymes with drastically decreased 

thermostability. A M182T mutation had little effect on enzyme activity but restored protein 

stability (Wang et al., 2002). The gain of function mutations could not improve fitness 

without a compensatory epistatic change: the permissive M182T mutation.  

 

In magnitude epistasis, new mutations have an amplified effect when they occur in a 

permissive genetic background; in the absence of epistasis beneficial mutations merely have 

an additive effect on phenotype (Poelwijk et al., 2007).  

 

Epistasis is common in characterised proteins. In 2014, Parera and Martinez determined the 

effect of a single missense mutation in a population of orthologous proteins. The pair used 

Hepatitis C Virus NS3 protease sequences and the A156T substitution that had previously 



 12 

been shown to confer resistance to protease inhibitors (at the cost of enzyme catalytic 

efficiency). Fifty-six enzymes with the substitution showed a range of fitness effects: 

deleterious, neutral, or beneficial. This indicated that the genetic background had a large 

impact on the effect of the individual mutation. Only six of the total did not exhibit significant 

epistasis.  

 

In a phylogenetic study, Breen and colleagues reasoned that the average position in a protein 

should, in the absence of epistasis, be able to tolerate substitution with ~ 8 different amino 

acids. Comparison of 1000 orthologues of 16 different housekeeping proteins led the group to 

conclude the substitution rates during recent evolution were an order of magnitude lower 

than predicted, an indication that epistasis was confining the possible mutations. The group 

conjectured that epistasis is an important factor in long-term protein evolution (Breen et al., 

2012).  

1.7. Protein Sequence Space and Fitness Landscapes 
 

Each position in a protein can theoretically mutate to any of 19 other amino acids. A 

summation of the possible sequences for a given protein is termed its sequence space.  

Sequence space can, in turn, be correlated to the functional or fitness effect of each additive 

mutation. The analogy of a landscape (Fig. 1.3) is most commonly used (although one 

eloquent review employed the metaphor of substrate and enzyme as dancers on a rugged 

dance floor (Austin et al., 2008)). The fitness landscape was first described in 1932 (Wright, 

1932): peaks represent sequences that confer high fitness in a given environment, whereas 

valleys represent sequences with low fitness (Pigliucci, 2008). Fitness often refers to the 

reproductive fitness of an organism expressing the variant protein in a given environment. In 

the present study it will refer to the catalytic efficiency of an enzyme in addition to organismal 

fitness.  

 

The mutational trajectory from one form of a protein to another (e.g. during adaptation to a 

new environment or acquisition of a novel function, as with PTE (Tokuriki et al., 2012)) can 

be traced through the fitness landscape to determine the effect of each sequential mutation, 

and the “ruggedness” of the landscape. According to the theory of evolution by natural 
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selection, each new mutation in a trajectory must confer a selective advantage. This has been 

described as an “uphill walk” within the fitness landscape (Tracewell and Arnold, 2009). 

 

Perhaps predictably, there does not appear to be a single “rule” for all proteins. For instance, 

the mutational trajectories between a drug-sensitive form of TEM-1 and a resistant form (five 

amino acid substitutions) were traced by Weinreich et al. (2006). All of the possible 

intermediate proteins (5! = 120) were generated and the fitness of each determined. Only two 

uphill pathways accounted for 50% likelihood and 102 of the trajectories were inaccessible due 

to fitness valleys acting as dead ends (Weinreich et al., 2006). Another study similarly 

followed the possible trajectories for five amino acid changes to alter the specificity of 

enantioselective epoxide hydrolase from Aspergillus niger (ANEH), but found that 46% of all 

the possible trajectories were energetically favourable (Reetz and Sanchis, 2008). One group 

evolved the cofactor specificity of core metabolic enzyme β-isopropylmalate dehydrogenase 

(IMDH), which acts in leucine biosynthesis. A mutational trajectory showed additive 

mutations following a smooth fitness landscape to a global maximum: there were no epistatic 

effects between genotype and phenotype (Lunzer et al., 2005). In such a landscape, all 
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Figure 1.3. Proteins traverse a fitness landscape as they sample sequence space. The x 
and z-axes represent protein sequence space (i.e. different amino acid combinations) and the 
y-axis represents the fitness of the sequences (measured in selectivity coefficient, protein 
stability, catalytic efficiency and more). Alternative mutational trajectories are shown in colour. 
Figure modified from “Visualization of two dimensions of a NK fitness landscape” by Randy 
Olsen, which is licensed under Creative Commons Attribution-Share Alike 3.0 Unported. 
Obtained from: http://en.wikipedia.org. 
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sequences would eventually converge on a single point; the particular trajectory would be 

irrelevant.  

 

Additional analyses of mutational trajectories have been performed in silico (Bershtein et al., 

2006; Romero et al., 2013) and experimentally (reviewed by Dean and Thornton, 2007).  

 

The reality is likely that individual proteins have their own unique fitness landscapes, 

dependent upon the organism and the selective pressure exerted by the environment. 

Additionally, as enzymes can exhibit multiple functions, they can traverse multiple fitness 

landscapes with the same mutational trajectory (i.e. the same mutation could improve activity 

with one substrate but reduce it with another) (Zhang et al., 2012). A large degree of natural 

diversity among homologous proteins (e.g. the substrate ambiguity of β-lactamases) is 

indicative of a flattened fitness landscape: many sequence combinations are possible and 

confer similar cell fitness, allowing the “drunken walk” (Gould, 1996, pp. 87) of evolution 

along many paths. Epistasis is able to influence the path of a trajectory but not necessarily its 

endpoint (Dean and Thornton, 2007). 

 

In 1970, Maynard Smith posed a number of questions about protein sequence space. He asked 

what portion of the protein “functional network” has been explored by evolution and whether 

it has ever passed through non-functional sequences (deep valleys in the protein landscape). 

By the same logic, he asked what fraction of potentially useful protein sequences are 

inaccessible to evolution due to large gulfs in the landscape (Maynard Smith, 1970). Studies 

tracing the effect of epistasis on paths through sequence space provide some answers to the 

second problem; and the last problem can be solved in part by modern mutagenesis measures 

that cast across the protein landscape without having to trace a mutation-by-mutation 

trajectory. However, although our knowledge of protein sequence space is growing 

exponentially (Dean, 2010), we still cannot know what portion of the protein landscape has 

been sampled by evolution. There is a vast expanse yet to be explored and the work described 

in this thesis aims to do so. 
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1.8. The Objectives of this Study 
 

In this thesis, the concepts described above were explored in the context of enzyme evolution 

with two model systems. To do so, I addressed the following aims: 

 

1. To test an aspect of Jensen’s model for enzyme evolution; namely that homologous 

modern enzymes have descended from multifunctional ancestors. This was 

investigated in Chapter Two, by reconstructing the extinct ancestors of two 

homologous metabolic enzymes: AroA (from aromatic amino acid biosynthesis) and 

MurA (from peptidoglycan biosynthesis). 

 

2. To characterise the trajectory of an enzyme evolved according to the IAD model. The 

work in Chapter Four describes the characterisation of a number of variant enzymes 

that mark the mutational trajectory from a HisA (histidine biosynthesis) to a TrpF 

(tryptophan biosynthesis) specialist, following the work described by Näsvall et al. 

(2012).  

 

3. To experimentally verify the Activity Threshold model for evolution. This was 

achieved by comparing the kinetic parameters of evolved HisA enzymes with the 

fitness benefit they conferred in vivo. 

 

4. To characterise the evolutionary potential of enzyme active sites. The active sites and 

reaction mechanisms were compared between a specialised HisA enzyme (Chapter 

Three) and an evolved HisA variant respecialised for the TrpF activity (Chapter Five). 

In addition to this, semi-rational design was used to further alter the substrate-

specificity of bifunctional HisA variant (Chapter Six). 
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2.1. Introduction 
 

Beginning by looking backwards through evolutionary time, this chapter describes the 

characterisation of two ancient enzymes related by structure and function: MurA and AroA. 

The two enzymes catalyse the same reaction but participate in distinct pathways, fulfilling the 

requirements for evolution according to Jensen’s and the IAD model. The enzymes’ shared 

evolutionary histories are explored using a technique called Ancestral Sequence 

Reconstruction. 

2.1.1. MurA  
 

UDP-N-acetylglucosamine (UNAG) enolpyruvyl transferase (MurA; E.C. 2.5.1.7) catalyses 

the first committed step of peptidoglycan biosynthesis in bacterial cells (Gunetileke and 

Anwar, 1968; Zemell and Anwar, 1975). Peptidoglycan is an essential cell wall component for 

both Gram-positive and -negative cells: its main roles are to maintain osmotic pressure, cell 

shape and mechanical integrity (Barreteau et al., 2008; van Heijenoort, 2001). It is comprised 

of alternating UNAG and N-acetylmuramic acid glycans and the first stage of biosynthesis 

occurs within the cytoplasm (catalysed sequentially by GlmS, GlmM, GlmU and MurA-F). 

Peptidoglycan is ubiquitous among bacteria, with only a few exceptions including intracellular 

parasites. 

 

The crystal structures of several MurA enzymes have been solved. The enzyme is comprised of 

two globular domains with a flexible linker (Fig. 2.1). Both domains exhibit an “inside-out 

α/β-barrel” fold, more poetically known as a “mushroom button” (Schönbrunn et al., 1996). 

Each domain is comprised of three identical folding units, each of which overlay with a root 

mean squared (r.m.s.) deviation of 0.14-0.26 Å (E. coli MurA (Schönbrunn et al., 1996)) and 

have likely arisen through a duplication event (Höcker, 2014). The active site is located in a 

cleft at the interface between the two domains, a mobile loop comprising amino acids 111-121 

(E. coli MurA numbering) has been observed to swing inwards over the cleft upon binding of 

substrate UNAG, closing like a lid to correctly position second substrate PEP and complete 

the correct architecture of the active site (Skarzynski et al., 1996).  
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The MurA reaction involves the transfer of the enolpyruvyl moiety of phosphoenolpyruvate 

(PEP) onto the substrate UNAG (Fig. 2.2); the product EP-UNAG is used in the next step of 

peptidoglycan biosynthesis. The transfer is chemically unusual because it involves the cleavage 

of the C-O bond of PEP instead of the high energy P-O bond. The reaction progresses 

according to an addition-elimination mechanism and proceeds via a tetrahedral intermediate 

(Marquardt and Brown, 1993; Skarzynski et al., 1998).  

 

 
Figure 2.2. The reaction catalysed by MurA.  

 

A number of conserved active site residues have been implicated in substrate-binding and 

catalysis through site-directed mutagenesis experiments (Gautam et al., 2011; Kim et al., 
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Figure 2.1. The E. coli MurA structure. MurA has two inside-out αβ-barrel domains. Substrate UNAG is shown in 
the active site between the domains. Loop 111-121 is shown in red. PDB: 3KQJ. Figure produced with PyMOL. 
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1996). Of specific note, conserved Cys 115 (E. coli numbering) acts as a general acid in the 

addition step of the mechanism (Zhu et al., 2012). It is present on the mobile loop (residues 

111-121) and its substitution to Ser or Ala has been shown to abolish catalysis (Marquardt and 

Brown, 1993; Wanke and Amrhein, 1993). Asp 305 is predicted to act as a general base. The 

reaction of Enteterobacter cloacae MurA was halted at the tetrahedral intermediate in D305A 

mutants (Eschenburg et al., 2003).  

 

As MurA is expressed exclusively in bacteria, it has been the target of antimicrobial drug 

research. The existing antibiotic fosfomycin (Fig. 2.3) is a naturally occurring compound 

originally isolated from Streptomyces fradiae, S. wedmorensis and S. viridochromogenes 

(Christensen et al., 1969; Hendlin et al., 1969). Currently, fosfomycin is mainly used to treat 

urinary tract infections (El Zoeiby et al., 2003), although it is being considered for 

combinatorial treatment against drug-resistant clinical pathogens including Methylcillin-

Resistant Staphylococcus aureus (MRSA) (Falagas et al., 2008). 
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Fosfomycin is an analogue of MurA substrate PEP (Fig. 2.3 A and B) and acts by forming an 

irreversible covalent adduct with the Cys 115 side chain  (Fig. 2.3 C) (Marquardt et al., 1994). 

Fosfomycin binding is enhanced in the presence of the substrate UNAG (Marquardt et al., 

1994), which induces a conformational change enabling the antibiotic to make specific 

interactions with both the enzyme and the substrate (Skarzynski et al., 1996). Some bacteria 

(including Mycobacterium tuberculosis, Chlamydia trachomatis and Borrelia burgdorferi) 

express MurA enzymes that are intrinsically resistant to fosfomycin due to substitution of the 

115 Cys with Asp, which has negligible effect on enzyme activity (Castañeda-García et al., 

2013). Resistance has also been observed due to reduced permeability to the drug and covalent 

modification of fosfomycin (Couce et al., 2012; Hrast et al., 2014; El Zoeiby et al., 2003). 

Nonetheless, a recent study found that conditional murA knockouts in M. tuberculosis and M. 

smegmatis proved to be lethal at non-permissive temperatures, supporting MurA as a valid 

drug target for tuberculosis (Xu et al., 2014).  

 

A range of studies have identified alternative MurA inhibitors, with both similar and different 

mechanisms to fosfomycin (e.g. one is an analogue of the reaction transition state) and several 

show promising results in vivo (recently reviewed in Hrast, 2014). Other groups have targeted 

the other enzymes encoded by murB-F for drug discovery, but to date fosfomycin is the only 

available antibiotic that targets cytoplasmic peptidoglycan biosynthesis (Hrast et al., 2014). 

 

2.1.2. AroA 
 

The other major enolpyruvyltransferase to be characterised to date is 5-enolpyruvylshikimate 

3-phosphate (EPSP) synthase (AroA; EPSP synthase; E.C. 2.5.1.19). AroA catalyses the sixth, 

penultimate step in the shikimate pathway, the final product of which (chorismate) is essential 

for the biosynthesis of aromatic amino acids and many vitamins, including folate (Maeda and 

Dudareva, 2012). Like MurA, AroA acts to transfer the enolpyruvyl moiety from PEP to the 

substrate shikimate 3-phosphate (S3P) (Fig. 2.4). The enolpyruvyl branch is eventually 

converted into the main chain of Tyr and Phe and is released during Trp biosynthesis. The 

shikimate pathway is present in bacteria, plants, fungi, some protists and archaea in a 

modified form (Zhi et al., 2014; Zucko et al., 2010), but not in metazoans (Richards et al., 

2006). It is therefore an attractive target for the design of antimicrobials and herbicides. 
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Figure 2.4. The reaction catalysed by AroA. 

 

Like in MurA, the AroA reaction occurs via an addition-elimination mechanism. Although 

AroA lacks an equivalent residue to Cys 115, there is an equivalent to the putative E. coli 

MurA general base, Asp 305. A D313A substitution yielded an E. coli AroA enzyme that was 

non-functional, halted at the tetrahedral intermediate, confirmed Asp 313 as the general base 

(Eschenburg et al., 2003).  

 

AroA was the first reported example of a protein with the inside-out α/β–barrel fold; like 

MurA, it is comprised of two globular domains linked by a flexible region (Schonbrunn et al., 

2001; Stallings et al., 1991). As for MurA, the two domains of E. coli AroA overlay with an 

r.m.s. deviation of 2.1 Å over 208 α-carbon atoms (Stallings et al., 1991).  

AroA is the target of herbicide glyphosate (N-(phosphonomethyl)glycine; trade name: 

Roundup) (Franz, 1974; Steinrucken and Amrhein, 1980), which is shown in Fig. 2.5. 

Inhibition of AroA by glyphosate is fully reversible (Steinrucken and Amrhein, 1984). It is a 

competitive inhibitor with respect to PEP and a non-competitive inhibitor with respect to S3P 

(Sammons et al., 1995). Glyphosate has been shown to bind the active site near S3P (in place 

of PEP) and is presumed to act by mimicking an intermediate state of PEP (Pollegioni et al., 

2011; Schonbrunn et al., 2001). Despite this, glyphosate is exquisitely specific to AroA: it does 
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not inhibit any other PEP-binding enzymes, including MurA (Pollegioni et al., 2011). Some 

AroA enzymes are intrinsically resistant to glyphosate and a single amino acid change – e.g. 

Gly 96 substituted with Ala in Klebsiella pneumoniae – has been shown to confer resistance 

(Sost and Amrhein, 1990; Stalker et al., 1985). 

 

The specificity of glyphosate is exploited for use in herbicides. Crop plants expressing 

transgenic AroA enzymes resistant to glyphosate (Roundup Ready plants) allow 

indiscriminate application of the herbicide (Padgette et al., 1995). Inevitably, many 

glyphosate-resistant non-crop plants have been observed (Haghani et al., 2008; Marchiosi et 

al., 2009; Ng et al., 2003; Perez-Jones et al., 2007; Yu et al., 2007). Efforts to alter the structure 

of glyphosate have to date yielded significantly poorer inhibitors (Pollegioni et al., 2011). 

 

Due to the highly conserved nature of AroA, glyphosate has been reported to inhibit 

pathogenic fungus Cryptococcus neoformans, which causes meningoencephalitis in humans, 

in mouse models (Nosanchuk et al., 2001). Deletion of the aroA gene led to significantly 

reduced virulence of S. aureus in mice (Buzzola et al., 2006) and completely attenuated the 

growth of Streptococcus pneumoniae (McDevitt et al., 2002). Like MurA, AroA is therefore 

considered a viable target for drug design and such drugs would be effective against an even 

broader range of organisms because its expression is not restricted to bacteria (Pereira et al., 

2007). 

 

2.1.3. AroA and MurA Probably Share a Common Ancestor 
  

AroA and MurA are two of the few proteins known to exhibit the inside-out αβ-barrel fold 

and are similarly among the only enzymes to perform the enolpyruvyl transferase reaction, 

with the third being recently characterised NikO (Oberdorfer et al., 2012). The E. coli AroA 

and MurA enzymes share ~20% amino acid sequence identity, but the structural similarity is 

much higher. Figure 2.6 shows an alignment of E. coli AroA and MurA, which has an r.m.s. 

deviation of 2.76 Å over 391 α-carbon residues. 

 

 In addition to the conserved addition-elimination mechanism, the charged residues that 

define the PEP-binding pocket – and likely catalyse enolpyruvyl transfer – are highly 
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conserved between the two enzymes. AroA and MurA both undergo significant 

conformational changes upon binding their first substrate (S3P or UNAG, respectively) 

(Eschenburg et al., 2003). However MurA does not catalyse the AroA reaction, nor vice versa. 

 

The similarities and possibly shared heritage of AroA and MurA are important for human 

health because both enzymes act in essential microbial pathways that are absent in mammals. 

As detailed above, both enzymes have been targeted in drug discovery trials and there has 

been speculation about the potential for an inhibitor that could bind both enzymes 

(Eschenburg et al., 2003). An advantage of such a potential antimicrobial is that it would be 

vastly broad-spectrum (inhibiting AroA and MurA in all bacterial and AroA in fungal 

infections). Further, if two targets were to be inhibited by the same drug it would be more 

difficult for both to become insensitive to it, requiring beneficial mutations to rapidly evolve 

in two different genes.  

 

Jensen’s model for primordial metabolism (Fig. 1.1) and the IAD model for enzyme evolution 

suggest that the common ancestor of AroA and MurA would have displayed substrate 

ambiguity – to catalyse the reaction on S3P and UNAG – and maintained flux through both 

the shikimate and peptidoglycan pathways (Bergthorsson et al., 2007; Jensen, 1976). Gene 

duplication (Amplification in IAD) would have removed the selective pressure to maintain 

both functions in each gene copy. Accumulated mutations in the duplicated genes would have 

Figure 2.6.  AroA and MurA show striking structural similarity. E. coli AroA (green; 
pdb: 2AA9) and MurA (yellow; PDB: 3KQJ) with substrates bound were aligned in 
PyMol and gave an r.m.s. deviation of 2.76 Å. 
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led to a specialisation in enzyme substrate binding (Diversification), resulting in the specialist 

enzymes present in extant cells. Subclasses of AroA (Zhi et al., 2014) and MurA enzymes (Du 

et al., 2000a), in addition to the specialisation of NikO from MurA (Oberdorfer et al., 2012) 

provide evidence for past gene duplications in accordance with this model of AroA and MurA 

evolution. As both biochemical pathways are ancient (the shikimate pathway is present in 

prokaryotes, many eukaryotes and archaea; peptidoglycan is present in all prokaryotes with 

only a few exceptions), divergence from the common ancestor may have occurred within or 

soon after LUCA.  

 

2.1.4. Ancestral Sequence Reconstruction 
 

Although modern techniques can never recreate past evolutionary trajectories – like the 

divergence of AroA and MurA – with absolute certainty, there is a technique that allows 

prediction of ancient gene and protein sequences. Ancestral sequence reconstruction (ASR) is 

based on the assumption that extant proteins with similar sequences are likely descended 

from a common ancestor. ASR uses a combination of phylogenetic and computational 

methods to resurrect ancestral proteins from extant sequences (Thornton, 2004). Pauling and 

Zuckerkandl (1963) predicted the possibility of ASR around forty years before the first 

successful reconstructions in the 1990s. 

 

Also called “paleomolecular biochemistry” (Zhang and Rosenberg, 2002), ASR enables 

researchers to jump through time and through sequence space, avoiding the valleys in the 

protein sequence landscape to produce stable, functional ancestral proteins. This technique 

provides a useful tool for studying the facets of enzyme evolution both in relatively recent 

time periods (millions of years) and very ancient ones (billions of years). 

 

Enzymes resurrected through ASR have been used to trace evolutionary trajectories from a 

bifunctional ancestral enzyme exhibiting substrate ambiguity, similar to those leading to the 

modern specialised AroA and MurA enzymes. For instance, the reconstruction of ancient 

bacterial β-lactamases found that the reconstructed enzyme from a 3 billion year-old ancestor 

of Gram-negative and Gram-positive bacteria possessed a much broader substrate specifity 

than its extant descendent, the TEM-1 β-lactamase from E. cloacae (Risso et al., 2013).  



 26 

In an example of a more recent divergence, (Voordeckers et al., 2012) reconstructed the 

common ancestor of a number of α-amylase enzymes with distinct substrate specificities; the 

common ancestor exhibited activity towards a broad range of di- and tri-saccharide 

substrates. The authors noted that the age of the ancestral α-glycosidase, 119 million years, 

coincided with the time at which flowering plants are predicted to have become widespread 

(Friis et al., 2005). Ancestral yeasts were likely to have been colonising new environments at 

that time, and there was likely strong selective pressure to be able to utilise a range of new 

carbon sources. The reconstructed enzyme thus represents a point at which there was likely to 

have been a rapid burst of adaptive evolution in the yeast α-glycosidase lineage. 

Reconstruction of an ancestral alcohol dehydrogenase also supports a readjustment of yeast 

metabolism to coincide with the rise of flowering plants (Thomson et al., 2005). 

 

To investigate the shared history of AroA and MurA, this chapter describes the reconstruction 

of the ancestral enzymes predicted to have existed in the common ancestor of modern 

Streptococcus species using the Maximum Likelihood (ML) technique (Zhang and Nei, 1997). 

 

ML predictions require the gene and amino acid sequences for the protein of interest from a 

range of related species and from a more distantly related outgroup to form a gene tree (Fig. 

2.7). Each node represents the ancestor protein of the terminal sequences it leads to. Branch 

lengths indicate genetic distances (i.e. number of non-synonymous nucleotide or amino acid 

Genetic distances

Root

Outgroup

Extant sequences Internal nodes

Figure 2.7.  An example of a weighted gene 
tree for ancestral sequence reconstruction. 
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substitutions). The sequence of a chosen node is estimated with the ML algorithm using the 

tree topology and an appropriate model for the rate of substitution (Yang, 2007); each site in 

the sequence is assumed to evolve independently and can therefore be calculated separately. 

The algorithm calculates the likelihood of every possible sequence at every possible node. The 

resulting predictions for each internal node are the “best guess”: the ancestral sequence with 

the maximum statistical likelihood, given the substitution rate and tree topology, to evolve to 

the extant sequences (Thornton, 2004). 

 

The aim of the work described in this chapter was to learn about the shared evolutionary past 

of the AroA and MurA enzymes by using ASR to reconstruct the enzymes from the common 

ancestor of extant Streptococci. The Streptococcus genus contains many human and animal 

pathogens. Notable species include S. pneumoniae (the most common cause of pneumonia) 

and S. pyogenes, which leads to a number of diseases from innocuous skin rashes and throat 

infections to life threatening toxic shock syndrome and necrotising fasciitis. Species of this 

genus therefore represent a valid system to further explore drug targets AroA and MurA. 

 

The AroA and MurA enzymes from the Streptococci last common ancestor (LCA) were 

anticipated to provide evidence of their shared history. The presence of substrate ambiguity 

(i.e. AroA catalysing the MurA reaction and vice versa) and other shared characteristics in the 

reconstructed enzymes would represent a vestige of their shared origin. 
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2.2. Results 

2.2.1. Ancestral Sequence Reconstruction 
 

The AroA and MurA enzymes from the common ancestor of modern Streptococci were 

reconstructed using Maximum Likelihood. The ASR procedure was performed at Waikato 

University with the assistance of Dr. Joanne Hobbs.  

 

The ancestral enzymes were reconstructed based on amino acid and nucleotide sequences for 

AroA and MurA enzymes from 20 and 21 Streptococcus species, respectively (see 8.5 and 

Appendix I), in addition to two Bacillus species for an outgroup. As Streptococci species 

express two MurA paralogues (murA/mur1 and murZ/mur2/murAB), care was taken to avoid 

the murZ genes, because they diverged from a common murA/murZ ancestor prior to the 

LCA of Streptococci (Blake et al., 2009). Where the identity of the sequence was ambiguous, a 

BLAST search was used to confirm it (Basic Local Alignment Search Tool, 

http://blast.ncbi.nlm.nih.gov/Blast.cgi/Blast.cgi).  

 

A number of software packages were utilised to align the sequences, infer the most 

appropriate amino acid and nucleotide substitution models, build gene trees (Fig. 2.8) and 

infer the AroA and MurA sequences for the node representing the LCA of Streptococci. 

Ancestral AroA and MurA are henceforth referred to as aAroA and aMurA. Nucleotide, 

codon and amino acid sequences were inferred and combined (see 8.5) to give the final 

predicted sequences. The posterior probability (the likelihood that all the extant sequences 

could be explained by this nodal sequence) for each prediction is shown in Table 2.1. 

 
Table 2.1.  Ancestral sequence reconstruction of AroA and MurA from the last common ancestor of Streptococci. 
The nucleotide, codon and amino acid sequences of the ancestor were predicted using PAML (Yang, 2007). The posterior 
probabilities are shown for each prediction. The number of positions that were different with all three approaches 
(ambiguities) are shown. Pairwise identity to extant sequences was calculated with a CLUSTLW2 (Larkin et al., 2007) 
alignment in Geneious (Kearse et al., 2012). 

Enzyme 
Nucleotide 
Posterior 

Probability 

Codon 
Posterior 

Probability 

Amino acid 
Posterior 

Probability 

Number of 
ambiguities 

Pairwise identity 
to closest extant 

sequence 
aAroA 0.79 0.74 0.89 9 80%* 
aMurA 0.85 0.81 0.92 5 90%* 

* Compared to S. suis.  
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Figure 2.8. MurA and AroA gene trees. Trees (A: MurA; B: AroA) were generated with amino acid sequences in 
GARLI-1.0 (Bazinet et al., 2014). The bootstrap support for each node (consensus of 1024 runs) are shown. Branch 
length indicates genetic distances (substitutions per site). 
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The sequences of the ancestral enzymes are presented in Appendix II. aAroA shows amino 

acid sequence identities of 66-80% to the extant Streptococcus sequences (similarity: 80-91%). 

The aMurA numbers are higher: 78-90% identity, 86-95% similarity. aAroA and aMurA differ 

from the closest (S. suis) enzymes by 85 and 39 amino acids, respectively.  aAroA and aMurA 

are 33% identical.  

 

The Streptococcus phylogeny generated from the MurA sequences is more similar to 

published phylogenies based on rnpB (RNA subunit of endoribonuclease P) (Täpp et al., 

2003), rpoB (ribosomal protein) and cpn60 (chaperon protein) (Olson et al., 2013) and 16S 

RNA genes (Täpp et al., 2003), and genome alignments from the Pathosystems Resource 

Integration Centre (PATRIC (Wattam et al., 2014)). Both the AroA and MurA phylogenies 

correctly cluster S. pneumoniae with S. peroris, S. infantis, S. mitis, S. oralis and S. 

pseudopneumoniae; and S. pyogenes with S. uberis, S. equi equi and S. equi zooepidemicus. 

Analyses in (Olson et al., 2013; Täpp et al., 2003) both place S. mutans and S. suis on long 

branches separate from the other species of this study, also observed in Fig. 2.8. 

 

Dating the reconstructed nodes using PATHd8 (Britton et al., 2007) gave variable results, but 

the data in a benchmark publication (Battistuzzi et al., 2004) suggest that the last common 

ancestor of Streptococci was alive approximately 300 million years ago. 

 

2.2.2. Protein Expression and Purification 
 

The reconstructed Streptococcus ancestor genes were purchased from GeneArt Gene Synthesis 

(Life Technologies), with codon optimisation for expression in E. coli. 

 

AroA and MurA from the human pathogen S. pyogenes were also characterised to provide 

extant enzymes for comparison. S. pyogenes (py)AroaA and aAroA differ at 115 amino acid 

positions (27% of total); pyMurA and aMurA at 94 (22%).  

 

The aroA and murA genes were PCR-amplified from genomic DNA extracted (8.3 and 8.3.1) 

from S. pyogenes M1 cells kindly provided by Dr. John Hale (BLIS Technologies). The PCR 

primers were designed using the gene sequences obtained from NCBI (murA NC_003485; 
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aroA NC_008022). In order to clone the genes into an expression vector, the primers (Table 

8.3) had terminal overhangs to introduce recognition sites for the restriction endonucleases 

NcoI and PstI, at the 5' and 3' ends of the genes, respectively.  

 

The reconstructed and S. pyogenes genes were cloned into the IPTG-inducible expression 

vector pPROEX (Fig. 2.9 and Table 8.2; a gift from Prof. Vic Arcus, Waikato University), 

which was then used to transform electrocompetent E. coli MC1061 cells (8.2.4-5). The cells 

were grown and protein expression was induced as described in (8.4.1). 

The recombinant proteins were purified using affinity chromatography. The pPROEX 

plasmid (Fig. 2.9) encodes an N-terminal hexa-histidine (His6) tag; the properties of the His 

side chains are exploited in Immobilised Metal Affinity Chromatography, or IMAC (Porath et 

al., 1975). With this method, a protein expressed with a His6-tag can be purified from a mixed 

population of proteins in a single purification step. 

 

The AroA and MurA proteins were purified using the gravity-flow IMAC method (8.4.4) and 

TALON resin. TALON resin is decorated with Co2+ ions that become coordinated by the His6 

tag, resulting in the recombinant proteins becoming bound by the beads. Once untagged 

proteins were washed away, the desired protein was removed from the resin with the 

introduction of imidazole, which has a higher affinity for divalent metal ions.  

 

 

Figure 2.9.  Expression vector 
pPROEX. The pPROEX plasmid is 
shown with important genetic 
elements. The S. pyogenes aroA 
gene is shown in green. Primer pairs 
are shown in grey and red; relevant 
restriction endonuclease recognition 
sites are indicated in black. Figure 
created with SnapGene software 
(from GSL Biotech) and Adobe 
Illustrator CS5.0. 
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The proteins were purified to ≥95% homogeneity (Fig. 2.10), quantified and stored (8.4.5-6). 

They all have molecular weights of 48-49 kDa (Appendix III) and showed approximately the 

same mobility in SDS-PAGE as a 50 kDa molecular weight marker (Fig. 2.10). 

The primary sequences of aAroA and aMurA were used to predict the protein structures with 

Phyre (Protein Homology/analogY Recognition Engine) (Kelley and Sternberg, 2009). Both 

predicted structures conformed to the inside-out αβ-barrel fold and aMurA Cys 120 was 

positioned on a flexible loop like fosfomycin target Cys 115 of E. coli MurA (Skarzynski et al., 

1998).  

2.2.3. Enzyme Characterisation 

2.2.3.1. Phosphate Release Assay 
 

The activities of the AroA and MurA enzymes (ancestral and S. pyogenes) were characterised 

by means of a colorimetric assay which detects the release of phosphate during the reactions. 

Malachite green is a dye that, in the presence of ammonium molybdate, forms a complex with 

inorganic phosphate. This is accompanied with a change from orange to green, with the 

increase in absorbance at 620 nm linearly proportional to phosphate concentration (Fig. 2.11) 

(Baykov et al., 1988; Lanzetta et al., 1979). 
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Figure 2.10. Purified AroA and MurA enzymes. Proteins 
separated with SDS-PAGE with 5 µL of Precision Plus Protein Ladder.  
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The protocol used for this study combines malachite green, ammonium molybdate and 

stabilising detergent Tween-11 to form Lanzetta reagent (Baykov et al., 1988). The end-point 

assay was performed in 96-well format and is described in full in section 8.6.1. 

 

The addition of Lanzetta reagent halts the enzyme reaction and sequesters the phosphate from 

solution. Inorganic phosphate is a common contaminant in water and plastics and therefore 

great care was taken to reduce external sources of phosphate (8.6.1). As the substrates, 

UNAG, PEP and S3P, are all phosphorylated and < 100% pure, each assay was run with blanks 

lacking enzyme to control for background phosphate. 

 

A phosphate standard curve performed with KH2PO4 is shown in Fig. 2.11; the slope of the 

curve was used to determine the concentration of product formed in the assay. 

 

2.2.3.2. The AroA Substrate 
 

The substrate for the AroA reaction, shikimate 3-phosphate, is prohibitively expensive  

(~NZ$350 for 1 mg; Sigma-Aldrich Co. LLC.). Shikimate 3-phosphate was kindly provided by 

Tifany Oulavallickal of Waikato University, who synthesised it from shikimate (100-fold more 

affordable) with E. coli AroK. AroK (shikimate kinase, E.C. 2.7.1.71) catalyses the fifth step in 

the shikimate pathway, directly before AroA (Fig. 2.12) (Maeda and Dudareva, 2012).  
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Figure 2.11. Example standard curve of inorganic phosphate (Pi) detected with Lanzetta reagent. Standard 
curve was created with a dilution series of KH2PO4. Data were analysed in Prism GraphPad. 
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Figure 2.12. AroK catalyses the formation of AroA substrate, shikimate 3-phosphate. 

 

The purity of the compound was determined enzymatically (8.6.1.1).  

 

2.2.3.3. A Test for Promiscuous Activity 
 

Both reconstructed enzymes, along with extant pyAroA and pyMurA, were reacted in the 

presence of UNAG and S3P (with PEP). The aims of the experiment were to (1) confirm the 

activities of the extant enzymes; (2) measure the activities of the ancestral enzymes; and (3) 

determine whether the ancestral enzymes exhibited substrate ambiguity. 

 

 

Figure 2.13 shows the results of the activity assays. Both AroA enzymes showed activity with 

S3P, but not with UNAG. The reverse was true for the MurA enzymes: both were active with 

UNAG but not with the alternative substrate S3P. This test confirmed that both the                 
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Figure 2.13. Extant and ancestral enzymes are active but not promiscuous. A. A malachite green assay was 
used to test for enzyme activity. Enzymes (100 nM) were incubated with 1 mM substrate (S3P/UNAG and PEP). 
Reactions were incubated for 15 minutes at 30°C before Lanzetta Reagent was added. Dark green confirms 
phosphate is released in the reaction (compare to buffer control wells). B. Enzyme activity was quantified by 
absorbance at 620 nm. Error represents standard error of the mean (SEM) of technical triplicates. * p <0.05 from 
a 2-tailed T-test, performed with Prism GraphPad. 
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S. pyogenes enzymes were active towards their native substrates but do not exhibit substrate 

ambiguity, conforming with all other examples in the literature (Eschenburg et al., 2003). The 

results also showed that both of the reconstructed ancestral enzymes were active, but showed 

similar substrate specificity to the extant enzymes. 

2.2.3.4. Phosphate Release Assay Optimisation  
 

The malachite green assay was optimised to find the assay duration (8.6.1.2) and optimal 

temperature (8.6.1.3) for each of the four enzymes. 

 

Due to the format of the 96-well end-point assay, it was important to determine the optimal 

incubation time, in order to halt the reactions before substrate was exhausted, allowing 

differences in initial rate (V0) at a range of substrate concentrations to be determined. 

Therefore, the optimal reaction times were determined for all four enzymes (Fig. 2.15 and 

section 8.6.1.2). 

 

Figure 2.14. Optimisation of end-point assay times. Reactions were performed with 100 nM enzyme, 200 µM UNAG 
and 2 mM PEP (A, MurA) or 500 µM S3P and PEP (B, AroA) (methods). Error: SD biological duplicates.  
 

Points on the initial linear portion of the curve (Fig. 2.14) were chosen for the assay time: 1.5 

minutes for aMurA; 4 minutes for PyMurA; 2 and 10 minutes for aAroA and PyAroA, 

respectively. The differences between the enzymes reflect different turnover rates. 
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The enzymes were similarly assayed to determine the optimal assay temperatures for each 

(Fig. 2.15 and section 8.6.1.3). 

 

 
Figure 2.15. Optimisation of assay temperatures. Reactions were performed with 100 nM enzyme at varying 
temperatures. MurA (A) 200 µM UNAG and 2 mM PEP; AroA (B) 100 µM S3P and 100 µM PEP for 1 minute. Error: SD from 
technical triplicate. 

 

The temperature optima were determined to be 30°C for pyMurA and 37°C for aMurA, 

aAroA and PyAroA.  

 

Once the assay was optimised, enzymes were assayed at Topt for the pre-determined period of 

time. Each enzyme was assayed at varying PEP concentrations (with saturating UNAG or 

S3P) to determine the Michaelis constant (KM); KM values for UNAG and S3P (as appropriate) 

were similarly estimated with a constant PEP concentration (8.6.1).  
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2.2.4. MurA and AroA Kinetic Parameters 
 

The ancestral MurA enzyme exhibited superior kinetics to the extant S. pyogenes enzyme. 

aMurA displayed significantly lower KM values for both UNAG and PEP and a three-fold 

increased kcat (Table 2.2). Therefore the aMurA catalytic efficiency was 23- and 19-fold higher 

than pyMurA for UNAG and PEP, respectively.  

 
Table 2.2. MurA enzyme kinetics. 

Enzyme k cat (s-1) K M UNAG 
(µM) 

K M PEP 
(µM) 

k cat/K M UNAG 
(s-1. M-1) 

% of 
pyMur

A 

k cat/K M PEP 
(s-1. M-1) 

% of 
pyMurA 

pyMurA 0.40 ± 0.24 160 ± 20 110 ± 20 2.5 ×103 100 3.7 × 103 100 

aMurA 1.2 ± 0.2 21 ± 2 17 ± 1 5.8 × 104 2300 7.1 × 104 1900 
 

The differences between the extant and ancestral AroA enzymes were less pronounced. There 

were no statistically significant differences between the KM values for either substrate, but 

aAroA did show a two-fold higher kcat (Table 2.3). The difference in catalytic efficiency was 

modest, but the aAroA values were greater than pyAroA. 

 
Table 2.3. AroA enzyme kinetics. 

Enzyme k cat (s-1) K M S3P  
(µM) 

K M PEP 
(µM) 

k cat/K M S3P 
(s-1. M-1) 

% of 
pyAroA 

k cat/K M PEP 
(s-1. M-1) 

% of 
pyAroA 

pyAroA 0.45 ± 0.13  17 ± 5 56 ± 8 2.7 × 104 100 6.7 × 103 100 

aAroA 1.1 ± 0.1  19 ± 1 90 ± 30 5.7 × 104 220 1.1 × 104 170 
 

2.2.5. AroA and MurA Inhibition 
 

Due to the interest in both AroA and MurA for drug discovery studies, the extant and 

ancestral enzymes were assayed to determine whether they exhibited inhibition with the 

MurA inhibitor fosfomycin or the AroA inhibitor glyphosate.   

 

The four enzymes were first tested for activity in the presence of the antibiotic fosfomycin. 

Figure 2.16 shows an initial colorimetric test (8.6.1.4). Both of the MurA enzymes – extant 

and ancestor – were inhibited by fosfomycin, showing no sign of green product (Fig. 2.16 A). 
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This confirms that sensitivity to fosfomycin is conserved through the Streptococcus MurA 

enzymes and that it is an ancient trait. However, 1 mM fosfomycin failed to inhibit either of 

the AroA enzymes (Fig. 2.16). This is in accord with previously characterised AroA enzymes. 

 

Following the initial test of fosfomycin inhibition, the MurA half maximal inhibition 

concentrations (IC50) were calculated (Fig. 2.17 and Table 2.4). IC50 is the most commonly 

used method to assess the effect of fosfomycin on MurA. As fosfomycin binding has been 

shown to be enhanced in the presence of UNAG (Skarzynski et al., 1996), the assay was 

performed first with a pre-incubation with UNAG and fosfomycin (reaction initiated by PEP, 

Fig. 2.17 A) and then with PEP and fosfomycin (initiated by UNAG, Fig. 2.17 B). 
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Figure 2.17. MurA inhibition by fosfomycin. A. The enzyme (100 nM) was pre-incubated with fosfomycin 
and UNAG prior to reaction initiation by PEP; the reactions were pre-incubated with PEP and initiated 
with UNAG in (B). Green: aMurA; blue: PyMurA. Error standard deviation of ≥ 3 technical replicates.  

Figure 2.16. Both extant and ancestral MurA enzymes are inhibited by fosfomycin; AroA is not. A fosfomycin 
test 96-well assay (A) was detected via absorbance at 620 nm (B).  The reactions contained 100 nM enzyme, 
saturating substrates and 1 mM fosfomycin. A positive activity control contained water instead of fosfomycin; 
when enzymes were inhibited by fosfomycin the green product was not formed. 
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This pre-incubation step led to a ~10-fold difference in IC50. When the enzymes were pre-

incubated with PEP, the IC50 was 12-13 µM and there was no significant difference observed 

between the ancestral and S. pyogenes MurA enzymes (Table 2.4), When the enzymes were 

pre-incubated with fosfomycin in the presence of UNAG, however, both IC50 values were 

decreased by greater than 10-fold (Table 2.4). This confirms that UNAG enhances inhibitor 

binding in these enzymes. Under the latter conditions aMurA was nearly 2-fold more 

sensitive to fosfomycin than its extant descendant, pyMurA.  

 
 

Enzyme Fosfomycin IC50 (µM) 
(pre-incubated with UNAG) 

Fosfomycin IC50 (µM) 
(pre-incubated with PEP) 

aMurA 0.59 (± 0.02) 13 (+3.3/-2.3) 

PyMurA 1.1 (+0.07/-0.05) 12 (+3.3/-2.2) 
 

The AroA and MurA enzymes were then tested for sensitivity towards the AroA-specific 

inhibitor glyphosate.  As before, simple test incubations were performed first (Fig. 2.18 A and 

B).  Both AroA enzymes were inhibited with a glyphosate concentration of 7 mM, but the 

MurA enzymes were not. However, when the concentration was increased to 20 mM 

inhibition was observed in both MurA enzymes as well (Fig. 2.18 C and D).  

Table 2.4. MurA inhibition by fosfomycin. The half maximal inhibitory concentration (IC50) values for 
MurA enzymes with fosfomycin under different conditions.  
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Figure 2.18. Glyphosate inhibits AroA and, at high concentrations, MurA. A & B. Enzymes were tested for 
inhibition in the presence of 7 mM glyphosate. C & D. pyMurA and aMurA were inhibited by 20 mM 
glyphosate. All assays contained 100 nM enzyme, saturating substrates and were incubated for 10 minutes at 
30°C in technical triplicate. Error bars represent SEM. 
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Glyphosate inhibition was further characterised with the IC50 values. Figure 2.19 shows that 

the AroA enzymes conformed to the model (Fig. 2.19 A), but the MurA values (Fig. 2.19 B) 

could not be satisfactorily fitted to the IC50 model with Prism GraphPad and were instead 

estimated with a Sigmoidal function. The estimated values are shown in Table 2.5. 

 
Table 2.5. Inhibition by glyphosate. The IC50 values for AroA enzymes (calculated) and MurA enzymes (estimated). Error 
is SEM of two biological duplicates. Values were calculated using Prism GraphPad. 

 pyAroA aAroA pyMurA aMurA 

IC50 (mM) 0.54 ± 0.05 1.5 ± 0.2 9.3 ± 0.3 10 ± 0.1 
  

Figure 2.19.  Quantification of AroA and MurA inhibition by glyphosate. A. Glyphosate inhibition of AroA 
enzymes. Assays were performed with 100 nM enzyme and saturating substrate. B. Glyphosate inhibition of MurA 
enzymes. Error represents standard deviation of technical triplicates. Data processed with Prism GraphPad. 
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2.3. Discussion 

2.3.1. aMurA and aAroA 
 

In this study, two core metabolic enzymes predicted to have been present in the LCA of 

Streptococcus species, approximately 300 million years ago, have been resurrected and 

characterised.  Despite differing from their closest descendants in S. suis by 39 (aMurA) and 

85 (aAroA) amino acid substitutions, both of the ancestral enzymes were soluble, active and 

exhibited catalytic efficiencies comparable to previously characterised enzymes.  

 

This is of particular note because protein engineering typically deals with the effects of only 

one or several amino acid changes (see Chapters Three – Six), and the majority of point 

mutations have a destabilising effect on protein folding (Tokuriki et al., 2007). It is a 

particular strength of the ASR technique that so many changes can be introduced without 

negatively affecting the stability or function of the proteins. In an example of a different way 

to simulate natural diversity acquired through recombination, a chimeric AroA-M1, formed 

from DNA shuffling of E. coli and Salmonella enterica sequences, has been shown to have a 6-

fold decreased KM for PEP and a 5-fold increased Ki (inhibition constant) for glyphosate (He 

et al., 2001). The enzymes generated through ASR, however, represent the best prediction of 

the enzyme sequences from the past. 

 

Both aAroA and aMurA exhibited higher catalytic efficiencies than descendant enzymes from 

S. pyogenes. aMurA activity with UNAG was also an order of magnitude better than the MurA 

enzymes from S. pneumoniae (Du et al., 2000b) a and the related species, Staphylococcus 

aureus (Blake et al., 2009). AroA characterised from S. pneumoniae under different ionic 

conditions, however, showed turnover rates between 2 – 12 s-1 and therefore catalytic 

efficiencies for PEP and S3P at least an order of magnitude greater than pyAroA and aAroA 

(Table 2.3) (Du, 2000b).  

 

The superior activity of aMurA compared to MurA enzymes from extant related species 

provides support for the Activity Threshold theory for enzyme evolution that postulates that 

enzyme function likely evolved in early “rapid bursts”, reaching high catalytic efficiency early 

in the history of life (Newton et al., 2015). The model predicts that many core metabolic 
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enzymes are kinetically inferior to their ancestors expressed in long-extinct organisms. 

According to the Activity Threshold model (Newton et al., 2015), an enzyme exhibiting a 

catalytic efficiency excessive to the minimal requirements of metabolism is under no selective 

pressure to maintain activity, leading to a reduction in activity (illustrated in Fig. 1.2 C).   

 

aAroA, unlike aMurA, did not show significantly different kinetic to parameters to extant 

pyAroA and showed a poorer turnover rate than S. pneumoniae AroA. It can therefore be 

argued that the activities of aAroA and pyAroA are both close to the Activity Threshold to 

maintain flux through the shikimate pathway in their respective organisms. If the catalytic 

efficiency of an enzyme decreases below the Activity Threshold, then it becomes the weak link 

in metabolism (i.e. becomes rate-limiting to cell growth and replication) and subject to 

selective pressure to improve activity again (Newton et al., 2015). If this is the case then it 

explains why AroA activity did not significantly reduce in the lineage between the LCA of 

Streptococci and S. pyogenes. The greater catalytic efficiency exhibited by S. pneumoniae is 

due, in part, to the presence of activating ions (NH4+ and K+) in the assay (Du et al., 2000a) 

making a direct comparison between the it and this study deceptive. However, an elevated 

kcat/KM could indicate that the Activity Threshold for AroA activity could have increased in                 

S. pneumoniae relative to the Streptococcus LCA due to an increased requirement for aromatic 

metabolites (Newton et al., 2015). 

 

Both aAroA and aMurA were maximally active at 37°C, which suggests the LCA of the 

Streptococci may have been a mesophile. aMurA was shown to be active across a broader 

range of temperatures than pyMurA (Fig. 2.15). Although concerns have previously been 

raised about the propensity of ML methods to over-estimate the temperature optima and 

thermostability of reconstructed enzymes (Williams et al., 2006), this does not appear to be 

the case in the current study. 

 

The inhibition data (Fig. 2.16 and 2.18) confirmed that the reconstructed enzymes exhibit the 

same sensitivity to established inhibitors as the extant enzymes. It was not surprising that 

aMurA was inhibited by fosfomycin, due to its mechanism of action. As stated above, 

fosfomycin binds in place of PEP and forms a covalent adduct with an active site Cys residue 

(Kim et al., 1996). The Streptococci MurA sequences used for the reconstruction (Fig. 2.8 and 
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Appendix I) all have the conserved Cys residue: position 120 in S. pyogenes and aMurA. The 

conservation of the active site Cys indicates that these species are unlikely to have 

encountered fosfomycin as a natural antibiotic, or there would have been selective pressure to 

substitute the target Cys residue (e.g. with Asp as in M. tuberculosis (Castañeda-García et al., 

2013)). 

 

The results in Table 2.4 and Fig. 2.17 confirm that fosfomycin binding is enhanced in the 

presence of UNAG. The IC50 values for both enzymes were ~10-fold higher when they were 

pre-incubated in the presence of PEP (Table 2.4), likely because the enzymes formed a 

covalent adduct with PEP that prevented inhibitor binding (Zhu et al., 2012). UNAG removes 

the intracellular inhibitor UNAM (product of MurB, which has been shown to persist in the 

active site through protein purification steps) (Mizyed et al., 2005; Zhu et al., 2012), and 

induces a conformational change that remodels the active site and promotes PEP – or, in this 

case, fosfomycin – binding. This explains why both MurA enzymes were more sensitive to 

fosfomycin when pre-incubated with it and UNAG (Table 2.4). These latter IC50 values agree 

with others in the literature, which range from 0.6 µM for E. coli (Miller et al., 2010) to 40 µM 

for Haemophilus influenza (Jin et al., 2009). 

 

It is interesting that, when pre-incubated with UNAG, aMurA was observed to be almost two-

fold more sensitive to fosfomycin than pyMurA. However, this is likely to be a result of the 

reconstructed enzyme having a ~five-fold greater affinity for PEP (of which fosfomycin is an 

analogue) (Table 2.2), rather than selective pressure to reduce sensitivity in the extant enzyme.  

 

 The AroA IC50 values for glyphosate (aAroA 1.5 mM; pyAroA 0.54 mM) are high compared 

to those reported for other AroA enzymes (50 µM E. coli (Haghani et al., 2008); 456 µM B. 

cereus (Tian et al., 2013); 9 µM Oryza sativa (rice) (Zhou et al., 2006); 328 µM 

Halothermothrix oreni (Tian et al., 2012)). This could indicate that Streptococci express a 

subtype of AroA that is less sensitive to the inhibitor (Zhi et al., 2014) and could in fact 

present useful subjects for studying glyphosate resistance.  

 

This is the first reported example of a MurA enzyme being inhibited by glyphosate. As the 

estimated IC50 values for pyMurA and aMurA are as much as three orders of magnitude 
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higher than those reported in the literature for AroA enzymes, this could simply be because 

previous studies have not saturated the enzymes with as much glyphosate as they were here. 

The MurA enzymes were not inhibited at physiologically-relevant concentrations; for 

instance, E. coli G96A mutant, which is classed as glyphosate-insensitive is reported to have 

an IC50 of >10 mM (Haghani et al., 2008). However, the predicted MurA IC50 values in Table 

2.5 were only ~ten-fold higher than those for the AroA enzymes. MurA might exhibit a 

different mode of inhibition with glyphosate than AroA, which could explain the different 

inhibition curve in Fig. 2.19.  

 

The confirmation that MurA from pathogenic S. pyogenes exhibits (albeit low) inhibition in 

the presence of established AroA inhibitor, glyphosphate, suggests that it might be possible to 

find a broad-spectrum antimicrobial with the ability to bind and inhibit both MurA and 

AroA. This trait could be a vestige of a shared heritage with AroA or simply due to a similar 

active site and reaction mechanism. 

 

2.3.2. Ancestral Sequence Reconstruction  
 

The Streptococci AroA and MurA trees created in this study showed different topologies and 

branch lengths despite representing reconstructions from the same hypothetical ancestor (Fig. 

2.8). Some of the bootstrap percentages for the internal nodes were very low, suggesting a low 

level of confidence due to high conservation of protein sequences between closely related 

species. These issues could likely have been addressed with the use of new species tree-aware 

gene trees (Groussin et al., 2015). With the new technique, a species phylogeny constructed 

from concatenated gene sequences for ribosomal proteins is used to reconcile the gene tree to 

help resolve ambiguities and improve accuracy. The differences in the trees could be due to 

biological events such as horizontal gene transfer, leading to the gene trees to have a different 

branch order than established Streptococcus phylogenies (Täpp et al., 2003). A “clustering” 

effect caused by mis-sampling the Streptococcus tree with many closely related species present 

and many other ones missing (due to the abundance of sequences for human pathogens) 

could also have affected the reconstruction; an issue also addressed by the new species-aware 

gene tree software (Groussin et al., 2015). In the three years since the AroA and Mura 

reconstructions were performed, sequences from a wider range of Streptococcus species have 
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likely becomes available. The inclusion of enzyme sequences from a greater diversity of 

organisms could improve the tree accuracy. 

 

Another potential source of error is the presence of two MurA subtypes in the Streptococcus 

genus and other Gram-positive bacteria (Blake et al., 2009; Du et al., 2000a). The two enzymes 

are the products of a gene duplication event prior to the divergence of Streptococcus and 

Staphylococcus. MurA and MurZ exhibit redundancy in function and similar sensitivities to 

fosfomycin, although their expression and activity levels differ. However, the genes are 

typically annotated murA/murA1 and murZ/murA2/murAB (Blake et al., 2009) and care was 

taken to only include murA in this study. 

 

2.3.3. AroA and MurA Evolution 
 

This study has emphasised the high level of conservation and the antiquity of AroA and 

MurA.  

 

AroA appears to be the older of the two functions. The enzyme is conserved in all three 

domains of life (with notable exceptions including metazoans) and was therefore likely to be 

present in LUCA (Richards et al., 2006; Zhi et al., 2014). Transferases have been predicted to 

be among the most basic biochemical repertoire of a proto-cell (Goldman et al., 2010); 

although the metabolism of LUCA is highly debated it is likely to have been complex 

(Glansdorff et al., 2008).  

 

MurA function, while ancient, is likely to have arisen more recently than AroA. MurA 

catalyses the first committed step in peptidoglycan biosynthesis, which is unique to bacteria. 

Some archaea have cell walls comprised of pseudopeptidoglycan, which has a similar structure 

and function to peptidoglycan, but fundamental differences in its biochemistry and synthesis 

contradict a shared origin. Pseudopeptidoglycan is insensitive to lysozyme and related 

hydrolases and contains cell wall proteins unrelated to those in bacteria (Visweswaran et al., 

2011). The bacterial and archaeal cell walls are therefore thought to have arisen independently 

through convergent evolution (Hartmann and König, 1990). It follows that MurA and other 

peptidoglycan biosynthetic enzymes are absent from archaea and eukaryotes. The most 
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parsimonious explanation is that MurA function arose in bacteria after they diverged from 

LUCA; alternatively, divergence prior to LUCA could have been followed by a loss in the LCA 

of Archaea and Eukarya.  

 

Evidence for a common ancestor of AroA and MurA can be found on the Pfam server (Finn et 

al., 2014), which clusters MurA sequences within a larger phylogeny of AroA sequences: 

supporting the hypothesis that AroA is the more ancient function. AroA and MurA appear to 

conform to Jensen’s theory for evolution within primordial metabolism (Fig. 1.1 B, pp. 5). A 

hypothetical common ancestor enzyme might be predicted to have exhibited relaxed substrate 

specificity and been able to catalyse the addition of an enolpyruvyl moiety to both S3P and 

UNAG. As the shikimate but not the peptidoglycan biosynthetic pathway is predicted to have 

been necessary in LUCA, there would have been selection pressure to maintain and improve 

function with S3P (AroA). Activity with UNAG may have been a weak promiscuous function 

that was not physiologically relevant.  

 

LUCA may represent a heterogeneous population of membrane-bound cells (Sojo et al., 2014) 

that were able to undergo fusion (Vesteg and Krajcovic, 2008). The ability to synthesise cell 

wall components, and thus prevent fusion, may have triggered the divergence of the bacterial 

lineage (Vesteg and Krajcovic, 2008) and MurA could have played a role. Selective pressure to 

improve the MurA function of the enzyme (e.g. competition leading to selection for a 

protective cell wall) could have led to duplication of the ancestral aroA gene and an 

accumulation of non-synonymous mutations could have improved MurA activity at the cost 

of AroA activity. Modern subclasses of AroA (Zhi et al., 2014) and MurA (Du et al., 2000b) 

are relics of previous such duplication events. A more recent duplication of MurA in the 

Streptomyces genus led to enolpyruvyyl transferase NikO, which acts in an antibiotic 

biosynthetic pathway and shows a high level of similarity with MurA (Oberdorfer et al., 2012). 

 

The time course during which the specialisation of the duplicated genes occurred cannot be 

predicted based on the present study (because 300 million year old reconstructions were not 

old enough), however the reconstruction of more ancient nodes, e.g. LCA of bacteria, could be 

predicted to yield promiscuous AroA and MurA ancestors. 
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According to the enzyme Activity Threshold model, the specialisation of MurA function 

under strong selective pressure might necessarily have been rapid (Newton et al., 2015). In 

this scenario the trade-off in functions might have quickly abolished promiscuous activity in 

both enzymes as seen today, leaving little trace in ancient descendants of LUCA. 

 

This study has confirmed that AroA and MurA are ancient enzymes that diverged a long time 

before the LCA of Streptococci: neither of the reconstructed enzymes exhibited detectable 

substrate ambiguity. MurA inhibition by glyphosate has been demonstrated for the first time. 

The 20-fold greater catalytic efficiency of aMurA compared to extant pyMurA suggests the 

enzyme has experienced a reduction in activity since the LCA of Streptococci, approaching a 

theoretical enzyme Activity Threshold (Newton et al., 2015).  

 

 

 



 49 

     

 

 

 

 

 

3. THREE 
Characterisation of HisA from Salmonella enterica 
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3.1. Introduction 
 

In the previous chapter, ASR was used to explore protein function and substrate specificity by 

looking backwards through time. In the current chapter, the focus will shift to the present 

with the characterisation of an extant enzyme with an ancient past. Subsequent chapters will 

‘look forwards’ by tracing the evolution of substrate specificity with an exploration of 

sequence space and protein structure. 

 

The model enzyme is HisA (N-(5'-phospho-L-ribosyl-formimino)-5-amino-1-(5'-

phosphoribosyl)-4-imidazolecarboxamide (ProFAR) isomerase), which exhibits the (βα)8-

barrel protein fold that is predicted to have existed before LUCA. 

3.1.1. (βα)8-Barrels: Structure and Evolution 
 

The (βα)8-barrel is  one of the most ubiquitous fold in the known protein universe (Gerlt, 

2000). Proteins exhibiting the fold are typically enzymes and show a large degree of functional 

diversity: around 10% of all enzymes have the fold (Sillitoe et al., 2013). The (βα)8-barrel clan 

on the Pfam server includes 57 functionally-diverse superfamilies (clades of proteins that are 

predicted to have diverged from a common ancestor) (Finn et al., 2014). This pervasiveness 

has led to the prediction that the (βα)8-barrel is one of the oldest protein folds (Nagano et al., 

2002). (βα)8-Barrel enzymes are not only included in five of the six primary classes of enzyme 

(as classified by the Enzyme Commission (Nagano et al., 2002)), but can also catalyse all of the 

ten “most ancient” reactions, prior to LUCA (Goldman et al., 2012). Shared characteristics of 

extant (βα)8-barrel proteins have been used as evidence for descent from a common (βα)8-

barrel ancestor through divergent evolution (Gerlt, 2003; Nagano et al., 2002). A recent 

phylogenetic study was able to link 30 of the 33 (βα)8-barrel superfamilies to a proposed 

common ancestor (Farías-Rico et al., 2014). 

 

The typical (βα)8-barrel is ~250 residues and its structure is characterised by eight β-strands 

and eight α-helices, which alternate in the secondary structure. In the tertiary structure, the 

eight β-strands form a parallel β-barrel in the centre of the fold and amphipathic α-helices 

surround them to form the protein exterior (Banner et al., 1975). The most hydrophobic part 

of the fold is the interface between the β-barrel and the α-helices. This core region of the 
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(βα)8-barrel is stable, conserved and sensitive to mutation (Silverman et al., 2001). (βα)8-

Barrels can comprise single domain proteins or may form parts of larger, more complex 

proteins (Wierenga, 2001). The first (βα)8-barrel to be characterised structurally was 

triosephosphate isomerase (TIM), which catalyses the fifth step of glycolysis (Albery and 

Knowles, 1976b); its structure is represented in Fig. 3.1. 

The substrate-binding pocket is formed at the C-terminal ends of the β-strands (at the top of 

the structure in Fig. 3.1 A) and the catalytic residues tend to be positioned within the pocket 

or on the flexible loops of variable length which decorate the top of the barrel (each linking a 

β-strand to an α-helix). A large subset of (βα)8-barrel proteins bind substrates with at least one 

phosphate moiety. For instance, the C-terminal phosphate binding pocket, formed by βα 

loops 7 and 8 and often a small additional α-helix, 8', was shown to be conserved in 4 of the 18 

(βα)8-barrel families (21/127 non-redundant proteins) surveyed by (Nagano et al., 2002). The 

loops at the N-terminal ends of the β-strands (linking an α-helix to a β-strand) are 

comparatively short and are important for the overall stability of the barrel (Höcker et al., 

2001a). 
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Figure 3.1. Structure of a typical (βα)8-barrel: triosephosphate isomerase from Gallus gallus (PDB: 8TIM). A. The 
barrel from the side with the βα loops forming the catalytic face on top and the αβ loops on the bottom aiding 
stability of the barrel. B. The catalytic face showing the flexible βα loops; the secondary structure elements forming 
the barrel are numbered. β-strands are shown in dark blue; α-helices in cyan. 
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The (βα)8-barrel fold supports a large diversity of activities because the residues responsible 

for function, positioned on the βα flexible loops, can tolerate extensive mutation without 

affecting the rest of the protein (Höcker et al., 2001a). Both modelling and experimental 

studies have shown that variation in the sequence and length of the loops has little effect on 

the stability of the fold (Ochoa-Leyva et al., 2009; Urfer and Kirschner, 1992). Transplantation 

of βα loops (within and between related proteins) has been shown to alter the function of 

(βα)8-barrel, TrpF (Ochoa-Leyva et al., 2011). This separation of catalytic and structurally 

important residues (“polarity”) increases the evolvability of (βα)8-barrel proteins; loop regions 

evolve faster than the structurally-constrained core regions (Dellus-Gur et al., 2013; Tóth-

Petróczy and Tawfik, 2014). These characteristics also make the fold ideal for protein 

engineering (Höcker, 2012), because functional changes can be introduced without reducing 

the stability of the protein. 

 

Symmetrical proteins, with folds comprised of repeating structural units – such as the βα 

elements of a (βα)8-barrel – are proposed to have evolved through a series of duplication and 

fusion events (Fig. 3.2) (Höcker, 2014). According to this model, the common ancestor of 

extant (βα)8-barrels may have been a population of different barrel subdomains that 

assembled upon expression to produce a large variety of enzymes from relatively few genes 

(Setiyaputra et al., 2011). Over time, through gene duplication and fusion, the partial barrels 

ultimately became fused together. 

 

As a vestige of the origin of the fold, extant (βα)8-barrel proteins exhibit two- and often four-

fold symmetry between the four (βα)2 quarter-barrel subdomains (Höcker et al., 2001a). 

Enzymes that bind bisphosphate ligands have been observed to have preserved a very high 

degree of symmetry. The two halves of the Thermatoga maritima (Tm)HisF (which acts in 

histidine biosynthesis) structure can be overlaid with an r.m.s. deviation of just 1.58 Å over all 

α-carbons (Lang et al., 2000). In a 2001 study, the TmHisF barrel was cleaved in half: the (βα)4 

half barrels were expressed (insolubly) and upon refolding successfully assembled into dimers, 

i.e. functional (βα)8-barrels (Höcker et al., 2001b). Further studies found that the TmHisF half 

barrel could associate with half barrels from the closely related TmHisA (Höcker et al., 2004) 

and, with the distinct flavodoxin-like fold, TmCheY (Bharat et al., 2008). A comparison of 
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these two superfamilies led to the conclusion that the (βα)2 quarter barrel was the “minimal 

evolutionary unit” (Farías-Rico et al., 2014). 

Stable subdomains have also been generated for the (βα)8-barrel TrpF, that acts in tryptophan 

biosynthesis. Despite a lack of distinctive two-fold symmetry in the full barrel structure, a 

stable (βα)3-6 half barrel of E. coli (Ec)TrpF has been generated (Akanuma and Yamagishi, 

2008). It existed in an equilibrium of half-barrel monomers and full-barrel homodimers. 

Another study found that a truncated EcTrpF three-quarter barrel ((βα)1-5β6) formed a stable, 

native-like structure in solution (Patrick and Blackburn, 2005; Setiyaputra et al., 2011). Other 

studies have found that the TrpC (another (βα)8-barrel in Trp biosynthesis) folding pathway 

proceeds via a semi-stable partial barrel intermediate (Forsyth and Matthews, 2002; Sánchez 

del Pino and Fersht, 1997).  

 

The diversification of enzyme function through swapping of βα subdomains has been 

observed in human (βα)8-barrel proteins in a recent analysis of exon shuffling (Ochoa-Leyva 

et al., 2013). Together with the studies above, this supports the theory that – although the βα 

subdomains present in the modern (βα)8-barrel fold might share a common ancestor – the 

(βα)8-barrel enzymes of today are likely the product of convergent evolution. An ancient pool 

of diverse partial barrel structures (or “quasi-species” (Eigen et al., 1988)) could have 

assembled to form stable homo- or hetero-oligomeric full barrels supporting a large variety of 

Figure 3.2.  Arranging segments of an orange: proposed evolution of the (βα)8-barrel  fold from smaller 
subdomains. Extant (βα)8-barrels are proposed to have evolved from a population of diverse partial (βα)8-barrel 
subdomains. Each structural segment represents a βα structural motif. Partial barrels assembled into full barrels. 
Selective pressure would have led to the duplication and gene fusion to produce genes encoding functional full 
barrel proteins. 

βα Duplication

Diversification

Assembly

Population of quarter barrels Functional full barrels

TrpF

HisA/HisF

Gene fusion
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functions (Fig. 3.2). For instance, highly symmetrical HisF could have originally existed as a 

homodimer of two identical half barrels; TrpF, on the other hand, could have formed through 

the association of a stable three-quarter barrel with a quarter barrel (Setiyaputra et al., 2011).  

Hetero-oligomerisation with different subdomains could have led to the birth of more diverse 

protein folds (Setiyaputra et al., 2011). Gene duplication and fusion events would have 

followed, under selection for function, leading to a rapid evolution of protein structure and 

metabolic function.   

 

Due to their long history and high evolvability, extant (βα)8-barrels can provide interesting 

insight into the evolution of protein fold and of enzymatic function, both in the past and the 

future.  

 

3.1.2. HisA and HisF 
 

HisA and HisF are two enzymes commonly cited in studies of (βα)8-barrel evolution. Both act 

in the histidine biosynthetic pathway, which is predicted to have been present in its entirety 

prior to LUCA (Fondi et al., 2009). The E. coli proteins share 22% identity and the two 

enzymes are thought to share a common ancestor, itself the product of a (βα)4 half-barrel 

duplication event (Fani et al., 1994; Fondi et al., 2009). HisA and HisF appear to conform to 

Horowitz’s hypothesis that biochemical pathways evolved in reverse: enzyme structure and 

ligand binding have been maintained, but catalytic function is altered (Horowitz, 1945). 

 

HisA and HisF catalyse sequential reactions in the pathway (Fig. 3.3). Both enzymes bind the 

common ligand PRFAR (phosphoribulosylformimino-5-amino-1-β-D-ribofuranosyl-

imidazole-4-carboxamide (AICAR)-phosphate), but catalyse different types of reaction (Fig. 

3.3). HisA is an isomerase; while HisF forms the synthase domain of heterodimeric IGP 

synthase (HisFH), combining PRFAR and the ammonium provided by the glutamine 

amidotransferase (HisH) subunit. The products of  IGP synthase are IGP (continues in His 

biosynthesis) and AICAR (purine biosynthesis) (Klem and Davisson, 1993). The TmHisF 

enzyme has been shown to exhibit low residual HisA function in vitro (Lang et al., 2000); 

HisA cannot catalyse the more chemically-difficult HisF reaction.  
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3.1.3. HisA 
 

The His biosynthetic pathway was one of the first metabolic pathways to be fully characterised 

(Martin et al., 1971). The pathway converts the initial precursors ATP and the common 

metabolic intermediate 5-phosphoribosyl 1-pyrophosphate (PRPP) into the final product His 

in ten enzymatic reactions, catalysed by the protein products of eight genes (Fig. 3.4) (Alifano 

hisG hisD hisC hisB hisH hisA

hisF

hisI

Enzymes for ProFAR synthesis Coupled enzymes for HisA assay Enzyme of interest

ATP
PRPP

histidine
G I I F/H B BC D DA

Figure 3.4. Histidine biosynthesis in S. enterica. Top: The S. enterica his operon. Adapted from BioCyc (Caspi et al., 
2014). Bottom: Basic schematic of the His biosynthetic pathway indicating the order of enzyme action. The turquoise 
enzymes, HisG and HisI, were used in this study for ProFAR biosynthesis; blue HisFH was used in the coupled enzyme 
assay to detect HisA activity. 
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et al., 1996). The genes are encoded in a biosynthetic operon and in S. enterica comprise a 

single transcription unit (Fig. 3.4) (Carlomagno et al., 1988).  

 

3.1.3.1. The HisA-Catalysed Reaction 
 

The HisA-catalysed isomerisation reaction has been determined to occur via general acid base 

catalysis (Henn-Sax et al., 2002) and is shown in Fig. 3.5. In the first step of the reaction, a 

general acid protonates the furanose ring oxygen, leading to breakage of the C5'-O bond and 

formation of a secondary imine (a Schiff base, also known as an immonium ion) intermediate. 

The furanose oxygen is thus converted to a hydroxyl group on C5'. The positive charge on the 

secondary imine renders the chemical structure unstable. In the next step, a general base 

abstracts a proton from C4', leading to the formation of an enol. Simultaneously, the C1'=N 

bond electrons migrate to the Schiff base N to remove the positive charge, yielding the 

enolamine form of PRFAR. The final ketoamine form of the product is generated by a 

spontaneous non-enzymatic step during which the C4' hydroxyl group is converted to a 

ketone and the alkene double bond is lost (Henn-Sax et al., 2002; Reisinger et al., 2012).  

 

A thorough characterisation of TmHisA was performed to identify key active site residues 

(Henn-Sax et al., 2002). Asp 8 was determined to be the general base: substitution to Asn 

abolished all activity. Substitution of Asp 127 to Asn reduced the catalytic efficiency of the 

enzyme by almost 8,500-fold and was therefore determined to be the general acid (Henn-Sax 

et al., 2002). Although many of the HisA and HisF studies cited above have been performed 

upon the T. maritima enzymes, the conclusions might not be appropriate to generalise to 

enzymes from other species. T. maritima is an anaerobic bacterial hyperthermophile and is of 

particular interest because it is one of the oldest (deepest branching) lineages of bacteria. It is 

therefore predicted to resemble the last common ancestor of bacteria (Blamey and Adams, 

1994). T. maritima is also predicted to have acquired a large proportion of its genetic material 

from the Archaeal domain, through horizontal gene transfer (Nelson et al., 1999). It is 

therefore hardly a “typical” bacterium. 
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Other than TmHisA, the only other HisA enzyme to have both its structure solved and 

kinetics characterised was from Corynebacterium efficiens. The enzyme has a comparable KM 

to TmHisA and a turnover rate almost two-fold slower. Though the structure has Asp residues 

that align with Asp 8 and Asp 127 of TmHisA, no mutagenesis was performed to confirm 

whether they are essential for catalysis. HisA enzymes from C. efficiens and other 

Corynebacterium species were studied because there is evidence that they have re-specialised 

from a recent, bifunctional ancestor that could catalyse the Amadori rearrangements in both 

the His and Trp biosynthetic pathways (i.e. the reactions catalysed by HisA and TrpF 

specialists in other species). Extant enzymes that have remained bifunctional, and thus have 

been named PriA (Phosphoribosyl isomerase A), have been characterised from 

Mycobacterium tuberculosis and Streptomyces coelicolor (Barona-Gomez and Hodgson, 2003; 

Due et al., 2011; Wright et al., 2008). The HisA enzymes from a small number of other species 

have been characterised either functionally or structurally (Table 3.1). 

 
Table 3.1. Previously characterised enzymes with HisA activity.  

Organism Enzyme Kinetic 
Characterisation Structure Reference 

Salmonella 
enterica 

HisA Limited No (Martin et al., 1971) 

Escherichia coli HisA Yes No (Henn-Sax et al., 2002) 
Thermotoga 
maritima 

HisA Yes Yes (Henn-Sax et al., 2002; Lang et 
al., 2000) 

Mycobacterium 
tuberculosis 

PriA Yes Yes (Due et al., 2011) 

Streptomyces 
coelicolor 

PriA Yes Yes (Barona-Gomez, 2003; Wright et 
al., 2004) 

Saccharomyces 
cerevisiae 

HIS6 No Yes (Fani et al., 1997; Quevillon-
Cheruel et al., 2006) 

Corynebacterium 
(various) 

subHisA Yes Yes (Noda-García et al., 2013) 

Campylobacter 
jejuni subsp. 
jejuni 

HisA No Yes Unpublished. PDB: 4GJ1 

Streptomyces 
sviceus 

PriA No Yes Unpublished. PDB: 4TX9 and 
4U28 

 

The aim of this chapter was to characterise the HisA enzyme from S. enterica (SeHisA). The 

use of S. enterica is fitting because it was one of the organisms of choice when Ames and 

colleagues first characterised the histidine biosynthetic pathway with His auxotrophs (Ames 

and Hartman, 1963; Ames et al., 1960, 1973). Critically, SeHisA was also the starting point for 

an experimental test of the IAD model (Näsvall et al., 2012), in which S. enterica cells 
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accumulated mutations that rendered HisA either bifunctional (like PriA), or as a TrpF 

specialist. In order to provide a baseline for comparison with these HisA mutants (Chapters 

Four – Six), I began by determining the in vitro kinetic parameters of SeHisA. 

Crystallographic data from the laboratory of Assoc. Prof. Maria Selmer (Uppsala University, 

Sweden) enabled the identification of likely catalytic residues, which I have tested by site-

directed mutagenesis.  
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3.2. Results 

3.2.1. Crystal Structures for S. enterica HisA 
 

The structure of SeHisA was solved using x-ray diffraction crystallography by our 

collaborators Assoc. Prof. Maria Selmer, Annika Söderholm and Xiaohu Guo. The structure 

was solved in the apo-state and a D7N mutant structure was solved with the substrate ProFAR 

bound; this is the first HisA structure to be solved with the complete substrate.  

 

Although the generation of the SeHisA structures discussed in this section was thanks solely 

to the Selmer Lab, the ligand used for co-crystallisation was from my ProFAR preparations 

and the structural analyses made throughout are my own.  

 

The SeHisA apo-form structure with a resolution of 1.6 Å, as shown in Fig. 3.6, conforms to 

the canonical (βα)8-barrel fold.  

 

 
Figure 3.6.  The SeHisA structure shows striking internal symmetry. A. The full SeHisA apo-structure. C-terminal 
loops are towards the viewer; numbering refers to single βα units. The structure can be divided into two half (βα)4-
barrels (yellow and orange), which can be overlaid (B) with an r.m.s. deviation of 1.16  Å (over 41 α-carbon atoms). 
Figure created with PyMol and Adobe Illustrator. 

 

Like previously characterised HisA and HisF enzymes, SeHisA shows a striking two-fold 
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1.16 Å (over only 41 α-carbons). The TmHisA half barrels overlay with an r.m.s. deviation of 

2.10 Å over the whole length (Lang et al., 2000), suggesting that the T. maritima enzyme 

displays a higher degree of structure conservation between its two half barrels. 

 

βα loops 1 and 6 are not fully resolved in the structure. This is likely due to a large degree of 

conformational freedom, which led to conformer heterogeneity preventing the collection of 

meaningful diffraction data corresponding to these regions. All the βα loops exhibit increased 

B-factors (a measure of the displacement of an atom from the mean) compared to the central 

barrel (15-30 Å2) and the partially resolved loops show the greatest B-factors (>50 Å2). The 

absence of βα loops 1 and 6 is unfortunate as they bear residues that are potentially important 

for substrate binding and catalysis (see below). 

 

Two ligand bound SeHisA structures were also solved by our collaborators (Fig. 3.7 A). To 

avoid isomerisation of ProFAR to PRFAR, the predicted catalytic base, Asp 7, was substituted 

with Asn. The first structure (2.2 Å) had density that was clearly interpreted as complete 

ProFAR, but many of the βα loops could not be resolved. The second (2.0 Å) had complete 

density for only part of ProFAR but greater resolution of βα loop 6 (though it and βα loop 1 

were still incomplete).  

 

The SeHisA active site contains the conserved phosphate binding pockets observed in other 

bisphosphate-binding (βα)8-barrels (Nagano et al., 2002). Phosphate 1 (closer to the target 

bond) is coordinated largely by interactions with residues from loops 7 and 8. Predicted 

interactions are shown in Fig. 3.7 C. Phosphate 2 is positioned on the other side of the barrel 

and is coordinated by residues from βα loops 2 and 3, together with structured water 

molecules (Fig. 3.7 D).  

 

ProFAR binding leads to a rearrangement of βα loop 6, which, according to the SeHisA D7N 

ProFAR structures, appears to lose some of its conformational freedom and swing into the 

active site. βα loop 6 swings 8.4 Å into the active site when ligand is bound, increasing specific  
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H-bonding interactions between enzyme and ligand; the side chain of Asp 176 is then 

positioned close to the target furanose oxygen. The observed movement suggests an induced 

fit mechanism for HisA, closing the active site over the substrate and repositioning residues to 

maximise specific interactions and potentially optimise catalysis. 

 

With this structural information in hand, it became possible to initiate detailed 

characterisation of the kinetics and mechanism of SeHisA.  
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Figure 3.7. The substrate ProFAR is coordinated within the SeHisA (βα)8-barrel. A. Two ligand-bound 
SeHisA structures. A structure was solved with the full ProFAR ligand to a resolution of 2.2 Å. B. The structure 
of ProFAR. Target bond broken during isomerisation is red; phosphate 1 blue; phosphate 2 green. Enzyme-
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spheres; H-bonds are indicated by broken lines. 
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3.2.2. HisA Protein Expression and Purification 
 

The S. enterica hisA gene was cloned into vector pEXP5-CT (Table 8.2; Invitrogen), by Dr. 

Joakim Näsvall (Uppsala University). This expression vector was used throughout this study. 

It confers ampicillin resistance (AmpR) and facilitates the expression of proteins with C-

terminal His6-tags. Inducible expression was driven by the T7 promoter, under the lac 

repression system. The plasmid map with key features (including relevant restriction 

endonuclease sites) is portrayed in Fig. 3.8.  

 

 

 

The plasmid was used to transform electrocompetent BL21-gold(DE3) cells (8.2.4-5). The 

cells were cultured and protein expressed as described previously (8.4.1).  

 

 

 

 

 

 

pEXP5-CT SehisA

Figure 3.8. Plasmid map of pEXP5-CT 
containing the S. enterica hisA gene. 
Relevant genetic features are indicated, 
including the hisA gene (yellow) and His6-
tag (red). PCR primers (green) and 
restriction endonuclease recognition sites 
are labelled. Figure was created with 
SnapGene 2.6.2 and Adobe Illustrator.  
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IMAC purification was carried out using a pre-packed 1 mL Ni-NTA column and an AKTA 

Prime Liquid Chromatography System (8.4.5). A typical protein purification is represented in 

Fig. 3.9. Typical yields were 19 mg of purified SeHisA protein per litre of cultured cells. 
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Figure 3.9 SeHisA protein purification using the AKTA Prime Liquid Chromatography System. A. A trace 
of a typical HisA purification. The absorbance at 280 nm (blue) represents protein. The initial peak is the 
abundant lysate proteins that do not bind the column as they are injected; the second symmetrical peak is the 
his6-tagged SeHisA. The red trace represents the percentage of buffer B (lysis buffer with 250 mM imidazole), 
which induces elution. Fractions (5 mL) were collected during sample injection and 1 mL fractions thereafter: 
these fractions are numbered above the x-axis. B. SDS-PAGE of fractions. Both flow-through and elution 
fractions (1-24) were separated via SDS-PAGE. HisA is 27 kDa and runs just above the 25 kDa marker.  
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3.2.3. HisA Assay 
 

 The HisA reaction (Fig. 3.5) cannot be assayed directly because of the similar absorbance 

profiles of its substrate (ProFAR) and product (PRFAR) (Smith and Ames, 1964). The assay 

therefore required that the HisA reaction be coupled to the reaction catalysed by the 

heterodimer HisFH (IGP synthase; E.C. 2.4.2.-) which occurs immediately after HisA in the 

His biosynthetic pathway (Fig. 3.4). ProFAR and PRFAR both absorb maximally at 280 nm, 

whereas IGP has a maximum at 270 nm (Klem and Davisson, 1993; Smith and Ames, 1964). 

The conversion of PRFAR to AICAR and IGP by HisFH can therefore be quantified by a 

decrease of absorbance at 300 nm; when HisFH is in excess (> 10-fold), the rate of the coupled 

reaction is determined by the turnover rate of HisA  (Fig. 3.3.) (Klem and Davisson, 1993).  

 

HisH and HisF can be expressed and purified separately, then combined in vitro to form a 

functional dimer (Klem and Davisson, 1993). Expression plasmids for E. coli hisF and hisH 

contained in the ASKA Collection (Kitagawa et al., 2005) were used. These plasmids encoded 

the genes of interest, with the gene for green fluorescent protein (GFP) fused to their 3' ends. 

The GFP tags were removed through digestion with NotI (to remove gfp), followed by 

religation of the plasmid (see 8.3; Fig. 3.10 A). After the GFP tag had been removed, HisF and 

HisH were expressed and purified as described previously (8.4.4-5). Both proteins gave a 

typical yield of 11 mg per litre of cell culture (Appendix III).  

Figure 3.10. Cloning and expression of synthetic and coupled enzymes required for HisA assay. A. 
Removal of GFP tag from ASKA collection hisF expression vector pCA24N via NotI digest. * excised 
gfp ORF.  DNA was visualised on a 1% agarose gel. Molecular size standard: KAPA Universal ladder (500 ng). 
B. Purified PRPPS, HisF and HisH with HisGI cell lysate. Molecular size marker: Precision Plus Protein 
Ladder, 5 µL.  * HisG , ** HisI. 

PRPPS
HisG

I
HisF HisH

25
20

37

15

kDakbp

1

4

0.8
0.6

1 2 3 4

1. pCA24N-hisF-gfp 2. NotI digest

3. Purified fragment 4. Ligation

A B

*

**

**



 66 

3.2.4. HisA Substrate Biosynthesis 
 

The HisA substrate, ProFAR, cannot be purchased commercially. A published protocol 

(Davisson et al., 1994) shows that ProFAR will accumulate in the cell when the first three 

steps of His biosynthesis are present but the rest of the pathway is removed (i.e. HisA and the 

enzymes that act after it, see Fig. 3.4, pp. 55). The published method uses E. coli strain FB1, 

from which the entire his operon has been deleted (Table 8.3), harbouring an IPTG-inducible 

expression vector encoding hisG and hisI (phisGIE-tac). Cell lysates containing over-

expressed HisG and HisI (formerly known as HisIE) can catalyse the first three steps of His 

biosynthesis (Fig. 3.11), converting phosphoribosyl pyrophosphate (PRPP) and ATP to 

ProFAR.  

 

As PRPP is an expensive substrate, an additional enzymatic step was added to allow the use of 

inexpensive ribose 5-phosphate (R5P) as a starting material. PRPP synthetase (PRPPS; also 

ribose-phosphate pyrophosphokinase; E.C. 2.7.6.1) was cloned from S. enterica in order to 

convert R5P to PRPP (Fig. 3.11). PCR primers (PRPPSynth_BamHI.for and 

PRPPSynth_EcoRI.rev: Table 8.3) were designed in order to amplify the prsA gene from         

S. enterica gDNA (sequence obtained from NBCI) and introduce 5' BamHI and 3' EcoRI sites 

for cloning into expression plasmid, pJEX401 (Table 8.2; 8.3, 8.3.1 and 8.2.5). 
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phosphoenolpyruvate; ADK: adenylate kinase; PP: inorganic pyrophosphatase. 
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PRPPS was expressed and purified as described previously (8.4.1 and 8.4.4-5). PRPPS 

requires ATP and so a recycling reaction (Fig. 3.12 A) was used to replenish it during PRPP 

biosynthesis (Davisson et al., 1994). Pyruvate kinase (PK) converts AMP to ADP and then 

adenylate kinase (ADK) converts ADP back to ATP to be used again by PRPPS. In a test assay 

(Fig. 3.12 B), the reaction was monitored by coupling the conversion of PEP to pyruvate (by 

PK) to the activity of lactate dehydrogenase (LDH); the resultant oxidation of NADH to 

NAD+ was detected spectrophotometrically (8.6.2).  

 

Following the confirmation of PRPPS activity, ProFAR biosynthesis was performed in a 

scaled-up manner (as described in 8.7.2; Fig. 3.13). First, the PRPPS reaction was incubated to 

accumulate PRPP and then lysate from E. coli FB1 phisGIE-tac cells (containing HisG and 

HisI enzymes) (8.7.1) was added to catalyse the conversion of PRPP to ProFAR (Fig. 3.13 A). 

Like PRPPS, HisG is ATP-dependent so the same ATP recycling reaction described above also 

drove this reaction. Inorganic pyrophosphatase was included to push the reaction towards 

ProFAR. A test assay with the coupled HisA assay (Fig. 3.13 B) confirmed the presence of 

ProFAR in the preparations.   
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Figure 3.13. ProFAR biosynthesis and use in a HisA assay. A. The formation of ProFAR was followed 
spectrophotometrically. Following the addition of HisGI, the biosynthetic reaction was incubated at 30°C for 50 
minutes. ProFAR formation was indicated by decrease in absorbance at 260 nm and an increase between 280 and         
290 nm. B. A HisA assay with ProFAR. The negative absorbance slope in the presence of SeHisA and HisFH (green) 
confirmed the presence of ProFAR in the crude preparation. A negative control (no SeHisA) did not show a decrease in 
absorbance. 

The purification of ProFAR from the reaction materials and cell detritus (8.7.3) was 

performed via anion exchange (Fig. 3.14) at the Ferrier Research Institute at Victoria 

University with the kind help of Dr. Gary Evans. The resulting product was analysed with 

High Pressure Liquid Chromatography and Mass Spectrometry (LC-MS), which confirmed 

the presence of a species of the correct mass/charge ratio for ProFAR. The purity of the 

sample was determined spectrophometrically with the HisA/HisFH coupled enzyme assay 

(8.6.3); none of the preparations exceeded a purity of 30%.  

 

ProFAR preparations stored on dry ice were shipped to our collaborators in Sweden for use in 

co-crystallisation trials. 
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Figure 3.14. ProFAR was purified through anion exchange. Performed on a FF Q Sepharose column on an AKTA 
Purifier Liquid Chromatography System; elution was via an ammonium bicarbonate gradient (right axis). ProFAR was 
detected via absorbance at 280 nm (left axis). Pooled fractions (19-42) are indicated. 
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3.2.5. HisA Kinetics 
 

The activity of SeHisA was determined with the coupled enzyme assay (8.6.3). The assays 

were performed in biological triplicate (i.e. three separate batches of enzyme were 

independently expressed and purified) and each batch of protein was tested in at least three 

technical replicates (Fig. 3.15). The concentration of the impure substrate, ProFAR, was 

determined enzymatically in the assay and then corrected during data processing (8.6.3). 

 

 

 

 

 

 

 

 

 

 

 

 

 

The Michaelis constant (KM) for ProFAR was determined to be 17 ± 0.1 µM (mean ± standard 

error of the mean, SEM). The turnover number, kcat, was 7.8 ± 2.4 s-1 and the catalytic 

efficiency was therefore calculated to be 4.5 × 105 s-1. M-1. 

3.2.6. Characterisation of HisA Active Site Residues 
 

Putative catalytic residues were identified with reference to the SeHisA crystal structures and 

previously characterised HisA enzymes (Fig. 3.16). 

 

Asp 7 was predicted to act in the role of general base. The general base must abstract a proton 

from C4' during catalysis. In the SeHisA structure the Asp 7 side chain is 3.8 Å from the C4' 

hydroxyl group of ProFAR. A D7N substitution allowed co-crystallisation with ProFAR, 

suggesting that Asp in this position was essential for catalytic activity. Asp 7 is conserved in 

0 200 400 600 800
0.0

5.0 ×10 -7

1.0 ×10 -6

1.5 ×10 -6

ProFAR (µM)

Ra
te

 (M
s-1

)

Figure 3.15. Michaelis-Menten kinetics for S. enterica HisA. Shown is the assay 
of a single biological replicate, with each datum representing the mean of 
technical triplicates. Errors represent standard deviation of the mean. Figure 
created using Prism GraphPad.  
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the primary (Fig. 3.16) and tertiary structures of other HisA enzymes (e.g. Asp 8 in TmHisA 

(Henn-Sax et al., 2002)). 

 

Three candidates were identified for the role of catalytic acid, which must donate a proton to 

the furanose ring oxygen: Asp 129, Asp 176 and Ser 202 (Fig. 3.17). They are similarly 

conserved between HisA enzymes (Fig. 3.16).  

 

Asp 129 is equivalent to Asp 127 in TmHisA and Asp130 in TmHisF, which have been shown 

to be very important (HisA) or essential (HisF) for catalysis (Beismann-Driemeyer and 

Sterner, 2001; Henn-Sax et al., 2002). Asp129 is located at the C-terminus of β5 and its side 

chain is positioned into the active site. Asp 176 is on mobile βα loop 6 and is equivalent to Asp 

175, which is essential for both HisA and TrpF activity in the bifunctional M. tuberculosis 

PriA (Due et al., 2011). The Asp 176 side chain is 3.2 Å from the target furanose oxygen in the 
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Figure 3.16 Alignment of enzymes with HisA activity. Alignment performed with Geneious version 8.0.5. The 
numbered consensus sequence and identity graph (green: high; red: low) are shown above the sequences. 
Residues with high sequence similarity are highlighted in black. Orange triangles indicate residues mutated in 
this study; orange boxes show selected residues that have been shown to be important for activity via 
mutagenesis and functional characterisation. Sources: E. coli (Ec)  (YP_490267.1) and T. maritima (Tm)HisA (Henn-
Sax et al., 2002); Campylobacter jejuni (Cj) HisA (Unpublished structure, PDB: 4GJ1); M. tuberculosis (Mt)PriA (Due 
et al., 2011); S. coelicolor (Sc)PriA (Wright et al., 2008). 
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ProFAR-bound SeHisA structures. The final candidate was Ser 202, positioned on βα loop 7 

with its polar side chain only 2.7 Å from the furanose oxygen. Ser 200 of MtPriA is in the 

same position in the structure but its role has not been investigated (Due et al., 2011); 

TmHisA has an Ala residue in the equivalent 196 position.   

 

Once the putative active site residues were identified, the amino acids were substituted using 

QuikChange Mutagenesis (8.3.3). Conservative substitutions were introduced to limit the 

effects to the charge-based interactions required for catalysis and reduce any confounding 

changes in protein structure or stability through altered hydrophobicity, charge-charge 

interactions or steric clashes with bulky side chains. Therefore, Asp residues were mutated to 

Asn (converting a carboxylate to an amide) and the Ser to an Ala (removal of the hydroxyl).  

 

The mutant proteins were expressed and purified as described previously. Yields were: SeHisA 

D7N: 7.5 mg per litre culture; D176N: 3 mg/L; S202A: 1 mg/L. However, SeHisA D129N 

exhibited poor solubility, leading to yields of <0.1 mg/L and that were impossible to purify to 

homogeneity. An impure enzyme preparation was used in the assay and the purity was 

estimated using ImageJ (Schneider et al., 2012) (Fig. 3.18; 8.4.7); the enzyme concentration 

and kcat were adjusted accordingly. All the HisA mutant enzymes were assayed with ProFAR 

as described above and the results are summarised in Table 3.2. 

Figure 3.17. Putative catalytic residues 
in the active site of SeHisA D7N. 
Numbered residues are indicated. The full 
ProFAR ligand has been modelled onto 
the partial-ligand structure as it is more 
complete.  * Furanose oxygen (general 
acid target); ** C4' (general base target). 
Note that putative catalytic base Asp 7 
has been mutated to Asn. 

D176

S202 D129

D7N

*
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The kinetic data immediately confirmed that SeHisA D7N could not turn over ProFAR. 

Assays with >10 µM protein and >500 µM substrate showed no detectable activity. This result 

was obtained with two biological replicates. As the mutant had successfully been co-

crystallised with the ligand, the lack of activity must have been due to a loss of catalysis (kcat)  

rather than binding.  

Enzyme k cat (s-1) KM (μM) k cat/KM (s-1. M-1) % of SeHisA k cat/KM 

SeHisA 7.8 ± 2.4 17 ± 0.1 4.5 × 105 100 

D7N ND ND ND 0 

D129N 0.52 ± 0.04 6.3 ± 3.2 8.3 × 104 18.5 

D176N 0.019 ± 0.001 17 ± 1 1.1 × 103 0.3 

S202A 0.8 ± 0.2 40 ± 2 1.9 × 104 4.1 

 

The kinetic data confirm Asp 176 as the best candidate for the general acid. The D176N 

substitution did not alter the KM of SeHisA, but the kcat (and therefore kcat/KM) was reduced by 

>400-fold (Table 3.2). Although the D129N and S202A substitutions also affected kcat (Table 

3.2), their turnover rates were 27- and 42-fold greater than that of HisA D176N, respectively.   

Table 3.2. The relative importance of SeHisA active site residues for activity. ND: not detected. Michaelis-
Menten kinetic constants were calculated with Prism GraphPad. 
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Figure 3.18. SeHisA D129N was quantified from impure preparations with ImageJ. A. Impure HisA was 
separated by SDS-PAGE. 1 and 2 refer to two biological replicates that were expressed and purified independently. 
HisA D129N is indicated with an arrow. M: 5 µL Precision Plus Protein ladder. B. Estimation of the relative density of 
the HisA D129N band. Sample 2 is shown. The density of major protein bands from the SDS-PAGE was estimated 
with ImageJ software. Grey peak: SeHisA D129N. 
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3.3. Discussion 

3.3.1. SeHisA Kinetic Parameters 
 

SeHisA has a catalytic efficiency of 4.5 × 105 s-1.M-1, which places it within range of an 

“average enzyme” as defined by (Bar-Even et al., 2011).  

 

Table 3.3 presents the kinetic parameters of HisA enzymes characterised in similar conditions 

to this study. Phylogenetically, E. coli is the species represented that is closest to S. enterica 

(Battistuzzi et al., 2004); EcHisA and SeHisA show similar kinetic parameters. The KM values 

for the majority of the enzymes are 5–30-fold lower than that observed in this study; only 

bifunctional MtPriA has a similar KM. This may be due to different assay techniques used in 

the Sterner and Barona-Gomez labs or different selection pressures acting on the organisms 

that led to improvement of substrate binding in these orthologues. Therefore, although 

SeHisA exhibits the highest kcat in Table 3.3, its kcat/KM is average. 
 

Table 3.3. Comparison of HisA activities. Assays performed at 25°C, pH 7.5. Se: S. enterica; Ec: E. coli; Tm: T. maritima;      
Sc: S. coelicolor; Mt: M. tuberculosis. Sources: 1 (Henn-Sax et al., 2002), 2 (Due et al., 2011), 3 (Noda-Garcia et al., 2010), 4 
(Noda-García et al., 2013). 

 

3.3.2. Functional and Structural Characterisation of the Active Site 
 

This study has identified two residues central to SeHisA catalysis: Asp 7 and Asp 176.  

 

The first step in the reaction is catalysed by a general acid, which must donate a proton to the 

furanose oxygen. The data in Table 3.2 show that Asp 176 is most likely to act in this role. The 

Enzyme k cat (s-1) KM (µM) k cat/KM 
(s-1. M-1) Source 

SeHisA 7.8 ± 2.4 17.0 ± 0.1 4.5 × 105 This study 
EcHisA 4.9 1.6 3.1 × 106 1 
TmHisA 0.67 0.6 1.1 × 106 1 
MtPriA 0.23 19 1.2 × 104 2 
ScPriA 1.3 ± 0.2 3.6 ± 0.7 3.6 × 105 3 
C. jeikeium PriA 0.9 ± 0.08 2.3 ± 0.2 3.9 × 105 4 
C. diphtheriae subHisA 2.6 ± 0.3 4.4 ± 0.5 5.9 × 105 4 
C. efficiens subHisA 2.7 ± 0.5 1.9 ± 0.3 1.4 × 106 4 
C. striatum subHisA 2.1 ± 0.5 6.9 ± 0.7 3.0 × 105 4 
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conservative substitution of Asp to Asn abolished the acidic property of the side chain (i.e. it 

could not lose a proton) but did not prevent it from forming H-bonds with the substrate. 

Subsequently, the turnover rate of the enzyme was observed to be reduced by >400-fold 

(Table 3.2) but ProFAR binding was unaltered compared to wild type SeHisA (Table 3.2). An 

analogous substitution (D175N) made in MtPriA reduced HisA kcat by >250-fold; a less 

conservative D175A mutation abolished activity (Due et al., 2011). The substitutions in the 

above studies both elicited increases in KM (1.3–3.3-fold) whereas this value was unchanged in 

the SeHisA mutant.  

 

The conformational change in βα loop 6 upon substrate binding becomes more significant in 

the light of the kinetic data. In the absence of substrate, βα loop 6 is invisible in the crystal 

structure and therefore likely to be flexible or “open”, presumably allowing ProFAR to bind. 

Upon binding, the loop undergoes a conformational change and becomes more ordered: βα 

loop 6, which includes Asp 176, folds over the active site towards the phosphate 1 binding 

pocket. The rearrangement of the loop swings Asp 176 into the active site so that it can act in 

catalysis. In this closed conformation, the carboxylate oxygen atoms of Asp 176 are 4.4 and 5.0 

Å from the ProFAR furanose oxygen (Fig. 3.19).  

 

D 176

4.4 Å 5.0 Å

3.4 Å3.1 Å 3.8 Å

D7N

Figure 3.19. SeHisA active site: interactions between ProFAR and catalytic residues. Catalytic residues are 
shown in stick form, note Asp 7 is substituted with Asn. Distances are indicated: between general acid Asp 176 and 
furanose oxygen; Asn 7 and C4' proton and hydroxyl. Full ProFAR was modelled on the partial ligand protein 
structure, which was more complete. Figure created with PyMOL. 
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Asp 7 plays the role of general base in SeHisA. The conservative substitution to Asn abolished 

enzymatic activity. This was evidenced both by the lack of substrate turnover in the HisA 

assay (Table 3.3) and the SeHisA D7N crystal structures with intact ProFAR (Fig. 3.7). 

Activity was likewise abolished when equivalent substitutions were performed on the general 

base from both enzymes with HisA activity (Asp 8 in TmHisA (Henn-Sax et al., 2002); Asp 10 

in ScPriA (Wright et al., 2004); Asp 11 in MtPriA (Due et al., 2011)) and paralogous (βα)8-

barrel enzymes (Asp 11 in TmHisF (Beismann-Driemeyer and Sterner, 2001) and Cys 7 in 

TmTrpF (Henn-Sax et al., 2002)). Asp 7 of SeHisA aligns with the characterised general bases 

in the aforementioned enzyme structures and is the only residue within 5 Å of ProFAR C4' 

capable of abstracting a proton. 

 

Despite being disregarded as putative general acids, Asp 129 and Ser 202 are still important 

for SeHisA activity.  

 

Asp 129 forms interactions with two water molecules in the crystal structure and therefore 

may act to relay protons to the general acid, Asp 176, to allow enzyme turnover. The D129N 

substitution had the smallest effect on SeHisA catalytic efficiency (Table 3.2), but, 

surprisingly, the mutant displayed an improved KM with respect to SeHisA. The Asp side 

chain – which already forms an H-bond with the C4 hydroxyl of the second ribosyl group – 

might, when substituted to Asn, improve the coordination of structured water molecules that 

in turn hydrogen bond to ProFAR.   

 

Although Ser has previously been shown to act as a general acid in enzyme catalysis (e.g. in 

the serine proteases (Carter and Wells, 1988)), this typically requires activation of the Ser side 

chain by other active site residues. Mutation of Ser 202 with Ala resulted in a modest 

reduction in catalytic efficiency (Table 3.2), confirming that it is not the catalytic acid. Ser 202 

is however important for substrate binding in SeHisA: the S202A substitution, which 

abolishes the H-bonding potential of the side chain, led to a >2-fold increase in KM (Table 

3.2). It reduced the turnover rate by ~10-fold and therefore reduced catalytic efficiency by 24-

fold. Its polar side chain may, in addition to binding substrate, act to modify the chemical 

environment of Asp 176 to aid catalysis. 
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The most thoroughly characterised HisA to date is the enzyme from T. maritima. The 

bifunctional (HisA and TrpF) PriA enzymes from S. coelicolor and M. tuberculosis have also 

been characterised. The SeHisA Asp 7, Asp 129 and Asp 176 residues are all conserved 

between the enzymes (Fig. 3.6; Fig. 3.20) and similar mutagenic experiments were performed 

to identify the general acid and general base residues. As described above, MtPriA uses 

equivalent Asp 175 as a general acid (Due et al., 2011), but TmHisA and ScPriA appear to use 

a general acid in the equivalent position to SeHisA Asp 129. 

 

A D127N substitution in TmHisA led to a 2,500-fold reduction of kcat (Henn-Sax et al., 2002) 

(compared to 400-fold in SeHisA D176N). ScPriA active site mutants were characterised 

through an in vivo complementation assay (Wright et al., 2008). A D130A substitution in 

ScPriA completely abolished HisA activity and severely reduced TrpF activity and was 

assigned, in part due to structural alignments with TmHisA, the role of general acid. However, 

the group also substituted Asp 171 (equivalent of SeHisA Asp 176) with Ala and found it also 

abolished HisA activity (Wright et al., 2008). Substitution of four other positions also 

abolished HisA activity, suggesting the in vivo characterisation was not the ideal choice for 

characterising residues important for a catalytic mechanism. The equivalent Asp 169 in 

TmHisA was not investigated as a potential general acid (Henn-Sax et al., 2002).  

 

Figure 3.20. Two different HisA 
general acids. A. SeHisA 
compared with characterised 
HisA enzymes. HisA partial ProFAR 
yellow; MtPriA pink (PDB: 3ZS4); 
TmHisA purple (1QO2); ScPriA 
green (2VEP). General acid (top) 
and base (bottom left) residues are 
shown. 

General acid

General base

SeHisA ScPriATmHisA MtPriA
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These data indicate that HisA and PriA active sites have two distinctly positioned Asp 

residues that can take the role of general acid. SeHisA and MtPriA showed significant losses in 

activity when Asp 176/175 (βα loop 6) was substituted with Asn and more moderate changes 

when Asp 129/175 was substituted with Asn and Ala, respectively (Due et al., 2011). TmHisA 

and ScPriA, however, are purported to use Asp 127 and Asp 130 on the C-terminus of β5 as 

their general acids, respectively. This position can be ruled out as general acid in SeHisA and 

ScPriA due to the comparative kinetic effects. However, the same cannot be said for the 

alternative acid in TmHisA (Asp 169 not mutated) and ScPriA (no in vitro kinetics for 

D171N): further kinetic characterisation could potentially lead to the reassignment of the 

general acid in these enzymes. Although SeHisA is the first enzyme to be co-crystallised with 

ProFAR, previous structures with PRFAR, sulfate or phosphate ions bound indicate that 

ligand binding is similar between the HisA and PriA enzymes. 

 

Both Asp ~130 and ~175 are conserved in the four enzymes. The fact that different 

homologous enzymes potentially utilise one spatially distinct residue as a general acid but not 

the other is interesting and indicates that an evolving enzyme could compensate for the loss of 

one by adapting to use the second Asp. 

 

The work described in this chapter formed the foundation for characterising SeHisA mutants 

obtained through a variety of evolution-informed approaches (Chapters Four-Six); the above 

work also forms part of a manuscript submitted to Journal of Biological Chemistry. 
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4.1. Introduction 
 

This chapter will continue the characterisation of (βα)8-barrel enzymes, with an emphasis on 

how they evolve in real-time. As described in the previous chapter, HisA shares homology not 

only with HisF but also with three enzymes from the tryptophan biosynthetic pathway: TrpF 

(phosphoribosylanthranilate (PRA) isomerase), TrpC (indole-3-glycerol phosphate (InGP) 

synthase) and the α-subunit of TrpA (Trp synthase). All three show close structural similarity 

to HisA (Nagano et al., 2002), suggesting a common evolutionary history.  

4.1.1. Phosphoribosylanthranilate Isomerase (TrpF) 
 

TrpF (E.C. 5.3.1.24) catalyses the third step in Trp biosynthesis (Fig. 4.1). It converts PRA to 

1-[(2-carboxyphenyl)amino]-1-deoxyribulose 5-phosphate (CdRP) via an Amadori 

rearrangement. The substrate PRA is extremely labile and in solution hydrolyses 

spontaneously and irreversibly to ribose 5-phosphate and anthranilate (Creighton, 1968; 

Hommel et al., 1995). Protonation of the furanose oxygen by a general acid opens the ribose 

ring and the abstraction of a proton from C4' leads to the formation of the enol form of CdRP. 

The rate-limiting step of the reaction is the spontaneous rearrangement to CdRP (keto) 

(Bisswanger et al., 1979).  

Figure 4.1. The Trp operon and Trp biosynthsis in E. coli. A. A simplified Trp operon from E. coli. The genes are 
expressed as part of the same transcriptional unit. Adapted from the EcoCyc database (Keseler et al., 2013). B. A schematic 
of the Trp biosynthetic pathway and the order in which the trp gene products (represented by letter) act. The TrpF 
step is shown in blue. C. The reaction catalysed by TrpF. An Amadori Rearrangement of PRA to form CdRP. 
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In some organisms (e.g. E. coli and S. enterica), the trpF gene is fused to trpC (Fig. 4.1 A) and 

the two enzymes are expressed as discrete domains of the same protein, catalysing sequential 

reactions. The two domains have successfully been separated via cloning methods and their 

activities were unaffected (Eberhard et al., 1995). 

 

4.1.2. HisA and TrpF as Models for Enzyme Evolution 
 

Both HisA and TrpF catalyse the conversion of an aminoaldose to its cognate aminoketose. 

Unlike the larger HisA substrate ProFAR, PRA has a single phosphate group and a negatively 

charged anthranilate moiety (Fig. 4.2). ProFAR and PRA share a ribosyl moiety, which is 

isomerised in the enzyme-catalysed reaction. Both the HisA and TrpF reactions are predicted 

to proceed via general acid-base mechanisms (Henn-Sax et al., 2002). The T. maritima 

enzymes show ~10% sequence identity (Jürgens et al., 2000) and strong structural similarity. 

HisA and TrpF appear to conform to Jensen’s model of enzyme evolution (Jensen, 1976), 

which predicted that ancestral enzymes could perform the same reaction upon a variety of 

substrates. HisA and TrpF are predicted, based on the conservation of reaction and structural 

similarity, to have descended from such a bifunctional ancestor (or collection of partial (βα)8-

barrels), which would have acted in both the histidine and the tryptophan biosynthetic 

pathways (Jürgens et al., 2000; Nagano et al., 2002). The extant specialised enzymes would 

then have arisen through gene duplication followed by specialisation, leading to a 

conservation of catalytic mechanism but diversification of substrate specificity.  

Figure 4.2.  Comparison of HisA and TrpF substrates, ProFAR and PRA. Distinguishing features are colour-coded 
as noted, including the target bond that is cleaved during the isomerisation reaction. Relevant carbon atoms have 
been numbered for later reference. Figure created using ChemDraw (version 14.0.0.118) and Adobe Illustrator. 
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4.1.3. PriA: a Naturally-Occurring Bifunctional Enzyme 
 

Bifunctional enzymes with HisA and TrpF activity have been described from extant bacteria. 

As described in the preceding chapter, certain species, including M. tuberculosis and                

S. coelicolor, lack a gene corresponding to trpF, but instead produce a bifunctional enzyme 

that can fill the roles of both HisA and TrpF. PriA was first described in 2003 when it was 

discovered that its expression could complement both ΔhisA and ΔtrpF phenotypes in E. coli 

(Barona-Gomez and Hodgson, 2003). The authors favoured the hypothesis that it represented 

a “molecular fossil”: an evolutionary remnant from an ancient bacterium with a single 

HisA/TrpF enzyme.  

 

MtPriA shares 26% and 20% identity with TmHisA and TmTrpF, respectively (Due et al., 

2011). Dedicated HisA and TrpF enzymes from E. coli and T. maritima exhibit catalytic 

efficiencies that are 1-2 orders of magnitude greater than the activities of the S. coelicolor and 

M. tuberculosis PriA enzymes, indicating a degree of functional trade-off (Due et al., 2011; 

Henn-Sax et al., 2002; Noda-Garcia et al., 2010). Structural studies suggest that PriA adopts 

different conformations on binding each of its two substrates, to optimise the active site for 

either ProFAR or PRA (Due et al., 2011). 

 

Bacteria related to those expressing PriA, including Corynebacterium diphtheria and              

C. glutamicum, have been shown to have reacquired the entire Trp biosynthetic pathway via 

horizontal gene transfer from Gammaproteobacteria (Noda-García et al., 2013; Xie and 

Keyhani, 2003). In the presence of a new dedicated TrpF enzyme, the selection pressure to 

maintain the bifunctionality of PriA was lifted and, it can be hypothesised, mutations were 

able to accumulate in PriA, converting it to a HisA specialist. Noda-Garcia and colleagues 

observed that many Corynebacterium species express “subHisA” enzymes that now exhibit 

HisA activity alone. Thus, HisA enzymes may have fluctuated between being bifunctional and 

specialised multiple times during the history of protein-based metabolism. 
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4.1.4. Engineering TrpF Activity 
 

The TrpF-catalysed reaction is an ideal activity with which to study the transplantation or 

evolution of function between enzymes. Firstly, as the activity naturally occurs on a (βα)8-

barrel, there are many candidate proteins to act as potential scaffolds for engineering. 

Secondly, the TrpF mechanism is relatively simple and only a general base is absolutely 

essential (Evran et al., 2012; Leopoldseder et al., 2004). Thirdly, screening for activity is 

simple: an E. coli ΔtrpF strain is unable to survive in the absence of exogenous Trp, i.e. on 

minimal medium. Finally, the screen is sensitive. As Trp is the least abundant amino acid in 

the cell (Bennett et al., 2009; Neidhardt and Umbarger, 1996), very little metabolic flux is 

required to maintain cell function. Therefore enzymes with very poor TrpF activity are 

sufficient to complement growth in ΔtrpF cells on minimal medium and can thus be detected. 

 

The first attempt to interconvert the functions of HisA and TrpF enzymes was made by 

Jürgens and colleagues (2000), who found that a single amino acid substitution was sufficient 

to confer TrpF activity on a HisA scaffold. The hisA gene from T. maritima was subjected to 

DNA shuffling and the resultant library was selected for TrpF activity in an E. coli ΔtrpF 

strain. Two enzymes with 3-4 substitutions each were isolated; however, the D127V 

substitution was adequate to confer TrpF activity alone. The new activity was poor (kcat/KM of 

120 s-1.M-1 compared to the TmTrpF kcat/KM of 1.3 × 107 s-1.M-1), but the original HisA activity 

was almost abolished (a 7000-fold reduction in kcat, with no reported KM (Jürgens et al., 

2000)). 

 

In a follow-up study, positions 127 in TmHisA and 130 in TmHisF were randomised to 

determine whether it was substitution with Val in particular that was required to confer TrpF 

activity (Leopoldseder et al., 2004). The requirement for establishing TrpF activity on either 

scaffold was found to be the removal of an acidic residue at this position. Many different 

substitutions could confer activity towards PRA (D127V led to the highest kcat/KM), whereas 

the original activities had stricter requirements for amino acids at these positions (Asp 127 for 

TmHisA; Glu/Asp 130 for TmHisF) (Leopoldseder et al., 2004). Asp 127 and Asp 130 appear 

to act as the general acids in HisA catalysis for these particular enzymes. It was hypothesised 

that TmHisA/TmHisF were already capable of catalysing the conversion of PRA to CdRP, but 
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were unable to bind the alternative substrate efficiently. The loss of the negative side chain at 

position 127/130 may have abolished electrostatic repulsion of the negative anthranilate 

moiety on TrpF substrate PRA (Leopoldseder et al., 2004) (Fig. 4.2). The TmHisA KM for PRA 

must have decreased by at least an order of magnitude to allow catalysis to occur, as binding 

of PRA or CdRP to wild type TmHisA could not be detected (Leopoldseder et al., 2004).  

 

Trp activity has also been discovered or successfully engineered on different protein scaffolds.  

A recent study established TrpF activity on the α-subunit of S. enterica TrpA through a 

combination of site-directed mutagenesis, error-prone PCR and DNA shuffling (Evran et al., 

2012). E. coli ΔtrpF cells expressing the engineered SeTrpA enzymes exhibited comparable 

growth rates on minimal medium to those expressing EcTrpF. The original activity was lost. 

The enzyme with the highest TrpF activity had 12 substitutions that included the introduction 

of a putative general acid and base. 

 

A non-homologous enzyme from glutamate biosynthesis (phosphoribosylpyrophosphate 

amidotransferase (PurF I198V)) was also able to restore slow growth (colonies in six days 

instead of one) of E. coli ΔtrpF on minimal medium (Patrick and Matsumura, 2008). This 

PurF variant was subjected to error-prone PCR and clones expressing the resultant library 

showed faster growth rates on minimal medium. The best variant, PurF(1-04) improved the 

growth time to 30 h (EcTrpF required 12 h). Despite this improvement, the catalytic effiency 

was only kcat/KM = 0.3 s-1.M-1, barely higher than the rate of spontaneous hydrolysis of PRA 

(Creighton, 1968). This study emphasised the sensitivity of the in vivo TrpF activity screen: 

despite a difference in activity of ≥7 orders of magnitude, the mutant PurF enzyme still 

allowed sufficient flux through the Trp biosynthetic pathway to allow cell growth (albeit slow). 

 

In 2000, it was reported that a TrpC enzyme had been converted into a functional TrpF with 

almost wild type activity (Altamirano et al., 2000). However, the publication was quickly 

retracted (Altamirano et al., 2002). As TrpF and TrpC share a common ligand (CdRP), it is 

likely that a conversion of function is possible but the study has not been revisited.  

 

HisA function has not, to my knowledge, been engineered onto TrpF. 
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4.1.5. Using HisA and TrpF to Test the IAD Model for Enzyme Evolution 
 

As mentioned previously, in 2012, a group based at Uppsala University (Sweden) evolved 

TrpF function on the HisA from S. enterica to demonstrate the IAD model of enzyme 

evolution (Näsvall et al., 2012). A long-running selection experiment was performed in order 

to emulate natural processes of adaptive evolution, as closely as possible. 

 

The first step was for an enzyme to acquire a weak novel function: Innovation. An S. enterica 

ΔtrpF strain was placed under selection for TrpF activity in medium lacking both His and 

Trp. Spontaneous mutations in the hisA gene yielded an enzyme with acquired weak TrpF 

activity (but no HisA activity); further selection led to a bifunctional enzyme with moderate 

HisA and weak TrpF activity. This “parental” generalist HisA (given the designation 

DA26432) had a non-conservative amino acid substitution, D10G, and a three-residue 

duplication (dup 13 – 15). The duplication supports the value of the selection approach; more 

rational methods of protein engineering or directed evolution were unlikely to uncover such a 

mutation.  

 

The hisA (D10G, dup13-15) gene was cloned into a low copy-number F'128 plasmid (about two 

copies per cell) under the control of a constitutive promoter. This region of the plasmid was 

prone to amplification (the second requirement of IAD): yfp (encoding Yellow Fluorescent 

Protein) was co-expressed with hisA to allow the detection of gene duplication through 

increasing fluorescence. The plasmid was used to transform an S. enterica ΔhisA ΔtrpF strain. 

After 500 generations of serial passage under limiting conditions (M9 minimal medium, no 

His or Trp), gene duplication was indeed observed and a new mutation had been fixed in the 

evolving population (Fig. 4.3). After a further 500 generations, one of the copies of the hisA 

gene lost the 13-15 duplication and the encoded enzyme was reverted to a HisA specialist; this 

partially satisfied the diversification requirement of the IAD model. The cultures were split 

into multiple lineages and evolved for a further 2000 generations (giving a total of 3000) to 

trace different possible routes for diversification (Fig. 4.3).  

 

The authors observed increased growth rates, increased gene expression, further gene 

amplification and specialisation of function within the duplicated gene products. Typically, 
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one revertant HisA specialist (in most cases HisA (D10G, G102A), designated DA26443) was 

retained, relieving the selective pressure for HisA function on the duplicated enzyme          

(Fig. 4.3). This second enzyme was either maintained as a bifunctional generalist or 

accumulated mutations to become a specialist TrpF (Diversification), abolishing the original 

HisA activity.  

 

 

Twenty-two genes of specific interest were integrated into the chromosome of an S. enterica 

ΔhisA ΔtrpF strain and the growth rates were determined in minimal medium with either one, 

both or neither amino acid added. This prevented gene copy number, over-expression or 

additional unrelated mutations in the passaged strains from affecting growth. The growth 

rates in M9 with added His (representing TrpF activity) and M9 with added Trp (HisA 

activity) are presented in Fig. 4.4. All of the characterised HisA variants with TrpF activity 

were shown to confer faster growth rates relative to the original bifunctional HisA (D10G, 
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Figure 4.3.  Trajectory for 3000 generations of evolution of the bifunctional parental gene (dup13-15, D10G) 
during selection for improved TrpF and HisA activities from one main parental lineage to the numerous 
variants found in daughter lineages. Genes encoding bifunctional (green), HisA specialist (yellow) and TrpF 
specialist (blue) enzymes are indicated. Newly acquired substitutions are shown in red. Lineages that arose multiple 
times are numbered. An asterisk next to a mutation indicate the presence of more than one subpopulation, differing 
in the mutations they contain. Figure adapted from Fig. 2 (Näsvall et al., 2012); reprinted with permission from AAAS 
and Dr. Joakim Näsvall. 
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dup 13-15) when grown in the absence of Trp. This indicated that the enzymes had evolved 

superior TrpF activity over the course of the selection experiment. 

 

The generation of TrpF specialists showed that serial passage under selective conditions had 

led to the duplication and specialisation of a bifunctional starting enzyme, satisfying the 

requirements for the IAD model of enzyme evolution. While the functions of variant              

S. enterica hisA gene products were determined through in vivo growth fitness assays, there 

was no further investigation into the mechanisms for function at the protein level.  

 

This study began where the previous work (Näsvall et al., 2012) ended. The current chapter 

focuses on the in vitro functional characterisation of selected SeHisA variants. Together with 

crystallographic data and molecular dynamics simulations, the kinetic characterisation of the 

Figure 4.4. Growth rates of HisA variants obtained from a long-term evolution experiment. S. enterica  
ΔhisA ΔtrpF cells expressing single copies of evolved hisA genes were grown in M9 minimal medium containing 
either exogenous His (to select for TrpF activity: y-axis) or Trp (to select for HisA activity: x-axis); expressed in 
growth rate per hour (h-1). TrpF specialists (blue): DA26431 triangle; DA26438 square; DA26440 diamond; 
DA26437 circle. Generalists (green): DA26432 diamond; DA26433 triangle; DA26435 circle; DA26436 square; 
DA26441 pentagram. HisA specialists (yellow): SeHisA, DA26442 and DA26443 overlap, filled circle.  Filled symbols 
represent mutants characterised in this study; unfilled symbols were not characterised. Adapted from Fig. 3 
(Näsvall et al., 2012): reprinted with permission from AAAS and Dr. Joakim Näsvall. 
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evolved SeHisA variants has shed light upon the mechanism by which evolution affects 

change at the protein level.  

 

 

 

 

 

 

 

 

 

 

 

 

The variants and their genotypes are presented in Table 4.1; the enzymes are named according 

to their strain designation in the original study (Näsvall et al., 2012). The 13-15 duplication 

and the substitutions studied in this work are shown on the first bifunctional “parental” HisA 

DA26432 crystal structure in Fig. 4.5 A. Note that the duplicated amino acids will be 

henceforth referred to as 15[a], 15[b] and 15[c] to allow the following residues to be 

numbered according to SeHisA. The V15[b]M notation therefore refers to a substitution 

within the duplicated region. Figure 4.5 B shows a schematic of the HisA secondary structural 

elements and the associated nomenclature used in this thesis. 

 

Kinetic parameters were characterised, for both activities, for twelve HisA variants (including 

HisA specialists, TrpF specialists and generalist, bifunctional enzymes), in addition to wild 

type SeHisA and EcTrpF.   

Enzyme Mutations 
SeHisA  

DA26431 dup13-15 
DA26432 dup13-15 D10G 
DA26433 dup13-15 D10G G102A 
DA26435 dup13-15 D10G G11D G44E G102A 
DA26436 dup13-15 D10G Q24L G102A 
DA26437 dup13-15 D10G Q24L G102A V106L 
DA26438 dup13-15 D10G V15[b]M Q24L G102A 
DA26440 dup13-15 D10G Q24L G102A V106M 
DA26441 dup13-15 D10G Q24L G44E G102A 
DA26442 D10G 
DA26443 D10G G102A 

Table 4.1. List of HisA variants characterised in this study. Yellow 
represents enzymes with in vivo HisA activity only; blue have TrpF activity 
only and green generalists exhibit both activities. The genes are products of 
the work of Dr. Joakim Näsvall (Näsvall et al., 2012).  
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Figure 4.5.  The locations of the HisA mutations described in this study. Top: The structure of HisA 
DA26432 is portrayed. HisA product PRFAR is shown in the active site, in grey. Amino acid substitutions 
important to this study are shown in stick form. The graphic, and those to follow, were created in PyMOL. 
Bottom: A schematic of DA26432 secondary structure with the nomenclature used in this study. The 
βα-loops on the catalytic face are indicated; β-strands (green) and α-helices (pink) forming the (βα)8-barrel 
are numbered; additional elements are distinguished with ‘ and ‘’. Substitution sites are shown in bold. 
Figure created with 2D-PolyView. 
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4.2. Results  

4.2.1. HisA Protein Expression 
 

Twelve of the S. enterica hisA gene variants (Tables 4.1 and 4.2) obtained from the serial 

passage evolution described earlier (Näsvall et al., 2012) were received in expression vector 

pEXP5-CT. The plasmids were used to transform BL21-Gold(DE3);  protein expression was 

carried out as described previously (8.4.1); and protein purification was performed using 

IMAC (see 8.4.4-5). Like wild type SeHisA, the variant proteins were all ~27 kDa (Appendix 

III) but migrated alongside the 25 kDa marker when separated via SDS-PAGE (Fig. 4.6).  

 
 

SeHisA variant pGro7 
present? 

Replaced 
cell stocks? 

Typical yield 
(mg/L) 

DA26431 Yes Yes 3.6 
DA26432 No No 16 
DA26433 No Yes 1.8 
DA26435 Yes No 15 
DA26436 No Yes 0.8 
DA26437 Yes No 1.9 
DA26438 Yes No 13 
DA26440 Yes No 12 
DA26441 No No 25 
DA26442 No Yes 2.6 
DA26443 No Yes 2.1 

 

Some of the variants showed limited soluble expression. After testing several methods to 

improve solubility (see 8.4.2), co-expression with pGro7, which encodes the two subunits of 

E. coli chaperone GroEL/ES under control of an arabinose-inducible promoter, was found to 

increase yields of soluble protein in many cases (Fig 4.6.; Table 4.2). Yields of HisA DA26436 

were improved by increasing the cell culture volume to > 1 L. A number of variants showed 

improved solubility when expressed from replacement cell lines provided by our 

collaborators, Assoc. Prof. Maria Selmer and Annika Söderholm (Table 4.2). Final protein 

yields ranged between 0.8 and 25 mg per litre cell culture (Table 4.2). Note that all the SeHisA 

variants migrated as monomers when characterised by size-exclusion chromatography in the 

Selmer Lab. 

Table 4.2. Expression of evolved SeHisA variant proteins. Columns 
indicate whether soluble expression was improved through co-expression 
of the GroEL/ES chaperone (encoded by pGro7) or by fresh cell stocks. 
Yields are mg of soluble protein purified per L of cell culture. 
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4.2.2. TrpF is Characterised in a Coupled Enzyme Assay 
 

Characterisation of the TrpF reaction, like that of HisA, required a coupled-enzyme assay (Fig 

4.7). First, the labile TrpF substrate PRA cannot be purchased commercially and must be 

synthesised in the coupled assay. Anthranilate phosporibosyl transferase (TrpD; E.C. 2.4.2.18) 

catalyses the reaction proceding TrpF in Trp biosynthesis (Fig. 4.1 B), combining anthranilate 

and PRPP to form PRA. TrpD from Actinobacter baylyi (Fig. 4.8 A; (Patrick and Matsumura, 

2008)) was used with precise concentrations of anthranilate to synthesise PRA. A five-fold 

excess of PRPP was used to compensate for product hydrolysis by recycling anthranilate back 

to PRA (see Fig. 4.7). 

 

The TrpF substrate and product, PRA and CdRP, have very similar absorbance profiles (Fig. 

4.8 B; (Kirschner et al., 1987)) and therefore the reaction cannot be detected directly via 

spectrophotometry. Although other groups employ a detection technique based on 

fluorometry (Henn-Sax et al., 2002; Hommel et al., 1995), in this study the activity of TrpF 

was coupled to the TrpC reaction as it allows the use of high concentrations of  fluorescent 

anthranilate for the detection of poor TrpF activities. The indole ring of the TrpC product 

InGP displays a distinctive absorbance profile with maxima between 260-290 nm (Fig. 4.7 B 

shows that anthranilate, PRA and CdRP all have maxima between 300-340 nm).  
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Figure 4.6. Expression and purification of variant SeHisA proteins. A. The use of the GroEL/ES system 
improved expression of some variants. Total (tot) and soluble (sol) fractions were analysed by SDS-PAGE following 
overnight expression with both pEXP5-CT and pGro7 at 28°C. B. BL21-gold(DE3) colonies expressing select HisA 
variants were received from collaborators at Uppsala University. C. Fractions from an IMAC purification of 
HisA DA26431 using the AKTA Liquid Chromatography System.  
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The highly active, highly soluble TrpC used in this study (Fig. 4.7 A) was from Pseudomonas 

aeruginosa, cloned and characterised previously (Gerth et al., 2012). 

 

TrpF activity was therefore detected in a coupled reaction with TrpD and TrpC as shown in 

Fig. 4.7. Generation of the final product InGP was detected by an increase in absorbance at 

278 nm, as described previously (Patrick and Matsumura, 2008)
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Figure 4.7. TrpF coupled enzyme assay reaction.  TrpD converts PRPP and anthranilate to the TrpF substrate, PRA. 
Highly, labile, PRA hydrolyses to ribose 5-phosphate (not shown) and anthranilate, which is recycled back to PRA with 
the excess PRPP. An enzyme with TrpF activity (EcTrpF or evolved SeHisA) converts PRA to CdRP via an isomerisation 
reaction. TrpC forms InGP, which can be detected at 278 nm. TrpF/HisA is present at limiting concentrations and 
therefore determines the rate of the coupled reaction. 
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The assay was optimised with EcTrpF and – at 25°C with a pH of 7.5 – a kcat of 5.1 s-1 and a KM 

of 46 µM, with a resultant kcat/KM of 1.1×105 s-1.M-1 were observed (Table 4.3). The wild type 

model enzyme displayed Michaelis-Menten kinetics, but the HisA variants had poor activity 

and could not be saturated with substrate. Anthranilate could not be used >2 mM in the assay 

due to its low solubility in water (stock solutions were stored in ethanol) and its inhibition of 

the coupled enzyme TrpD at high levels (Cookson et al., 2014; Gonzalez and Somerville, 

1986). The catalytic efficiency could, however, be inferred from the linear relationship 

observed between substrate concentration and activity, as done previously when similarly 

weak TrpF activities were assayed (Patrick and Matsumura, 2008).  

 

 

Figure 4.8. Enzymes and intermediates of the coupled TrpF reaction. A. Coupled enzymes A. baylyi 
(Ab)TrpD and P. aeruginosa (Pa)TrpC with wild type E. coli (Ec)TrpF. B. Absorbance spectra of species in 
the TrpF assay. Adapted from (Kirschner et al., 1987).  
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4.2.3. Kinetics of Evolved HisA Variants 
 

All of the SeHisA variant enzymes characterised in this study were independently expressed 

and purified twice to yield biological duplicates. Each enzyme was tested for both HisA (8.6.3) 

and TrpF activity (8.6.4) and, where there was activity, assayed at multiple appropriate 

substrate concentrations in at least technical triplicate. An activity was classed as not 

detectable if no change in absorbance was detected with ≥ 10 µM enzyme and ~500 µM 

ProFAR (HisA activity assay) or 2 mM anthranilate and 10 mM PRPP (TrpF activity assay). 

The assays were performed in identical buffering conditions, temperatures (25°C) and pH 

(7.5) with the exception of the presence of MgCl2 in the TrpF assay, as it is required for TrpD 

activity (Sinha and Smith, 2001). 

 

The full kinetic parameters are represented in Fig. 4.10 and Table 4.3.  
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Figure 4.10. HisA and TrpF activities of evolved HisA variants. The variant numbers refer 
to Table 4.1; SeHisA is the HisA enzyme from Salmonella enterica. The catalytic efficiencies are 
represented in s-1.M-1; TrpF activity is represented in blue corresponding to the left y-axis; 
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4.2.4. SeHisA Variant Thermostability 
 

The melting temperatures (TM) were estimated for a number of the SeHisA enzymes to 

determine whether particular substitutions led to a reduction in protein stability. SeHisA and 

variants DA26437, DA26440, DA26442 and DA26443 were excluded as their TM values were 

estimated by Circular Dichroism Spectroscopy by Annika Söderholm. A thermal melt assay 

thermally denatures proteins in the presence of SYPRO Orange Protein Gel Stain (fluoresces 

when core hydrophobic residues become exposed) and the TM is the temperature at which half 

the molecules are unfolded (8.4.9). The HisA DA26431 variant was analysed with both 

techniques (Table 4.4) and both gave a predicted TM of 52°C, indicating that the two 

techniques are equivalent.  

 
Table 4.4. The melting temperatures of selected SeHisA variant proteins. Error: SEM of technical replicates. AS 
indicates samples that were analysed with circular dichroism spectrometry by Annika Söderholm. 

SeHisA variant Mutations TM (°C) Source 
SeHisA  52 AS 

DA26431 Dup 13-15 52.1 ± 0.3 This study 
DA26431 Dup 13-15 52 AS 
DA26432 Dup 13-15 D10G 52.1 ± 0.2 This study 
DA26433 Dup 13-15 D10G G102A 50.6 ± 0.7 This study 
DA26435 Dup 13-15 D10G G11D G44E G102A 53.6 ± 0.1 This study 
DA26436 Dup 13-15 D10G Q24L G102A 51.8 ± 0.2 This study 
DA26438 Dup 13-15 D10G V15[b]M Q24L G102A 51.9 ± 0.1 This study 

 

SeHisA variants DA26431, DA26432, DA26436 and DA26438 all had TM values of ~ 52°C 

(Table 4.4). DA26433 had a TM reduced compared to the other variants, but showed great 

variability (not a statistically significant difference). DA26435 had an increased TM relative to 

the other characterised proteins. While statistically significant, this elevated melting 

temperature may not be physiologically relevant.  
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4.3. Discussion 

4.3.1. The Mutations of this Study 
 

This section investigates the relative contributions of the different mutations to the two 

activities exhibited by the active sites of the SeHisA variants. As described previously, the 

variants arose as products of in vitro evolution under selection for HisA and TrpF activity 

(Fig. 4.3, pp. 86 (Näsvall et al., 2012)). The variants characterised in this study therefore 

represent points along the path natural selection took through the fitness landscape during the 

serial passage experiment.  

 

Kinetic and structural data are combined here to elucidate the specific interactions within the 

modified SeHisA active sites and their effects on in vitro activity in addition to in vivo fitness. 

  

4.3.2. The Requirements for TrpF Activity: Duplication 13 – 15 
 

The duplication of residues 13-15 was both sufficient and necessary to establish TrpF activity 

on the SeHisA scaffold. When it occurred alone in SeHisA, dup 13-15 abolished the original 

HisA activity and established TrpF activity (DA26431; Fig. 4.11); reciprocally, when dup 13-

15 was lost, a generalist enzyme (DA26432 (dup 13-15, D10G)) reverted back to a HisA 

specialist  (DA26442 (D10G), see Fig. 4.11).  
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Figure 4.11.  The effect of duplication 
13-15 on HisA and TrpF activity. The 
effects of dup 13-15 and D10G (shown) 
on SeHisA activity are illustrated by 
comparison of the above variants. 
Enzyme catalytic efficiencies are 
displayed in s-1.M-1. Errors are SEM. 
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The 13-15 duplication occurs in the β1' strand within βα loop 1 of the SeHisA (βα)8-barrel 

(Fig. 4.12). The duplicated residues, Val 15[a], Val 15[b] and Arg 15[c], are shown in Fig. 4.12. 

Unfortunately, βα loop 1 is highly flexible and is therefore difficult to reliably resolve in crystal 

structures – as discussed with SeHisA.    

 

The HisA DA26431 structure was solved by members of the Selmer Lab with the HisA 

substrate ProFAR bound (D7N mutant), despite exhibiting no activity towards this substrate. 

This indicates that loss of HisA activity in this variant must not be solely due to loss of 

substrate binding (although the time scales of enzyme catalysis and protein co-crystallisation 

are vastly different). Unlike in the apo structure, βα loops 1 and 6 were resolved in their 

entirety in the ProFAR-bound structure (Fig. 4.12). Upon ligand binding, βα loop 6 folds over 

the active site and then βα loop 1 is coordinated on top, locking in place with side chain-

specific interactions between the two loops. 

 

The importance of βα loops 1 and 6 and the role of the 13 – 15 duplication in mediating 

substrate binding and catalytic events are explored further in Chapter Five.   

Figure 4.12.  Location of the 13 - 15 duplication on HisA. Left: DA26431 (D7N) structure with residues 13-15  
and 15[a]-[c] indicated in stick form (blue). Right inset: the original and duplicated residues 13 – 15 in the 
presence and absence of ProFAR. Note that βα-loop 1 could only be fully resolved in the ProFAR-DA26431 structure 
(ligand not shown). 
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4.3.3. The Effects of the D10G Substitution 
 

The D10G substitution was sufficient to reinstate HisA activity in the presence of dup13-15 

(Fig. 4.11). This substitution was retained in all the SeHisA variants in this study apart from 

the first TrpF specialist, DA26431 (Fig. 4.3, pp. 86). However, D10G had a slightly detrimental 

effect on HisA activity when it occurred alone. The HisA specialist DA26442 (D10G) showed 

a kcat comparable to SeHisA (7.6 ± 0.2 vs. 7.8 ± 2.4; Table 4.3), but its KM for ProFAR was 

increased from 17 ± 0.01 to 29 ± 10.  On the other hand, bifunctional DA26432 (dup 13-15, 

D10G) exhibited a KM for ProFAR that was 10-fold lower than that of SeHisA, at 1.7 ± 0.2 µM, 

but showed a substantially reduced kcat. 

 

The D10G substitution occurs within the turn region between the β1 and β1' strands (shown 

on the DA26431 structure in Fig. 4.13 A) of the (βα)8-barrel. The first β-strand bears the 

SeHisA general base, Asp 7 (which does not appear to be repositioned in the presence of the 

D10G substitution); the second, the 13-15 duplication. The turn is formed by reciprocal H-

bonds between the main chain amide and carbonyl groups of Ile 9 and Thr 12; Asp/Gly 10 

and Gly 11 form the tip of the turn (Fig. 4.13 B).  

 

Both DA26431 and DA26432 maintain an H-bonding interaction between the main chain 

amide of residue 10 and the Thr 52 side chain (Fig. 4.13 C and D). As the DA26432 structures 

bear the D10G substitution, position 10 has no side chain. Gly residues are helix-breakers and 

typically favour turn regions (Voet and Voet, 2004b), but as it is positioned at the tip of a turn, 

the D10G substitution does not appear to lead to any changes in the immediate secondary 

structure. 

 

The Asp 10 side chain occupies two equally likely orientations in the SeHisA (apo and 

ProFAR-bound) and apo-DA26431 structures (Fig. 4.13 B), suggesting that it is flexible. One 

side chain conformation allows H-bonds to form between Asp 10 (main chain amide and side 

chain terminal amine) and the side chain hydroxyl of Thr 52 on α2 (Fig. 4.13 B). However 

when DA26431 binds ProFAR, Asp 10 is fixed in its alternate conformation, oriented away 

from α2. Unlike SeHisA or DA26433, DA26431 was also the only enzyme in which βα loop 1 

could be fully resolved in the presence of ligand (ProFAR), suggesting that the 13-15 
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duplication rigidifies the loop. While speculative, it is possible that the introduction of the 

D10G mutation restores flexibility to this region, which could in turn be the key to restoring 

HisA function. 

 

 

The bifunctional DA26432 enzyme might, with the D10G substitution, be able to undergo 

conformational changes upon ligand binding (induced fit) to yield an active site suited to each 

substrate. Insights into this hypothesis could be gained by solving the crystal structures of 

DA26431 (D7N) in the presence of TrpF product analogue reduced CdRP (rCdRP) and 

DA26432 (D7N) with ProFAR (as opposed to PRFAR) and rCdRP. Preliminary molecular 

Figure 4.13.  The position of Asp 10 in SeHisA. A. Asp 10 projects from the surface. Asp 10 (yellow, stick) is 
present on the hinge region between β1 and β1' of βα loop 1 (blue) of the ProFAR-bound HisA DA26431 structure. 
Interactions with and around position 10 in HisA structures. The turn region including position 10 is shown for 
the apo-SeHisA (B), the ProFAR-DA26431(D7N) (C) and apo-DA26432 (D) structures. Dotted lines indicate H-bonds 
(distances < 3.0 Å). ** indicates residues with electron density for multiple side chain orientations. 
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dynamics (MD) simulations from the Kamerlin Lab (Uppsala University) showed that the 

region of βα loop 1 exhibited increased movement in DA26432 when compared to DA26431 

(r.m.s. deviation, nm). The benefits of active site flexibility in promiscuous enzymes have been 

discussed previously (Gatti-Lafranconi and Hollfelder, 2013) and will be further explored in 

Chapter Seven. 

4.3.4. The V15[b]M Substitution Promotes TrpF Activity 
 

The evolved SeHisA variant with the greatest TrpF activity was DA26438 (dup 13-15, D10G, 

V15[b]M, Q24L, G102A): its kcat/KM of 1,800 s-1.M-1 was nearly 7-fold greater than the next 

best variants (DA26436 and DA26437, each 260 s-1.M-1, see Table 4.3 and Fig. 4.14). The 

sequence difference between DA26438 and DA26436 is a single amino acid substitution, 

V15[b]M, which occurs within the 13 – 15 duplication.  

 

The substitution of Val 15[b] with Met is relatively conservative and does not immediately 

suggest an explanation for the significant change in activity, increasing both kcat/KM and 

substrate specificity. It may counteract the effect of D10G, re-rigidifying βα loop 1 in an 

orientation that precludes ProFAR binding. The uncharged side chain of V15[b]M is unlikely 

to directly alter catalysis or binding, but may simply allow the effects of the other mutations in 

the generalist DA26436 to be fully realised.  That is, V15[b]M may be a permissive mutation 

which stabilises an altered active site. The role of this position was probed further by site-

directed mutagenesis in Chapter Five. 

Figure 4.14.  The effect of the 
V15[b]M substitution on activity. 
Generalist DA26436 and TrpF 
specialist DA26438 differ by the 
presence of the V15[b]M 
substitution in the latter. Catalytic 
efficiencies for the HisA and TrpF 
reactions are shown (s-1.M-1). Errors 
are SEM. 
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4.3.5. The G102A Substitution Improves TrpF Activity 
 

One of the substitutions that appears to benefit TrpF activity at the expense of HisA activity is 

G102A, which occurs in the binding pocket for ProFAR phosphate 2. 

 

Generalist HisA DA26433 (dup 13-15, D10G, G102A) exhibited a 4.3-fold increase in TrpF 

catalytic efficiency compared to DA26432, which lacked the substitution (Fig. 4.15). On the 

other hand, G102A was shown to have a detrimental effect on HisA activity in two different 

genetic backgrounds (Fig. 4.15). Interestingly, in the original S. enterica evolution experiment,  

 

DA26433 was found to confer a greater growth advantage than DA26432 in both Trp- and 

His-limiting conditions (Fig. 4.4; (Näsvall et al., 2012)). The study did not observe any 

significant change between the growth rates of cells with DA26442 (D10G) or DA26443 

(D10G, G102A) variants. This juxtaposition of in vivo and in vitro effects indicates that 

variants DA26442 and DA26443 both exceed the Activity Threshold for HisA activity in S. 

enterica, above which changes in kcat/KM are not expected to impact growth (Newton et al., 

2015).  

 

DA26432

DA26433

DA26442

DA26443
0

100

200

300

TrpF HisA

0

4×105

2×105

H
isA Activity (k

cat /K
M )Tr

pF
 A

ct
iv

ity
 (k

ca
t/K

M
)

1×105

3×105

*

Figure 4.15. Substitution G102A increases TrpF activity. The catalytic activities (s-1.M-1) of 
generalists DA26432 (dup 13-15, D10G) and DA26433 (dup 13-15, D10G, G102A), and HisA 
specialists DA26442 (D10G) and DA26443 (D10G, G102A) are compared to determine the effect 
of G102A. Errors are SEM. * p value <0.05 (2-tailed T-test performed with Prism GraphPad). 
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It can be hypothesised that the G102A substitution affects substrate binding. Figure 4.16 A 

compares the active sites of SeHisA (ProFAR-bound) and the generalist DA26433 (apo 

structure with ligand overlaid from the DA26436-rCdRP structure in PyMOL). The side-by-

side comparison emphasises the size difference between the two ligands: ProFAR bridges the 

centre of the (βα)8-barrel, whereas the TrpF product analogue rCdRP does not occupy the 

phosphate 2 pocket.  

In the SeHisA structure, the Gly 102 backbone amide forms a H-bond with phosphate 2 of 

ProFAR (Fig. 3.7 D [pp. 62] and Fig. 4.16 B). When the position is substituted with Ala, this 

interaction is abolished and a hydrophobic methyl side chain is introduced into the 

phosphate-binding site, likely having a detrimental effect upon KM. The potential for a steric 

clash is demonstrated then ProFAR is modelled on the DA26433 (Fig. 4.16 C) or rCdRP-

DA26436 structure (not shown). The HisA KM values (Table 4.3) support the structural 

analyses, as DA26433 exhibited a KM >3-fold greater than DA26432. HisA specialist DA26443, 

Figure 4.16. Substitution G102A affects substrate binding. A. The structures of wild type SeHisA and generalist 
DA26433 with ligands bound. SeHisA has Gly at position 102 (arrow); DA26433 carries the G102A substitution (arrow). 
SeHisA (D7N) was co-crystalllised with substrate ProFAR (see also B); TrpF product analogue rCdRP is modelled 
in the active site of apo-DA26433 (D). Panel C overlays ProFAR with the DA26433 active site to show the 
potential for steric clashes. Distances between non H atoms are shown.  
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however, had a comparable KM to DA26442 but a kcat reduced by ~2-fold. G102A must 

therefore have a different effect upon the active site in the absence of the 13-15 duplication. 

 

As the single phosphate of rCdRP is always coordinated in pocket 1, the TrpF substrate is 

unlikely to clash with the Ala 102 side chain (closest carbons 3.8 Å; Fig. 4.16 D). The Ala 102 

methyl side chain could, however, aid binding of the aromatic anthranilate ring of PRA/CdRP 

through a hydrophobic interaction. The G102A substitution could therefore represent a first 

step in reshaping the active site to optimise binding of the new substrate: decreasing the size 

of the active site and increasing hydrophobicity could help to both exclude ProFAR and 

preferentially bind PRA. 

 

This position will be revisited in Chapter Six, where it was targeted in the engineering of 

DA26432 function.  

4.3.6. Substitutions at Position 106 Abolish HisA Activity 
 

Position 106, while further from the SeHisA active site than 102, had a more drastic effect 

upon activity: relatively conservative changes at this position affected both HisA and TrpF 

function.  

 

Figure 4.17 compares three SeHisA variants that have the same background mutations (dup 

13-15, D10G, Q24L and G102A) but vary at position 106. HisA DA26436 has Val 106 and is a 

generalist enzyme. A V106L substitution (DA26437) abolished HisA activity but left TrpF 

activity unchanged. When the position was instead mutated to a Met (which is more 

hydrophobic that Val or Leu), then TrpF activity was also reduced (though only at a low level 

of statistic significance; p = 0.19).  
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To determine the structural basis of these effects, the apo structures of DA26436 (V106) and 

DA26437 (V106L) were compared (Fig. 4.18). Val 106 is situated at the C-terminus of the α4' 

helix on βα loop 4 (Fig. 4.18), the other end of which forms part of the binding pocket for 

phosphate 2 of ProFAR (including Gly 102 and Ser 103). Although the mutation of Val to Leu 

is a conservative one, the substitution led to a movement of the backbone and alteration of 

secondary structure. A reshaping of the active site appears to eject ProFAR.  

 

Val 106 (in DA26436) has the potential to form stabilising hydrophobic interactions with Val 

140 and 143 of βα loop 5 (Fig. 14.18 B). In the DA26437 structure, the Leu 106 side chain is 

repositioned (Fig. 4.18 B) – perhaps because its bulkier side chain cannot be accommodated  – 

and leading to a loss of structure of α4'. Secondary structure predictions using STRIDE 

(Heinig and Frishman, 2004) found the helix (STAVK) in DA26436 is classified as a turn in 

the DA26437 structure. With the Leu 106 side chain now pointing away from βα loop 5, the 

putative hydrophobic interaction with Val 143 is lost and this may lead to increased flexibility 

of the loop. βα loop 5 could not be resolved for the DA26437 structure, which supports a role 

for Val 106 in stabilising its conformation in the DA26436 structures. The rearrangement of 

α4' causes the Ala 102 (G102A; Fig. 4.16) side chain to be pushed into the binding pocket for 

ProFAR phosphate 2, potentially leading to loss of ProFAR binding. Although there is no 

structure available for the DA26440 variant (V106M), it can be inferred that the bulkier side 
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Figure 4.17.  Substitutions a position 106 can affect both functions of the HisA active site. The above variants 
have the same genotype (dup 13-15, D10G, Q24L, G102A) with the exception of position 106, labelled. HisA and TrpF 
catalytic efficiencies (s-1.M-1) are show with SEM. 
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chain could lead to a greater conformational change, which could also affect PRA binding 

(unfortunately, due to the nature of the data, KM values cannot be compared for TrpF activity) 

or otherwise alter the architecture of the active site to reduce TrpF activity in DA26440.  

Interestingly, an alignment between HisA and PriA primary sequences (Fig. 3.16, pp. 70) 

shows that PriA (from S. coelicolor and M. tuberculosis) enzymes have a conserved Leu 

residue at this position. EcHisA has a Val, but TmHisA also has a Leu, suggesting that a HisA 

can tolerate a Leu residue at this position in a different genetic environment. The presence of 

Leu 106 in a naturally occurring bifunctional HisA/TrpF enzyme supports a positive role for it 

in maintenance of TrpF function on a HisA scaffold. 

 

4.3.7. Substitutions G11D, Q24L and G44E 
 

The final three substitutions analysed in this study have less obvious impacts upon the 

structure and function of the SeHisA variants. The G11D substitution occurs in the turn 

region of βα loop 1, next to D10G, and it was observed in a single variant (DA26435). G44E 

was present in two variants (DA26435 and DA26441) and is located at the stability face of the 

Figure 4.18.  The structural effects of substitution V106L. A. Val 106 is located on α4' of βα loop 4 (blue), 
and may form hydrophobic interactions with residues on βα loop 5 (purple). Val 106 is shown in stick form.  
B. V106L leads to structural changes in the vicinity. Val 106 of DA26436 (green) appears to stabilise βα loop 5 
through hydrophobic interactions; in DA26437 (blue) the Leu 106 side chain is repositioned, the α4' helix 
structure is lost and there is no density for βα loop 5. Apo structures are shown. 
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(βα)8-barrel on αβ loop 1. Q24L was present in five variants (DA26436-41) and occurs in β1'' 

of βα loop 1. The kinetic effects of these substitutions are summarised in Fig. 4.19. 

 

During the original evolution experiment, SeHisA variants DA26433, DA26436 and DA26441 

arose in sequential fashion within the same lineage (Näsvall et al., 2012); DA26435 arose in a 

different lineage where DA26433 first gained the G11D substitution (not in this study) and 

then G44A.  

 

4.3.7.1. The Q24L Mutation May Have a Stabilising Effect 
 

The Q24L mutation arose independently twice (Fig. 4.3, pp. 86) during the original evolution 

study (Näsvall et al., 2012). In one of the linages it arose after 2000 generations (DA26436) 

and was maintained in all variants that were descended from it (both generalists and TrpF 

specialists); the other instance was at the end of a lineage, leading to another occurrence of 

TrpF specialist DA26440. 

 

The direct effect of the substitution was estimated by comparing bifunctional variants 

DA26433 (dup 13-15, D10G, G102A) and DA26436 (dup 13-15, D10G, G102A, Q24L) as in 

Fig. 4.19. The substitution led to a slight increase in TrpF activity; the HisA catalytic efficiency 

showed a decrease but this was not statistically significant due to the large error in 

measurements for DA26433. DA26436 showed an increase in KM (10 µM from 5.7 µM, Table 
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4.3) and no change in kcat (both 0.053 s-1). As none of the enzymes could be saturated with 

PRA, it was impossible to determine the relative changes in kcat and KM for TrpF activity.  

 

The effects of the Q24L mutation were the likely the results of the introduction of a 

hydrophobic side chain leading to altered movements of βα loop 1. Structures have been 

solved for DA26433 (apo) and DA26436 (apo, PRFAR- and rCdRP-bound). In the DA26433 

structure, the wild type Gln 24 side chain projects into a hydrophobic region: within 3.2-4.4 Å 

of Ile 9; 4.1Å of Leu 51; and 4.4 Å of Val 14 (Fig. 4.20 A). The H-bond potential of the Gln 24 

side chain is left unrealised. Substitution of position 24 with a hydrophobic residue (i.e. Leu) 

could therefore increase the stability of SeHisA by introducing further hydrophobic packing 

interactions  (Fig. 4.20 B), which has been observed previously due to single amino acid 

changes (Kellis et al., 1988; Pace et al., 2011). The increased TM of DA26436 compared to 

DA26433 (Table 4.4) supports the hypothesis that Q24L could have a stabilising effect. Once 

introduced, the substitution may have reached fixation and been maintained as it had an 

approximately neutral effect on activity (Kimura, 1989; Näsvall et al., 2012). 

 

4.3.7.2. Effects of the G44E Substitution 
 

The next substitution to occur in the lineage following Q24L was G44E. A comparison of the 

kinetics of generalists DA26436 (D10G, dup13-15, Q24L, G102A) and DA26441 (D10G, 

dup13-15, Q24L, G44E, G102A) suggested that the substitution may have led to a slight loss of 

Figure 4.20. The Q24L substitution stabilises βα loop 1 through hydrophobic interactions. The side chain of 
position 24 projects into a hydrophobic pocket. The charge Gln side chain (A, DA26433 apo structure) cannot form 
stabilising interactions, but hydrophobic Leu (B, DA26436 apo structure) can.  
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TrpF activity (Fig. 4.19). There was a reduction (although not statistically-significant) in TrpF 

catalytic efficiency in DA26441 and negligible change in HisA catalytic efficiency.  

 

This lack of change in HisA kcat/KM, however, was due to significant increases in both kcat (3.4-

fold) and in KM (3.5-fold; Table 4.3). An explanation for the simultaneous increase of both KM 

and kcat upon the introduction of the G44E substitution could be that decreased affinity for 

ProFAR (and, potentially, the reaction product PRFAR) resulted in an increase in the rate of 

product release (and thus kcat). However, this would require that product-release is the rate-

limiting step in the HisA reaction, and a recent study that correlated HisA kcat with pH 

suggested that the abstraction of a proton from the general acid (Chapter Three) is rate-

determining (Reisinger et al., 2012). Alternatively, looser binding could also lead to a 

repositioning of the substrate in the active site, leading to increased efficiency of catalysis. 

 

The HisA sequence alignment in Fig. 3.16 (pp. 70) showed that Glu in this position is 

common to PriA and is also present in EcHisA. Therefore, Glu in this position may improve 

HisA activity through a similar mechanism in homologous enzymes.  

 

Growth rate data support G44E as a beneficial mutation in vivo (Näsvall et al., 2012). Like the 

in vitro data, S. enterica ΔhisA ΔtrpF cells expressing DA26441 exhibited comparable growth 

rates in Trp-limiting conditions to those expressing DA26436. However, expression of 

DA26441 led to a statistically significant increase in growth under selection for HisA activity 

or bifunctionality. Therefore, the G44E mutation can be confirmed to confer a fitness benefit 

to the cell independent of its effect on catalytic efficiency.  

 

The residue is positioned in αβ loop 1, far removed from the active site (see Fig. 4.21). No 

structural information is available for the variant that contains G44E (DA26441), but in silico 

modelling of the residue in the DA26436 structure (PyMol) suggests that a Glu side chain 

would project from the face of the protein. A potential H-bond between the Glu terminal 

carboxyl group and main chain amide is shown in Fig. 4.21.  
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Additional electrostatic interactions at the base of the (βα)8-barrel are likely to increase the 

stability of the whole protein (Höcker et al., 2001a), explaining why the in vivo fitness benefit 

is not function-dependent. Proteins with greater stability are likely to persist for longer in the 

cell; with equal rates of synthesis, it can be predicted that cells expressing DA26441 will 

contain greater numbers of functional enzymes than cells expressing less stable DA26436. A 

thermal shift assay found that variant DA26435, which contains G44E, indeed had an 

increased TM compared to other HisA variants (Table 4.4). However, as all of the variants had 

TM values of 50-53°C, small changes may have negligible effects on protein stability at the 

growth temperature of S. enterica (37°C). 

 

4.3.7.3. The Effects of the G11D Substitution 
 

The final substitution in the above lineage and for this chapter was G11D, which occurred 

adjacent to the D10G substitution. The two residues form the turn region of βα loop 1, before 

the β-hairpin that contains dup13-15 and Q24L (Fig. 4.22 A). As stated above, G11D arose 

once in the evolution experiment, converting DA26433 to DA26434 (not characterised in this 

study), which then acquired the G44E substitution to yield DA26435 (Fig. 4.22 B). Growth 

rate data ((Näsvall et al., 2012) Fig. 4.22 B) indicated that the G11D substitution led to an 

Figure 4.21. Location of the G44E substitution. A. The substitution was modelled on the apo-DA26436 
structure in silico with PyMol. B. Putative hydrogen bond between Glu 44 side chain carbonyl and main chain 
amide.  
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increase in cell fitness under both His- and Trp-limiting conditions, with a similar increase 

observed in the transition from DA26434 to DA26435. 

 

The kinetic effects of the G11D substitution are best estimated through the comparison of 

HisA variants DA26441 (dup 13-15, D10G, Q24L, G44E, G102A) and DA26435 (dup 13-15, 

D10G, G11D, G44E, G102A), although the variants differ at positions 11 and 24. There was 

no statistically significant change in the catalytic efficiency between the variants for either 

HisA or TrpF activity (Fig. 4.19). Variant DA26435 showed the highest KM for ProFAR in this 

study (100 µM); but the kcat for the enzyme was also the highest among the generalist enzymes 

(0.67 s-1), which more than compensated for the decreased binding affinity (kcat/KM of 

DA26435 was greater than DA26441).  

 

It is possible that the G11D substitution, the reciprocal change to D10G, is a compensatory 

substitution to offset the increased flexibility of βα loop 1 induced by D10G while maintaining 

both functions. As described above, D10G allowed the recovery of HisA activity after the 

introduction of the 13-15 duplication and led to the lowest KM for ProFAR of all the variants. 

G11D, like D10G, can re-establish HisA activity on DA26431. SeHisA (dup 13-15, G11D) was 

a generalist (Table S4 (Näsvall et al., 2012)): in vivo it was a poorer TrpF than DA26432 but 

conferred a greater growth advantage under His-limiting conditions. The introduction of the 
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Figure 4.22.  The effects of G11D substitution. A. Crystal structure of DA26435 with Gly 10 and Asp 11 shown 
in stick form. B. G11D improves TrpF and HisA activities in vivo. Growth rates of S. enterica ΔhisA ΔtrpF strains 
expressing DA26433, DA26434 and DA26435: selection for TrpF activity is on the x-axis; HisA on the y-axis (Näsvall 
et al., 2012). Growth rate (k) is shown, h-1.  
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G11D substitutions (leading to DA26435) coincided with the loss of the allele encoding HisA 

specialist DA26443 (Fig. 4.3; pp. 86), indicating that the mutation improved the enzyme’s 

performance enough to maintain flux through both the His and Trp biosynthetic pathways. 

4.3.8. Synthesis of the Data 
 

The work described in this chapter has characterised a number of S. enterica HisA variants 

that arose under selection for TrpF activity during an evolution experiment conducted by 

(Näsvall et al., 2012). 

 

The initial acquisition of TrpF activity by the SeHisA enzyme – unlike the directed evolution 

of PTE described by (Tokuriki et al., 2012) – led to an immediate loss of the original activity 

(DA26431, dup 13-15, has no activity towards ProFAR). Although HisA activity was 

reinstated in the bifunctional parental enzyme (DA26432, dup 13-15 D10G), mutations that 

effected a clear improvement in TrpF activity (e.g. dup13-15, V15[b]M and G102A) either 

significantly decreased or abolished HisA activity in vitro. Relatively conservative mutations at 

position 106 were shown to abolish HisA activity but had less drastic (V106M) or no (V106L) 

effects on the kcat/KM for the TrpF reaction. Substitution at position 10 or 11 reinstated HisA 

activity in the presence of the 13-15 duplication: converting a TrpF specialist to a generalist 

enzyme. Other mutations that have had less obvious effects on either activity (G11D, Q24L, 

G44E) may have arisen through selection for enzyme stability and may act together through 

epistasis to improve the performance of the enzyme in vivo, or may have had negligible effects 

on selectable traits but become fixed in the population due to neutral drift (Kimura, 1989). 

 

The reduction or loss of HisA activity accompanying improved TrpF function supports that 

the original function must be sacrificed to accommodate a novel activity: the active site 

becomes optimised for the new activity at the expense of the original activity. The SeHisA 

active site is very evolvable, but the original function is not very robust to mutation. 

 

SeHisA variants that arose in a single lineage are portrayed in Fig. 4.23. The large impacts of 

single mutations are obvious. The 13-15 duplication established TrpF activity and abolished 

HisA activity. The D10G mutation was sufficient to re-establish HisA activity to a level only 

16-fold lower than SeHisA, while maintaining the novel activity (i.e. gain of HisA function 
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with little trade-off for TrpF function). The G102A substitution led to a >4-fold increase in 

TrpF activity at the expense of a 3-fold decrease in HisA activity. The Q24L substitution (to 

yield bifunctional DA26436) continued the trade-off trend, with smaller changes in the two 

activities. From DA26436, three substitutions led to three different enzymes with very 

different properties. The G44E substitution decreased TrpF kcat/KM with no cost to HisA 

activity; V106L, however, did not affect TrpF kcat/KM but abolished HisA activity. The 

V15[b]M substitution also abolished HisA activity, but led to a ~7-fold increase in TrpF 

kcat/KM. This emphasises the huge effects that single mutations can have upon function.  

 

 To place the effects of the mutations in a cellular and evolutionary context, it is useful to 

consider the ratios of the HisA and TrpF activities in the generalist variants (Table 4.5). The 

parental HisA variant, DA26432 (dup 13-15, D10G), showed the highest HisA:TrpF ratio and 

in sequence was the closest of the generalists to SeHisA. Variant DA26433, which differs from 

DA26432 only by the addition of the G102A substitution (Fig. 4.16, pp. 103), has a ratio 
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reduced by 13-fold. The lowest ratio belongs to HisA variant DA26436 (dup 13-15, D10G, 

Q24L, G102A), with a value of 19. This variant had the best TrpF activity of the generalists 

and it is also the closest to being a ‘true generalist’, i.e. an enzyme with an activity ratio of 1.  

 

HisA Variant % of EcTrpF 
k cat/KM 

% of SeHisA 
k cat/KM 

Ratio of HisA:TrpF 
k cat/KM 

DA26431 0.07 0 - 
DA26432 0.05 7.2 560 
DA26433 0.20 2.4 43 
DA26435 0.12 1.7 51 
DA26436 0.24 1.3 19 
DA26437 0.24 0 - 
DA26438 1.63 0 - 
DA26440 0.10 0 - 
DA26441 0.13 1.3 37 
DA26442 0 67 - 
DA26443 0 41 - 

 

Interestingly, neither of the bifunctional PriA enzymes that have been characterised to date 

display a perfect ratio of His and TrpF activities either. While the ScPriA ratio is close with a 

kcat/KM for PRA isomerisation approximately 2-fold higher than for ProFAR (Barona-Gomez 

and Hodgson, 2003), MtPriA had a HisA:TrpF ratio of 0.07 (TrpF kcat/KM was 14-fold higher 

than HisA) (Due et al., 2011). The authors noted that bifunctionality led to a trade-off in 

activity (manifested as a decrease in substrate affinity) when MtPriA was compared to 

previously characterised HisA and TrpF specialist enzymes (Due et al., 2011). Unlike the 

bifunctional enzymes of this study, the PriA enzymes both had higher values for TrpF kcat/KM 

than HisA. As evolution has been described as more of a “drunkard’s walk” than a planned 

ascent to a prescribed idea of perfection (Gould, 1996), these ratios may not be important for 

the organism’s fitness as long as both activities are sufficient to maintain metabolic flux 

through both the His and Trp biosynthetic pathways. 

 

In (Newton et al., 2015), we propose that selection acts upon the enzyme that catalyses the 

rate-limiting reaction in a cell’s metabolism. In a recent publication, Li and colleagues (2014) 

estimated the metabolic flux through the E. coli Met biosynthetic pathway by combining 

kinetic data for each of the enzymatic steps and the absolute cellular concentration of each 

Table 4.5.  Comparison of evolved HisA variants to specialised enzymes. The TrpF 
and HisA kcat/KM values for each variant were compared to E. coli TrpF and S. enterica HisA, 
respectively. The final column compares the two functions within generalist enzymes. 
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enzyme in the cell (turnover, s-1, is a functional of maximal rate and enzyme number). A 

similar experiment with S. enterica could determine the kinetic parameters required to 

prevent the HisA and TrpF reactions from being rate-liming in their respective pathways. 

Unlike PriA, most of the bifunctional enzymes characterised in the present study were not 

required to catalyse both reactions in the evolving S. enterica cells. In accordance with the 

IAD model, gene duplication occurred relatively early in the evolution experiment (Näsvall et 

al., 2012) and therefore the majority of alleles encoding bifunctional or TrpF specialist 

enzymes were accompanied by an allele encoding a HisA specialist (typically DA26443 – 

D10G, G102A, see Fig. 4.3, pp. 86). HisA DA26443 displayed a kcat/KM only 3-fold reduced 

from SeHisA and it can therefore be predicted that most, if not all cellular ProFAR was bound 

and isomerised by this enzyme. A duplicated bifunctional HisA variant (e.g. DA26432 or 

DA26436), with reduced HisA activity, would have been free to act exclusively as a TrpF in 

the cell. In this system, trade-offs in HisA activity would not have affected cell fitness: the 

duplicated gene was under selection only for improved TrpF activity as long as a dedicated 

HisA was maintained. Any changes in HisA activity were therefore by-products of drift or 

evolution towards improved TrpF activity (Tawfik, 2014).  

 

Although this study has shown that the native activity of HisA can be abolished from a 

bifunctional enzyme with a single amino acid substitution (e.g. V15[b]M; DA26436 to 

DA26438), activity towards ProFAR was maintained in many variants, despite the cells only 

being subject to selection for TrpF (Fig. 4.3 and Table 4.3). The same was observed in the 

(Tokuriki et al., 2012) study: the original PTE activity (which was neither selected for or 

against) was maintained, albeit with decreasing substrate affinity, as activity towards the new 

substrate was increased. It was therefore proposed that negative selection against the original 

substrate is often required during the evolution of a specialist from a generalist (Tawfik, 

2014). There is an obvious mechanism for this for the HisA/TrpF generalists. All of the 

SeHisA variants characterised above showed very high KM values for PRA (most > 2 mM; 

Table 4.3), which indicates that the enzymes would effectively never be saturated with 

substrate in the cell and their rate would always be proportional to PRA availability. The 

bifunctional enzymes, however, had ProFAR KM values more comparable to SeHisA (1.7 µM – 

100 µM compared to 17 µM; Table 4.3) and therefore had a greater affinity for this substrate. 

TrpF specialist DA26431 (D7N) was successfully co-crystallised with the ligand. Additionally, 
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a number of TrpF and bifunctional were enzymes assayed for TrpF activity in the presence of 

ProFAR and all exhibited inhibition. In the cellular context, any ProFAR encountered by a 

bifunctional enzyme would be bound preferentially over PRA and therefore act as a 

competitive inhibitor; the same is true for the TrpF specialists (that cannot isomerise 

ProFAR), though the relative binding affinities of PRA and ProFAR are not known.  

 

The only bifunctional enzyme that was required to act as such in the cell was DA26435 (dup 

13-15, D10G, G11D, G44E, G102A), as the second hisA allele was lost from its lineage (Fig. 

4.3, pp. 86). Although the variant confers a greater fitness benefit in vivo (Fig. 4.22 B), the in 

vitro effects were not as obvious (Fig. 4.19). The loss of the second allele could have been 

prompted by mutations in the promoter region to increase enzyme expression to improve flux 

through both pathways. Similar mutations have been observed to improve the poor activity of 

promiscuous enzymes that complemented the loss of essential glycolytic enzyme glucokinase 

in E. coli (Miller and Raines, 2005). HisA DA26435 had the highest KM for ProFAR (100 µM; 

Table 4.3), which could be a result of negative selection against ProFAR binding to level 

competition of substrates for the same active site. An alternative explaination is that the 

substitution could have had a stabilising effect upon the hisA DA26435 mRNA transcript, 

increasing how long it could persist in the cell and be used to translate functional protein.   

 

Although the experiments described by Näsvall et al. were not the first example of a HisA 

enzyme being converted to a TrpF, it was the first study to do so in a manner that resembles 

natural evolution. Unlike the work by Jürgens et al. and  Leopoldseder et al., who used DNA 

shuffling and site-directed mutagenesis, Näsvall’s approach allowed the acquisition of a three 

amino acid duplication which was essential for TrpF activity. While most of the additional 

single amino acid substitutions to follow were in or near the SeHisA active site, they did not 

all occur in locations that would have been intuitive to a researcher performing rational or 

semi-rational design (see Chapter Six). Unlike earlier studies and in accordance with the IAD 

model, the real-time evolution of HisA under selection for TrpF activity proceeded via 

bifunctional intermediate forms. Due and colleagues noted the complexity of bisubstrate 

specificity and the difficulty of generating an active site similar to PriA’s through directed 

evolution (Due et al., 2011). The work described in (Näsvall et al., 2012) and the sections 

above, therefore represent a compromise between attempting to generate a bifunctional 
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enzyme through direct laboratory techniques (such as site-saturation mutagenesis) and 

characterisation of pre-existing generalists. By allowing evolution to occur under controlled 

conditions, we can better estimate how changes in substrate specificity occur in nature. 

 

The experiments described in this chapter have characterised the biochemical outcomes of an 

evolutionary exploration of SeHisA sequence space under selection for novel function. 

Individual mutations led to complex effects on enzyme function, rearrangement of the active 

site and altered protein flexibility or stability. Aside from a three-residue duplication, many of 

the amino acid substitutions were relatively conservative, but as little as a methyl group could 

have a large effect on function. These results emphasise the complexity of the structure-

function relationship, the advantages of altering function through real-time evolution, and the 

malleability of the SeHisA active site. The connectivity between the PriA, HisA and TrpF 

enzymes and their Activity Thresholds will be discussed further in Chapter Seven. 
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5. FIVE 
Questions of Structure and Function in 
Evolved SeHisA Enzymes 
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5.1. Introduction 
 

The previous chapter concentrated on the characterisation of evolved SeHisA enzymes: this 

chapter aims to extend the knowledge of these proteins and their functions by performing 

site-directed mutagenesis on regions of interest to determine the effect on enzyme function. 

The focus will be upon the elements necessary to confer TrpF activity on SeHisA: the initial 

13-15 duplication and the catalytic mechanism of the most efficient TrpF specialist, SeHisA 

DA26438. 

 

5.1.1. The Duplication of Residues 13-15  
 

Chapter Four summarised the kinetic characterisation of a number of HisA enzymes that had 

been evolved to gain the ability to isomerise PRA. As discussed therein, for many of the amino 

acid changes it was possible to link the kinetic parameters of the enzymes to the crystal 

structures and this to infer a link between structure and function. The available crystal 

structures, however, were not sufficient to elucidate the role of the 13-15 duplication: the sole 

requirement to confer TrpF activity on SeHisA.  

 

The duplication could precipitate the switch between HisA and TrpF function by one of two 

methods. First, the three-residue duplication could have an effect by acting as a spacer. 

Lengthening of the first βα loop could reposition residues preceding and following it in the 

primary sequence and tertiary structure of the protein into orientations that are optimal for 

TrpF activity but which abolish HisA activity. Second, the residues within the duplicated 

region (Val 15[a], Val 15[b], Arg 15[c]) could mediate the change in activity through side 

chain specific interactions. The first option is sequence-independent and just requires a 

lengthening of the sequence in the appropriate region of the protein; the second option is 

sequence-dependent as the effect is mediated by the side chain/s of one, two or all three of the 

duplicated residues. 

 

One of the aims of the work described in this chapter was to determine why the 13-15 

duplication is essential for TrpF function. Site-directed mutagenesis was used to identify 

which residues contribute to the novel function, which abolish HisA function, and how. 
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5.1.2. The TrpF Reaction on Wild Type and Engineered Enzymes 
 

Another goal of this chapter was to identify the active site residues required and the 

mechanism for TrpF activity on the evolved HisA enzymes. Although the 13-15 duplication 

has been shown to be essential for TrpF activity in the SeHisA variants of this study, the 

duplicated residues are unlikely to take part in the reaction directly as neither Arg nor Val can 

act as a general acid or base. 

 

Wild type HisA and TrpF enzymes are likely to employ the same general acid base mechanism 

(Fig. 5.1 A) as described in Chapter Three. TrpF and HisA (and related HisF) enzymes have 

been shown to have charged residues in equivalent positions. The residue acting as general 

base (accepting a proton during catalysis) is on β-strand 1 or βα loop 1: Asp 8 in TmHisA, Cys 

7 in TmTrpF and Asp 11 in TmHisF (Henn-Sax et al., 2002). The residue acting as a general 

acid (donating a proton during catalysis) is on βα loop 5 or 6: it is Asp 127, Asp 130 and Asp 

126 in TmHisA, TmHisF and TmTrpF, respectively (Leopoldseder et al., 2004). Naturally 

bifunctional ScPriA is predicted to use Asp 11 and Asp 130 as general base and acid, 

repsectively (Wright et al., 2008). MtPriA also uses Asp 11 as a general base, and the 

alternative general acid position, Asp 171, aligns with SeHisA Asp 176 (Chapter Three) (Due 

et al., 2011). 

 

As shown in Chapter Three, our structural and mutagenesis data suggested that Asp 7 on βα 

loop 1 and Asp 176 on βα loop 6 perform the roles of general base and general acid in S. 

enterica HisA, respectively. The experiments in this section aim to determine whether the 

evolved SeHisA enzymes use the same Asp 176 as a general acid for TrpF activity. 

Alternatively, a more distal acid (such as Asp 132, analogous to Asp 126 in TmTrpF) might act 

in catalysis. 

 

Another source of a general acid could be the TrpF substrate, PRA, itself. In the seminal 

experiment on TmHisA, mutation of the general acid Asp 127 to Val was sufficient to convert 

the enzyme into a TrpF (Jürgens et al., 2000). Additionally, when the D126N substitution was 

introduced into TmTrpF, activity was able to continue (with a kcat/KM reduced by 8500-fold) 

(Henn-Sax et al., 2002). Both of these data indicate that TrpF activity can occur even when the 
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regular general acid is removed, but an alternative acid must be provided. The replacement 

general acid must either be a different acidic residue within the active site or provided 

externally i.e. the substrate. (Fig. 5.1 B).  

5.1.3. Substrate-Assisted Catalysis 
 

Although enzymes act to drastically enhance the rate of chemical reactions, they do not always 

directly take part in catalysis. Substrate-assisted catalysis is the process by which the enzyme 

creates an optimal environment for a functional group from the substrate to partake in 

catalysis. Substrate-assisted catalysis, originally characterised for molecules in solution 

(Fersht, 1995; Higuchi et al., 1966), plays an important role in many enzyme mechanisms, 

both natural and engineered (Dall’Acqua and Carter, 2000; Kosloff and Selinger, 2001). 

Enzymes that exhibit substrate assisted catalysis include class II restriction endonucleases, 

hydrolases, G-proteins, lysozyme (Dall’Acqua and Carter, 2000; Xu et al., 2006) and even the 

ribosome (Weinger et al., 2004). 

 

G-proteins like the oncogenic enzyme Ras have been shown to exhibit substrate-assisted 

catalysis. The γ-phosphate of the substrate, GTP, acts as a general base to abstract a proton 

from nucleophilic water (Kosloff and Selinger, 2001). The transition state is stabilised by an 

active site Gln (Glncat), and obtaining its correct orientation is the rate-determining step of the 

reaction. G-proteins are rendered inactive when this residue is mutated. Activity can be 

rescued, however, in the presence of a modified substrate. The GTP analogue DABP-GTP can 

replace the role of Glncat by correctly positioning the γ-phosphate to act on the nucleophile 

(Ahmadian et al., 1999). This substrate also leads to a rate-enhancement in the wild type 

enzyme of ~10-fold.  

 

The first well-characterised example of substrate-assisted catalysis was that exhibited by 

subtilisin. A typical serine protease, subtilisin hydrolyses polypeptide chains via the action of a 

“catalytic triad” comprised of Ser, His and Asp side chains (Carter and Wells, 1988). The His 

side chain acts first as a proton acceptor and then as a proton donor during catalysis; 

substitution of this residue with Ala to a reduction in catalytic efficiency of ~106-fold (Carter 

and Wells, 1987). However, it was shown in a series of studies that a His side chain positioned 

optimally in the substrate polypeptide could replace the function of the residue from the 
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Bacillus amyloliquefaciens enzyme. Subtilisin H64A variants exhibited a strong preference for 

His next to the scissile bond (Carter and Wells, 1987). These enzymes therefore represent 

examples of both wild type and engineered substrate-assisted catalysis. 

 

The TrpF reaction has also been predicted to proceed via substrate-assisted catalysis. As stated 

above, the reaction requires a general acid and a general base (Fig. 5.1 A). In an alternative 

mechanism for TrpF activity on a different protein scaffold (Fig. 5.1 B), the general base is still 

provided by the enzyme active site, but the role of general acid is taken by the carboxylic acid 

moiety on the anthranilate of PRA.  

 

In 2012, a group studying mutant TmHisA enzymes exhibiting TrpF activity (D127V, D169V 

and D127V/D169V) found there was a correlation between kcat and pH that differed between 

TrpF and the HisA variants (Reisinger et al., 2012). This suggested the variant enzymes 

employed different charged groups for catalysis than TmTrpF. They calculated increased pKa 

values for anthranilate when bound to the HisA variants and performed molecular dynamics 

simulations. It was hypothesised that the HisA Asp to Val substitutions acted to optimise the 

active site for substrate-assisted catalysis and correctly orient the anthranilate moiety of PRA 

so the carboxylate could act as general acid. The group proposed that a substrate lacking the 

carboxylate group could be used to test their hypothesis.  

This chapter will explore the TrpF reaction mechanism of evolved HisA enzyme DA26438 

(dup 13-15, V14:2M, Q24L, G102A), to compare it with the original function in SeHisA and 

to determine whether substrate-assisted catalysis plays a role. 

 

As before, all of the structural analyses, figures and experimental design informed by the 

structures are my own. 
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5.2. Results 

5.2.1. Probing the Function of the 13-15 Duplication 
 

As described above, the 13-15 duplication was hypothesised to confer TrpF activity through 

either an indirect lengthening effect (sequence-independent) or directly, mediated by the 

properties of the duplicated side chains (sequence-dependent). A primitive Ala-scan 

experiment was designed to distinguish between these two possibilities. Site-directed 

mutagenesis was used to mutate residues 13-15 or 15[a]-[c] to Ala (yielding duplication 

sequences AAAVVR and VVRAAA, respectively) on HisA DA26431, which has no additional 

substitutions. If the first option were correct then altering the sequence of the duplication 

region should not affect TrpF activity. If the second were, then altering the properties of the 

side chains would likely abolish TrpF activity and possibly reinstate HisA activity. Positively-

charged Arg was deemed more likely to play a role in catalysis than the hydrophobic Val side 

chains. Therefore, to narrow down the search for a functional residue within the sequence, 

Arg 15 and Arg 15[c] were separately substituted with Ala (VVAVVR and VVRVVA, 

respectively). 

 

Site-directed mutagenesis was performed using QuikChange reagents and protocol (Agilent 

Technologies Inc.), as described previously (Chapter Three and 8.3.3). 

5.2.1.1. The Effects of Duplication Mutations In Vivo 
 

The effects of the duplication mutations were initially assessed through a complementation 

experiment. An E. coli JMB9ΔtrpF strain is auxotrophic for Trp and cannot grow under 

selective conditions (i.e. in the absence of Trp) unless an enzyme with TrpF activity is 

introduced to the cell. pEXP5-CT plasmids encoding SeHisA (negative control), HisA 

DA26431 (positive control) and the four DA26431 duplication mutants were used to 

transform electrocompetent JMB9ΔtrpF. The cells were grown on minimal medium for up to 

two weeks (8.8.1). Colony growth in the absence of added Trp (Fig. 5.2 A) indicated the 

SeHisA variant exhibited TrpF activity in vivo. A cell growth control with added Trp 

confirmed that all of the cells were viable in the presence of the amino acid. 

Cells expressing the HisA DA26431 variant showed significant growth in the absence of Trp 

(Fig. 5.2 A). After 40 hours’ incubation at 28°C, colonies were < 1 mm in diameter, which is 
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small for a long incubation, but not unexpected as DA26431 had the second lowest TrpF 

activity in vitro of the evolved SeHisA enzymes (75 s-1.M-1; Table 4.2) and showed only modest 

growth rates in the original publication (Näsvall et al., 2012). The only growth on the SeHisA 

control was likely due to contaminants (compare to same strain later: Fig. 5.5). 

 

The cells expressing the 13-15 duplication mutants showed little to no initial growth. After 40 

hours, there was no visible growth for the cells expressing the AAAVVR or VVAVVR 

variants. After the same period, the cells expressing HisA DA26431 VVRAAA and VVRVVA 

had formed pinprick colonies (< 0.2 mm). After a further 48 hours, the colonies expressing 

HisA DA26431 VVRVVA had grown to > 0.5 mm in diameter. The colonies were incubated 

for a further two weeks but the other duplication mutants did not show significant growth 

compared to the (non-contaminant) negative control. These results were also observed when 

the complementation experiment was performed using liquid media. 

 

I also attempted to determine whether the above mutations restored HisA activity to the 

DA26431 enzyme. However, the E. coli ΔhisA strain used, from the Keio Collection (Baba et 

al., 2006), failed to grow under the correct conditions as observed previously (Patrick et al., 

2007) and, despite my best efforts, the experiment had to be abandoned. 

Figure 5.2.  In vivo screen for TrpF activity in DA26431 duplication mutants. E. coli JMB9 ΔtrpF cells 
expressing either SeHisA (negative control), HisA DA26431 (positive control) or DA26431 variants with 
different substitutions within the 13-15 duplication sequence (as shown: substitutions in orange) were spread 
on Vogel-Bonner minimal medium and incubated at 28°C. The plates were incubated for 40 h (left) or 24 h 
(right). Both plates contain 50 µM IPTG to induce expression; the positive control contains 50 µM L-Trp.  
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5.2.1.2. The Effects of Duplication Mutations In Vitro 
 

To further probe the function (or lack thereof) of the mutant DA26431 enzymes, the proteins 

were expressed and purified as described previously (8.4.1 and 8.4.4-5). Soluble protein was 

obtained for all HisA variants (Appendix III), indicating that loss of TrpF activity observed for 

the DA26431 AAAVVR and VVAVVR variants in vivo (Fig. 5.2) could not have been due to 

loss of protein folding.  

 

Each HisA DA26431 variant was characterised with the coupled TrpF assay. The kinetic 

characterisation confirmed that substitution of Val 13 – Arg 15, or Arg 15 alone with Ala 

abolished TrpF activity. TrpF activity in the DA26431 VVRAAA and VVRVVA mutants was 

also reduced (Table 5.1). 

 
Table 5.1.  TrpF activities of HisA variants with substitutions in the 13-15 sequence. Activities with substrate PRA; 
error is SEM of biological duplicates. * Biological replicates were not performed when the kcat/KM < 10 s-1.M-1. ND: not 
detected. 

Duplication 
sequence k cat (s-1) KM (mM) k cat/KM (s-1.M-1) % of DA26431 

VVRVVR > 0.15 > 2 75 ± 2 100 
AAAVVR ND ND ND 0 
VVAVVR ND ND ND 0 
VVRAAA > 5.6 × 10-3 > 2 ~ 3* 4 
VVRVVA > 1.6 × 10-2 > 2 ~ 8* 11 

 

The HisA DA26431 variants were also assayed for activity with ProFAR. The original HisA 

DA26431 enzyme did not show any HisA activity in vitro (Chapter Four; Table 5.1), and nor 

did either of the mutants involving Arg15[c] (sequences VVRAAA and VVRVVA). Low HisA 

activity was observed with the AAAVVR mutant, but not for the VVAVVR enzyme (even 

when the lower enzyme concentration is accounted for).  Figure 5.3 shows a raw trace of the 

DA26431 Arg 15 mutants in the HisA assay. 

 



 128 

 

Based on the data in Fig. 5.3, DA26431 AAAVVR has a predicted kcat for the isomerisation of 

ProFAR of ~9×10-3 s-1. 

 

5.2.2. Enzymatic Mechanism of TrpF Activity in the SeHisA Active Site 
 

Following characterisation of the mechanistically important active site residues of SeHisA in 

Chapter Three, I wanted to determine whether the same residues were responsible for TrpF 

activity evolved on the same scaffold (Chapter Four). As described in the chapter 

introduction, the TrpF reaction also occurs via a general acid-base mechanism. A comparison 

of the crystal structures of SeHisA and the evolved enzyme with the greatest TrpF activity, 

HisA DA26438, in the presence of their respective ligands (ProFAR and rCdRP) showed that 

the candidate residues selected in Chapter Three are similarly positioned in the DA26438 

active site. Therefore the same residues – Asp 7 for the base; and Asp 129, Asp 176 and Ser 

202 for the acid – were considered as candidates for the TrpF catalysis (Fig. 5.4). 

 

The following substitutions were created with QuikChange mutagenesis: D7N, D129N, 

D176N, D129N with D176N, and S202A. 

 

Figure 5.3.  Detecting HisA 
activity on DA26431 mutants. 
Raw absorbance traces from a 
HisA activity assay. AAAVVR (10 
µM), VVAVVR (1.3 µM) or storage 
buffer was added at t=0. A 
decrease in absorbance at 300 nm 
indicates HisA activity. * R15A 
enzyme was doubled, but no 
effect. Note: due to the high 
absorbance levels, the trace lines 
have been smoothed using a 
moving average with a 1 minute 
window. 
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Figure 5.4. A comparison of the candidate active site residues in SeHisA (left) and DA26438 (right). The SeHisA 
(D7N) active site shows substrate ProFAR bound; HisA DA26438 is bound to TrpF product analogue, rCdRP. 

 

5.2.2.1. DA26438 Active Site Residues In Vivo 
 

The effect of the HisA DA26438 active site mutants on TrpF activity were characterised in E. 

coli JMB9ΔtrpF on selective medium (Fig. 5.5) as described above. 

DA26438 D7N did not complement growth in the absence of Trp after 38 h at 28°C (Fig. 5.5). 

The plates were incubated for a further two weeks, and although minimal colonies were 

visible after this time, colonies of a similar size and number formed on the SeHisA negative 

control. It can therefore be concluded that the limited colonies were a result of either residual 

Trp in the medium or “the living surviving off the dead”: cells drawing nutrients from other 

deceased cells.   

 

The cells expressing DA26438 S202A showed similar growth on selective conditions to those 

expressing DA26438 (Fig. 5.5). Colonies expressing the DA26438 D129N mutant were slightly 

reduced in size (still ≥ 1 mm). Cells expressing the D176N mutant and the D129N/D176N 

double mutant showed relatively reduced growth, with colonies < 1 mm and never reaching 

the size of the other variant colonies, even after two weeks. 

D176 D176D129
D129

D7N D7

S202 S202

SeHisA DA26438
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5.2.2.2. The In Vitro Effects of Active Site Mutations in DA26438  
 

The effects of the HisA DA26438 active site substitutions on TrpF activity were quantified 

with the coupled TrpF assay (Table 5.2). None of the DA26438 variants exhibited activity 

towards ProFAR. 

 

Figure 5.5. The effect of HisA DA26438 active site mutations upon cell fitness under HisA selection. E. coli 
ΔtrpF cells expressing the proteins were plated on Vogel-Bonner medium containing 100 µg/mL ampicillin and 50 
µM IPTG (A and C), with 50 µM L-Trp for the positive controls (B and D). The above plates were incubated at 28°C for 
38 h, with the exception of (D), which was incubated for 24 h. 
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Table 5.2.  The kinetic effects of active site mutations upon TrpF activity in HisA DA26438. Values for KM and kcat 
have been inferred from kcat/KM. Assays were performed on biological duplicates and in technical triplicate. Errors are 
SEM. 

SeHisA variant k cat  (s-1) KM (mM) k cat/KM (s-1.M-1) % of DA26438  
k cat/KM 

DA26438 > 3.6 > 2 (1.8 ± 0.1) × 103 100 
D7N ND ND ND 0 

D129N > 0.26 > 2 130 ± 10 7.2 
D176N > 0.20 > 2 100 ± 20 5.6 

D129N/D176N > 0.079 > 2 40 ± 20 2.2 
S202A > 1.2 > 2 590 ± 40 33 

 

On the whole, the kinetics results support the in vivo complementation (Fig. 5.5). The D7N 

substitution rendered DA26438 non-functional, despite soluble protein expression (Appendix 

III). Asp 7 is therefore likely to act as general base both for SeHisA activity and for TrpF 

activity in the evolved SeHisA variants. 

 

There was no such obvious solution for the identity of the general acid. The S202A 

substitution had the least effect on catalytic efficiency (three-fold reduction in kcat/KM); D129N 

and D76N led to similar reductions in activity (~13-fold and ~18-fold, respectively). D129N 

and D176N together led to a 45-fold reduction in TrpF kcat/KM, which is still nearly 10-fold less 

severe than the 400-fold reduction in SeHisA catalytic efficiency elicited by the D176N 

substitution. The kinetic data suggested that the TrpF activity in HisA DA26438 could either 

proceed through the action of more than one general acid (Asp 176 or Asp 129), or substrate-

assisted catalysis (via the PRA carboxylate) could abolish the need for an active site general 

acid. 

5.2.3. Trp Enzymes Exhibit Substrate Ambiguity 
 

To determine whether the TrpF reaction in evolved SeHisA enzymes occurs via a substrate-

assisted catalytic mechanism, an assay was devised to use alternative substrates lacking the 

anthranilate carboxylate (Fig. 5.6 and 8.6.5). It was hypothesised that the absence of TrpF 

activity on decarboxylated substrate would support a role for this moiety in the catalytic 

mechanism of HisA DA26438. 
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The decarboxylated form of anthranilate is called aniline (Fig. 5.6). For the assay to work, 

TrpD was required to transform aniline to phosphoribosylaniline, an analogue of TrpF 

substrate PRA. Although not essential for TrpF activity, TrpC conversion of the resulting 

product phenylaminodeoxyribulosephosphate (PAdRP) to InGP makes detection of the 

reaction simpler (Fig. 4.7 and Fig. 5.6). P. aeruginosa TrpC was deemed unlikely to perform 

the reaction as a previous study has shown the E. coli enzyme is inactive with PAdRP (Smith 

and Yanofsky, 1962); whereas TrpD has exhibited activity with a range of anthranilate 

analogues in the past (Castell et al., 2013; Cookson et al., 2014). The first aim was therefore to 

determine whether AbTrpD and PaTrpC could bind and turnover decarboxylated substrates. 

 

The coupled reaction did not exhibit any detectable change in absorbance when monitored in 

real-time and therefore the reactions were incubated overnight. Following the incubation, the 

reactions were analysed for a shift in absorbance maxima to indicate the accumulation of 

product. Although aniline exhibits an absorption maximum (279 nm) lower than anthranilate 

(309 nm: compare Fig. 5.7 and Fig. 4.8 B, pp. 93), its conversion to alternative TrpD and TrpF 

products was expected to lead to the same right-shift in absorbance observed for PRA and 

CdRP compared to anthranilate (Kirschner et al., 1987). The TrpC product, InGP with a 

distinctive absorbance maximum at 278 nm, would be unchanged. 

 

Figure 5.7 shows that the coupled enzyme assay successfully converted aniline and PRPP to 

the final product InGP. This confirmed that AbTrpD, SeHisA DA26438 and PaTrpC all 

exhibit substrate ambiguity towards substrate analogues lacking the carboxylate moiety.  
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Figure 5.6.  Coupled enzyme reactions beginning with aniline. Sequential action of TrpD, TrpF and TrpC on alternative 
substrate aniline (note PRPP is also present in the initial reaction). PAdRP: phenylaminodeoxyribulosephosphate. 
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A number of control reactions were included in the assay. A positive control with anthranilate 

in place of aniline confirmed that all three enzymes were active in the reaction conditions 

(Fig. 5.9). An aniline-only control was run to ascertain the absorbance spectrum for the 

substrate analogue (Fig. 5.7). A sans DA26438 (TrpD + TrpC) control confirmed that any 

phosphoribosylaniline formed by the activity of TrpD was similarly labile to PRA (Creighton, 

1968; Eberhard et al., 1995) and hydrolysed back to aniline by the time of detection. Finally, a 

sans TrpC control (TrpD + DA26438) confirmed that the InGP detected was formed in a 

TrpC-dependent manner. In the absence of the second coupled enzyme a shift in absorbance 

indicated that a different chemical species – PAdRP – had accumulated (Fig. 5.7). 

 

To confirm that PaTrpC did in fact catalyse the conversion of PAdRP to InGP, the products 

of the overnight coupled reaction were analysed via high resolution accurate mass 

measurement using LC-coupled LTQ-Orbitrap mass spectrometry (Fig. 5.8). Nano-flow 

µHPLC was performed with a 3 µm C-18 12 cm column in formic acid; elution was with 

acetonitrile. Dr. Torsten Kleffmann performed the LC-MS and kindly analysed the data. 

 

Figure 5.7. TrpC acts upon a decarboxylated substrate. Absorbance maxima indicate enzyme activity. A 
negative control (sans TrpF: black) could not produce PAdRP and showed a similar absorbance to the 
aniline control; in the presence of all three enzymes (DA26438: orange) produces the characteristic InGP 
spectra; without TrpC (purple), there is no InGP but a shift in the absorbance. 
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Peaks corresponding both to the TrpC alternative substrate PAdRP (m/z 306.07407) and its 

product InGP (288.06400) were detected in the sample (Fig. 5.8). The PAdRP peak had a 

much greater abundance (intensity of 8.07 × 106 counts) than InGP (2.20 × 104 counts). The 

secondary amine of PAdRP is more likely to ionise than InGP, but this cannot account for the 

difference. TrpC may be less efficient at the reaction than expected based on the spectrometry 

results, but degradation cannot be ruled out. Regardless of abundance, these data support that 

PaTrpC has activity toward a decarboxylated substrate. No InGP was detected in the negative 

control (no TrpC). 

 

Although the substrate ambiguity of TrpD and mechanistic promiscuity of TrpC are a 

fascinating study, these enzymes are outside the scope of this work and the results above were 

not pursued further. 

5.2.4. A Test For Substrate-Assisted Catalysis 
 

As shown above, the HisA DA26438 enzyme exhibited activity with decarboxylated substrate 

analogue, phosphoribosylaniline (Fig. 5.7). Further assays found that both HisA DA26438 and 

wild type EcTrpF could turn over PRA in the overnight coupled enzyme assay (positive 

control Fig. 5.9 A); but DA26438 was alone in turning over phosphoribosylaniline (Fig. 5.9 B). 
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Figure 5.8.  TrpC activity with PAdRP was confirmed with LC-MS. LC-MS was performed on an overnight 
coupled enzyme assay with aniline. Peaks with m/z corresponding to both PAdRP (A) and InGP (B) were detected.  
Additional peaks are due to isotopic effects. mmu: error. LC-MS was performed and analysed by Dr. Torsten 
Kleffmann (Centre for Protein Research, University of Otago).  
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The results in Fig. 5.9 B suggested that (1) the HisA DA26438 reaction mechanism is not 

dependent upon substrate-assisted catalysis and (2) EcTrpF either cannot bind 

phosphoribosylaniline due to stricter substrate specificity or its reaction mechanism is fully 

reliant upon substrate-assisted catalysis. 

 

To determine whether the residual TrpF activity observed for the HisA DA26438 D176N 

mutant (Table 5.2) was the result of substrate-assisted catalysis, the aniline coupled enzyme 

assay was repeated with the variant. 

 

Interestingly, although activity was detected for DA26438 D176N in the positive control (Fig. 

5.10 A: reduced InGP absorbance consolidates the low kcat/KM value for the enzyme, Table 

5.2), the mutant enzyme could not catalyse the conversion of phosphoribosylaniline           

(Fig. 5.10 B). It can therefore be concluded that upon substitution of general acid Asp 176 

with Asn, residual TrpF activity (5.6 % of DA26438; Table 5.2) is due to substrate-assisted 

catalysis dependent upon the anthranilate carboxylate moiety of PRA as opposed to Asp 129 

acting as an alternative general acid. 
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Figure 5.9. HisA DA26438 can catalyse the TrpF reaction in the absence of substrate-assisted 
catalysis. E. coli TrpF (green), DA26438 (orange) and a buffer-only control (black) were incubated with the 
TrpF reagents and coupled enzymes for > 16 h at room temperature. A. A positive control with 
anthranilate as a substrate was compared to the reaction with aniline (B). Spectra are representative 
of assays performed in biological and technical duplicate.   
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Ligand-bound structures have shown electron density for multiple binding orientations for 

TrpF product analogue rCdRP within the HisA DA26438 active site (Fig. 5.11). This implies a 

flexibility of substrate binding that increases the likelihood that the carboxylate moiety will be 

correctly positioned to act as a general acid in substrate-assisted catalysis. 
 

 

Figure 5.11.  Alternate orientations of rCdRP in the DA26438 active site. A. TrpF substrate PRA with target bond in 
red. B. TrpF product analogue rCdRP. The hydroxyl in red is a keto group in native product, CdRP. C. Three different 
rCdRP orientations (labelled 1, 2 and 3) have been detected in the DA26438 crystal structure. 
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Figure 5.10. The residual TrpF activity of DA26438 D176N is due to substrate-assisted catalysis. A. 
Positive control for TrpF activity of DA26438 D176N. B. Test for activity with phosphoribosylaniline: 
DA26438 D176N showed no activity. Coupled TrpF reactions were incubated with TrpD and TrpC for > 16 h 
at room temperature. These spectra are representative of biological duplicates.  
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Estimated pKa values in the DA26438 active site (PROPKA31 (Olsson et al., 2011; 

Søndergaard et al., 2011)), for the apo-structure and for three rCdRP orientations, confirm 

that Asp 176 and the ligand carboxylate are both more acidic than Asp 129 (Table 5.3) and 

therefore more likely to play a direct role in TrpF catalysis. 

 
Table 5.3. Predicted pKa values for important functional groups in DA26438. Values were estimated with 
PROPKA31. Model pKas are Asp 3.80; Arg 12.50; COOH 4.50. NA: not applicable as not present in the apo-structure. 

Structure Asp 7 Asp 129 Asp 176 Arg 15[c] rCdRP  
(C7 COOH) 

Apo-DA26438 6.08 5.66 3.95 NA NA 
DA26438 rCdRP 1 7.61 7.79 5.58 12.27 4.97 
DA26438 rCdRP 2 8.06 7.25 5.83 12.18 4.54 
DA26438 rCdRP 3 7.57 7.29 5.24 12.31 3.15 
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5.3. Discussion 

5.3.1. The Catalytic Mechanism of HisA DA26438  
  

The results described above (Fig. 5.5 and Table 5.2) confirm that Asp 7 retains its role as 

general base for PRA isomerisation in the HisA DA26438 active site. As with the SeHisA 

enzyme (Chapter Three), substitution of Asp 7 with Asn abolished DA26438 TrpF activity in 

vivo and in vitro. Predicted pKa values (Table 5.3) confirm that the side chain is more basic 

than putative general acid Asp 176 and becomes even more basic upon ligand binding.  

 

The substitution of putative acidic residues in HisA DA26438 did not lead to as striking a 

conclusion as in SeHisA, where the D176N substitution reduced activity by 400-fold. The 

same substitution in the DA26438 active site only led to a 18-fold reduction in TrpF activity 

(Table 5.2). The reduction in activity due to the D129N substitution was similar to D176N in 

vitro (13-fold; Table 5.2), but the in vivo effects differed in severity. E. coli JMB9ΔtrpF cells 

expressing DA26438 D129N grew more rapidly upon selective medium than those expressing 

DA26438 D176N (Fig. 5.5 A).  

 

An initial hypothesis was that the HisA DA26438 active site exhibits a redundancy of 

mechanism: multiple acidic residues can fill the role of general acid. Although DA26438 had 

the greatest TrpF catalytic efficiency of the evolved SeHisA enzymes, that activity still takes 

place within an active site that was optimised for a different, larger substrate. Therefore if the 

residue most ideally placed to act as general acid becomes unavailable (i.e. Asp 176 substituted 

with Asn), then there is space for PRA to reorient within the active site and come into contact 

with an alternative general acid, i.e. Asp 129. Asp 176 was proposed to be the primary general 

acid due to its role in the SeHisA active site, its proximity to rCdRP C2' OH in DA26438 

crystal structures (an approximation of the location of the PRA furanose oxygen: ~3 Å 

compared to ~7 Å for Asp 129, depending upon the binding orientation) and the greater 

severity of the D176N substitution on DA26438 TrpF activity in vivo and in vitro. Substitution 

of Asp 129 would not be expected to have as great an effect on activity as the primary general 

acid, Asp 176 would remain. 
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A DA26438 D129N/D176N double mutant had a comparable fitness effect to DA26438 

D176N in vivo (Fig. 5.5 A), but led to a further reduced kcat/KM when assayed for TrpF activity 

in vitro. However, the D129N and D176N substitutions did not have an additive effect (40      

s-1.M-1 instead of a predicted 7 s-1.M-1) on function. This indicates the two residues are 

epistatically linked; that Asp 129 is beneficial in the presence of Asp 176 but the D129N 

substitution has a less severe effect than expected when the D176N substitution has already 

occurred. 

 

The residual activity of the DA26438 double mutant was proposed to be either due to the 

action of a third potential general acid in the active site or due to substrate-assisted catalysis 

mediated by the carboxylate moiety of PRA. When the TrpF coupled assay was performed 

with decarboxylated substrate analogues, HisA DA26438 could successfully isomerise 

phosphoribosylaniline (Fig. 5.9 B). This indicated that the enzyme does not depend upon 

substrate-assisted catalysis for catalysis. However, activity towards the substrate analogue was 

abolished in the DA26438 D176N variant (Fig. 5.10 B). Either the D176N substitution 

reduced the binding affinity for phosphoribosylaniline, or the residual TrpF activity of 

DA26438 D176N is dependent upon substrate-assisted catalysis. As the substitution of Asp 

with Asn is a relatively conservative one, it is unlikely though not impossible that it could 

affect substrate binding or enzyme structure: Asn can still form H-bonds but acts as an H-

bond donor in place of an Asp H-bond acceptor. 

 

If TrpF activity in HisA DA26438 D176N were to occur through substrate-assisted catalysis, 

then the substrate PRA would have to adopt a conformation in the active site that positioned 

the carboxylate towards the furanose oxygen. As shown in Fig. 5.11 C, the product analogue 

rCdRP appears to bind the active site in at least three different orientations. Orientation 3 

appears to fulfil the requirements for substrate-assisted catalysis. The carboxylate is positioned 

towards the linearised ribosyl moiety (Fig. 5.12) and pKa predictions suggest it is most acidic 

in this orientiation (Table 5.3).  

 

Further analyses of the DA26438 rCdRP structure (Fig. 5.12) indicated that the carboxylate is 

held in this position by H-bonds with Asp 129 (2.9 Å) and Thr 171 (2.7 Å and 3.5 Å); Asp 129 

also coordinates several structured waters which might be important for delivering protons 
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into the active site. Although the substitution of Asp 129 with Asn did not appear to abolish 

H-bonds between the side chain and the ligand when modelled in silico, it did prevent 

interactions with water. Therefore the reduction of activity in DA26438 D129N could be 

attributed to a reduction in enzyme turnover rather than an increase in KM. 

 

Ser 202 was disregarded as a catalytic acid as the S202A substitution only reduced TrpF 

activity by three-fold (Table 5.2): it is therefore likely to act in substrate binding in both active 

sites and reduce kcat/KM by increasing KM. In the ligand-bound DA26438 structures Ser 202 

forms an H-bond with the C2' hydroxyl of rCdRP (and likely the furanose oxygen of PRA) to 

contribute to substrate binding (Fig. 5.12). 

 
Figure 5.12.  rCdRP orientation 3 favours substrate-assisted catalysis in DA26438. The overlaid active sites of apo-
DA26438 and rCdRP-DA26438 illustrate the large movement of βα loop 6 with Asp 176. Selected H-bond lengths are 
shown. 

 

It is likely that the wild type DA26438 enzyme catalyses the TrpF reaction through a 

combination of the action of Asp 176 and the PRA carboxylate as general acids. The 

mechanism may depend upon the orientation of substrate binding (only orientation 3 in Fig. 

5.11 C appears to be conducive to substrate-assisted catalysis), but flux is likely to favour one 

route more than another. This might depend upon which general acid yields a Schiff base 

intermediate optimally positioned for general base Asp 7 to act upon. 

 

8.5 Å

D176

R15[c]

D129

D7

D176

S202

DA26438 + rCdRPApo-DA26438 H-bond

Loop 6

2.9 Å 

3.1 Å 
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 When DA26438 Asp 176 was substituted with Asn, TrpF activity became reliant upon 

substrate-assisted catalysis. This explains why the catalytic efficiency was reduced and why 

DA26438 D176N could not catalyse the isomerisation of phosphoribosylaniline (Fig. 5.10 B). 

 

Potential interactions between PRA and key DA26438 active site residues during catalysis are 

shown in Fig. 5.13. Note that a proposed alternative push-and-pull mechanism (in which 

general acid and base act simultaneously) suggests that the order of reaction might not be a 

strict requirement (Henn-Sax et al., 2002). 
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Figure 5.13. Proposed DA26438 active site-ligand interactions. A. Residues important for coordinating PRA for Asp 
176 to act as a general acid (red). B. PRA coordinated in a manner to favour substrate-assisted catalysis (carboxylate 
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The experiments with phosphoribosylaniline described here may be preliminary but have 

fulfilled the prediction by (Reisinger et al., 2012) that a decarboxylated substrate could be used 

to determine whether substrate-assisted catalysis is important for TrpF activity evolved or 

engineered on other (βα)8-barrels. EcTrpF could not catalyse the isomerisation of 

phosphoribosylaniline, but it is at this stage impossible to know whether this is due to higher 

substrate specificity (i.e. very high KM for phosphoribosylaniline) exhibited by a more highly 

adapted active site or a total reliance upon substrate-assisted catalysis (kcat). The former is 

more likely to be true: a substitution of putative TmTrpF general acid Asp 126 with Asn led to 

a > 25,000-reduction in kcat/KM (Henn-Sax et al., 2002).  

 

Other evolved SeHisA mutants of this study may also use substrate-assisted catalysis for TrpF 

activity. Quantifying the relative contributions of each mechanism to the overall turnover 

rates of each enzyme could give insight as to what effect different mutations have. For 

instance, TrpF specialists DA26437 and DA26440 differ only at position 106 (Fig. 4.18, pp. 

106); a Met residue in this position might lead to a minor reshaping of the active site in 

DA26440 that disfavours substrate-assisted catalysis. In this scenario, the DA26440 turnover 

rate (>0.21 s-1; Table 4.2) would be entirely due to Asp 176, whereas the DA26437 turnover 

rate (>0.53 s-1) would be a combination of Asp 176 and substrate-assisted catalysis.  

 

The evolutionary significance of the HisA DA26438 reaction mechanisms will be further 

discussed in Chapter Seven. 

 

5.3.2. Substrate Ambiguity with P. aeruginosa TrpC 
 

During optimisation of the coupled assay to detect substrate-assisted catalysis in HisA 

DA26438, it was found that both A. baylyi TrpD and P. aeruginosa TrpC could act upon 

decarboxylated substrates (Fig. 5.7). TrpD was likely to bind aniline, as the carboxylate of 

anthranilate is not involved in catalysis and the M. tuberculosis enzyme has been shown to 

exhibit activity with a range of anthranilate analogues (Castell et al., 2013; Cookson et al., 

2014). However, it was less clear whether TrpC would turn over substrate analogue PAdRP. 

TrpC catalyses the decarboxylation of the anthranilate moiety of CdRP during the formation 
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of InGP. A previous study on the E. coli TrpC enzyme detected no turn over of PAdRP 

(Smith, 1962) and concluded that the carboxylate moiety must be essential for the reaction. 

 

The carboxylate group of substrate CdRP was found not only to form H-bond interactions 

within the active site (with Lys 53), but also to play a central role in electron pair movement 

during C-C bond formation. The release of carbon dioxide, along with C-C bond formation, 

makes the reaction irreversable (Czekster et al., 2008, 2009). 

 

It was therefore surprising that PaTrpC was detected to successfully catalyse the conversion of 

PAdRP to InGP through product absorbance (Fig. 5.7) and LC-MS (Fig. 5.8). The disparity 

between the seminal study (Smith, 1962) and the results observed in Fig. 5.7 could be due 

either to a tighter substrate specificity of E. coli compared to P. aeruginosa TrpC, or too short 

a reaction time (20 minutes) in the original paper. Carbon dioxide is a good leaving group and 

may increase the energetic favourability of the canonical TrpC reaction. However, the 

electronegative oxygen atoms would withdraw electrons from the aromatic ring and could 

actually discourage electrophilic attack of the C1-C2 double bond by C2' as described by 

(Hennig et al., 2002).  

 

A modified reaction mechanism for the conversion of PAdRP to InGP by P. aeruginosa TrpC 

is shown in Fig. 5.14. The active site general acid and base (Lys 110 and Glu 159) described 

previously (Hennig et al., 2002) are conserved in the predicted structure of P. aeruginosa 

TrpC (Gerth et al., 2012). Lys 123 likely plays the role of general acid and Glu 172 the general 

base. Lys 63 is homologous to Lys 53 in Sulfolobus solfataricus TrpC which acts in substrate 

binding, interacting with both the carboxylate and C3' hydroxyl groups of CdRP.  In the 

absence of the CdRP carboxylate a stabilising H-bond is lost, but catalysis can still occur (Fig. 

5.14). In the new proposed mechanism, the C2' keto group is coordinated by the Lys 123 side 

chain, leaving C2' with a partial positive charge. In the absence of the carboxylate, the 

aromatic ring is more electron-rich and C1 is subject to electrophilic attack by C2' in a C-C 

bond-forming reaction. The release of CO2 when CdRP is the substrate would be replaced by 

the loss of a proton from PAdRP (Fig. 5.14 B and C) and the dehydration half-reaction would 

occur as normal to form the TrpC product, InGP. 
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5.3.3. Structure and Function of Evolved SeHisA Active Sites 
 

A greater number of high quality crystal structures were available for the SeHisA variants 

upon the completion of the mutagenesis experiments described in this chapter and can 

therefore be consulted to consolidate the conclusions drawn below. 

 

The above discussion confirms that Asp 176 acts as the general acid in catalysis for TrpF 

activity in evolved SeHisA variants – as demonstrated in DA26438 – in additional to HisA 

activity in wild type SeHisA (Chapter Three). The residue is positioned on βα loop 6 that, 
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Figure 5.14. Proposed mechanism for conversion of PAdRP to InGP by P. aeruginosa TrpC. A. PAdRP is 
coordinated by general base Lys 123. Electrophilic aromatic substitution occurs as C2’ attacks the C1-C2 
double bond to form a C1-C2’ bond. B. Transition state: a proton is lost. C. Transition state: Lys 123 and 
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site remains unchanged. Brackets: transition states. Drawn with assistance from Assoc. Prof. David Larsen, 
University of Otago. 
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unlike the SeHisA structures, showed complete electron density for a number of ligand-bound 

HisA variants. Upon ligand binding (i.e. ProFAR with HisA DA26431 D7N), the loop swings 

into the active site – a movement of 8.4 Å, Fig. 5.12 – bringing the side chain of Asp 176 

within H-bond distance of the PRA furanose oxygen. As this movement is common both to 

SeHisA and its variants (albeit βα loop 6 appears to be coordinated more stably in the 

variants), what leads to the introduction of TrpF function and subsequent trade-off in HisA 

activity in the evolved variants described in Chapter Four? 

 

The 13 – 15 duplication is necessary and sufficient for TrpF function on SeHisA. In Chapter 

Four it was predicted that it led to an increase in the rigidity of βα loop 1. Molecular dynamics 

simulations by the Kamerlin lab confirmed that βα loop 1 showed less flexibility in TrpF 

specialists DA26431 and DA26438 when compared to generalist enzymes DA26432 and 

DA26436 (that differ from each respective specialist by a single substitution). Indeed, full 

electron density allowed the refinement of the full loop in crystal structures for DA26431 and 

DA26438 when ligand was bound. The loop descends over βα loop 6 and locks it into place in 

the presence of rCdRP. Bifunctional DA26436 has been crystallised with both PRFAR and 

rCdRP: βα loop 1 adopts different orientations across the active site dependent upon the 

ligand bound. When rCdRP binds, it swings over βα loop 6 and when PRFAR binds it 

becomes coordinated over the length of the active site to interact with βα loop 5 (further 

discussed with Fig. 7.1).  

 

This supports that the movement and stability (and potentially length and sequence) of βα 

loop 1 are important for coordinating functions within the evolved SeHisA active site. 

The mutagenesis experiments described in 5.2.1 were designed to determine which, if any, 

residues within the duplicated sequence had a role in switching HisA DA26431 (dup 13-15 

only) to a TrpF specialist. 

 

Substitution of residues 13-15 or just Arg 15 with Ala abolished TrpF activity (Fig. 5.2 and 

Table 5.1). The HisA DA26431 VVAVVR variant showed minimal HisA activity in vitro (Fig. 

5.3).  
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In the SeHisA apo structure, Arg 15 (on the edge of βα loop 1 resolution) is coordinated with 

H-bonds to Tyr 27 and Glu 230 (Fig. 5.15). However, Arg 15 is flexible in the SeHisA D7N 

ProFAR structures. The stabilising interactions with Tyr 27 and Glu 230 are absent and the 

side chain rotates towards the N-terminal end of the β-barrel. In one structure, the Arg 15 

guanidinium moves by > 6 Å and forms two H-bonds with the ProFAR phosphate 1; the 

residue could therefore influence the KM of SeHisA. The release of the Arg 15 side chain 

interactions could represent the release of an anchor, allowing βα loop 1 to swing towards βα 

loop 5, as observed for DA26436 – though remaining too flexible to be resolved in SeHisA 

crystal structures. 

 

 

Crystal structures of DA26438 show that the Arg 15 side chain remains coordinated by Tyr 27 

and Glu 230 even when ligand binds (Fig. 5.16). Arg 15 might therefore be important for 

maintaining its role as anchor during PRA isomerisation. The presence of hydrophobic Val 

15[a] and Val 15[b] in the duplicated region might add to the rigidity of βα loop 1 by 

requiring to be buried away from solvent, and prevent the movement of Arg 15.  

 

Apo ProFAR-bound

SeHisA

Y27

E230

R15

H-bond

3.7 Å

2.6 Å

Figure 5.15. The role of Arg 15 in SeHisA. In the apo-structure (peach), Arg 15 is coordinated on the surface by 
putative H-bonds with Tyr 27 and Glu 230. Multiple side chain positions in the SeHisA D7N ProFAR-bound structures 
(yellow) indicate that Arg 15 is flexible when ligand is bound, but in one instance it forms H-bonds with phosphate 1 
of ProFAR.  
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The substitution of Arg 15 with Ala abolished TrpF activity in DA26431 (Fig. 5.2 and Table 

5.1). This could be explained by the loss of an anchoring function for βα loop 1. The improved 

rigidity and repositioning of this loop appear to be important for establishing TrpF activity on 

SeHisA. The DA26431 AAAVVR variant lost activity towards PRA (Table 5.1) but showed a 

very low rate of ProFAR isomerisation (Fig. 5.3): it can therefore be inferred that loss of the 

“anchor” Arg 15 side chain and hydrophobic Val 15[a] and Val 15[b] re-established flexibility 

in βα loop 1 (similar to the D10G mutation described in Chapter Four). Ala residues favour α-

helical structures and the introduction of three consecutive residues could have altered the 

structure of the β-strand in a manner that prevented PRA isomerisation but slightly favoured 

activity with ProFAR. 

 

A thorough analysis of the bifunctional MtPriA enzyme discovered that, similar to this study, 

substitution of an Arg residue on a flexible βα loop with Ala led to a significant reduction in 

both TrpF and HisA activity (Due et al., 2011). Arg 143 (βα loop 5) was identified as one of 

three key amino acids acting in the substrate-specific formation of the PriA active site. When 

the enzyme was co-crystallised with HisA product PRFAR (PDB 3ZS4) the Arg 143 side chain 

was rotated away from the active site (Fig. 5.17), but in the presence of rCdRP (PDB 2Y85), 

DA26438

Apo rCdRP-bound

Y27

E230

R15

Loop 1

H-bond H-bond

3.3 Å

3.5 Å
3.2 Å

2.6 Å

Figure 5.16.  The role of Arg 15 in HisA DA26438. Arg 15 is coordinated on the protein surface by Tyr 27 and Glu 
230 in both the apo- and rCdRP-bound structures. Loop 1 is fully resolved in the rCdRP-bound structure but not the 
apo-structure, indicating greater flexibility in the absence of ligand. 
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the Arg 143 terminal guanidinium rotated and moved by 17.7 Å into the active site. In this 

second structure, it forms a side chain specific H-bond with general acid Asp 175 (Fig. 5.18). 

An apparent result of this interaction is a small (0.8 Å) movement of Asp 176 towards the 

anthranilate moiety of rCdRP. Although this movement is within error for the 2.4 Å 

resolution structure, it could represent part of an optimisation of the PriA active site for PRA 

isomerisation.  

 

The duplication of Arg 15 in the SeHisA variants could be an example of convergent 

evolution, introducing an Arg (15[c]) side chain that could play a similar role to Arg 143 of 

MtPriA. Analyses of the DA26431 D7N ProFAR and DA26438 rCdRP crystal structures 

showed that the Arg 15[c] side chain projects into the active site and can form H-bonds with 

general acid Asp 176 (Fig. 5.18). In DA26431 Arg 15 forms an H-bond with the main chain 

carbonyl of Asp 176; in DA26438, the interaction is between the two side chains. No such 

interaction occurs in the SeHisA active site as it does not have the duplication. The 

consequence is that, like Asp 175 of MtPriA, the side chain of Asp 176 is repositioned within 

the active site relative to its position in the SeHisA D7N ProFAR structures (Fig. 5.18). 

Although this change is minor (1.2 Å for DA26431 and 1.6 Å for DA26438), it could optimise 

Figure 5.17.  M. tuberculosis  PriA Arg 143 and Asp 175 interact in the presence of rCdRP. An H-bond 
forms between general acid Asp 175 and Arg 143 from βα loop 5 in the rCdRP-bound structure (PDB: 2Y85). 
In the PRFAR-bound structure (PDB: 3ZS4) is rotated away from the active site. The αC of Arg 143 moves 5.7 Å 
and the terminal guanidinium by 17.7 Å.  

D175

R143 R143
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+PRFAR +rCdRP

5.7Å
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catalysis towards smaller PRA. The movement is conserved in SeHisA structures of enzymes 

with TrpF activity.  

 

 
Figure 5.18. Duplicated Arg 15[c] forms specific interactions with the general acid in SeHisA variants. Arg 15[c] 
located on βα loop 1 forms an H-bond with Asp 176 of βα loop 6 (side chain – side chain in DA26438; side chain – main 
chain in DA26431 D7N) in the presence of ligand. This leads to a repositioning of Asp 176 (1.2 Å in DA26431 and 1.6 Å in 
38) relative to Asp 176 in SeHisA. Broken lines indicate H-bonds (pink for DA26431; blue for DA26438).  

 

Preliminary ligand-bound structures of bifunctional DA26436 suggest that, like MtPriA, the 

active site undergoes substrate-specific conformational changes – including a repositioning of 

general acid Asp 176. Arg 15[c] also appears to form a side chain specific H-bond with the 

PRFAR C4 hydroxyl: it could therefore play a role in both PRA and ProFAR isomerisation in 

the generalist SeHisA variants. 

 

The TrpF activity of DA26431 VVRAAA and VVRVVA variants was reduced but not 

abolished (Table 5.1). Residues 15[a]-[c] appear to play less of a role in rigidifying βα loop 1 

than 13-15, but Arg 15[c] appears to be important for repositioning and potentially altering 

the chemical environment of the general acid Asp 176 in the presence of PRA, and may aid 

ProFAR substrate binding. The V15[b]M substitution described in Chapter Four could have 

further anchored βα loop 1, rigidifying it for TrpF activity. 
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Summary of 13 – 15 duplication effects: 

 

• Arg 15 is essential for TrpF activity. It may have this effect by stabilising βα loop 1 in 

its closed conformation, which in turn coordinates βα loop 6. 

 

• Arg 15[c] interacts with the putative general acid, Asp 176 on βα loop 6. It appears to 

reposition the side chain in a manner that favours TrpF over HisA activity. A similar 

interaction has been observed in MtPriA. 

 

• Arg 15 and Arg 15[c] may both form specific interactions with the HisA substrate, 

ProFAR. 

 

The original aim of this section was to determine whether the 13-15 duplication altered 

SeHisA function in a sequence-dependent (side chain mediated) or a sequence-independent 

(a spacing effect) manner. The data presented suggest that both are true: specific side chain 

interactions were important for changed function and the insertion of additional amino acids 

led to a lengthening of βα loop 1, allowing it to make altered interactions upon binding an 

alternative substrate.   
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6. SIX 
Engineering a TrpF Specialist 
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6.1. Introduction 

6.1.1. Selecting for TrpF activity 
 

The final aim of this thesis was to apply some of the knowledge gained about the structure and 

function of the evolved SeHisA enzymes in order to convert the original bifunctional 

DA26432 enzyme (dup 13-15, D10G) to a TrpF specialist via a different mutational trajectory. 

The experiments described below further explored the sequence space of SeHisA and how 

evolvable it is. Engineering a generalist enzyme to a specialist is a closer estimation of the 

Jensen model for enzyme evolution, while the majority of former studies of HisA and TrpF 

function saw an immediate functional trade-off during selection for new function (i.e. 

specialist to a specialist).  

 

The current study and previous work by other groups have shown that there are multiple 

routes to TrpF function on a HisA enzyme. TrpF activity has been generated by in vivo 

evolution (Näsvall et al., 2012), DNA shuffling (Jürgens et al., 2000), site-saturation 

mutagenesis and site-directed mutagenesis (Leopoldseder et al., 2004; Reisinger et al., 2012). 

In addition to HisA, TrpF activity has been generated by mutagenesis of HisF (Leopoldseder 

et al., 2004; Reisinger et al., 2012) and TrpA enzymes (Evran et al., 2012). TrpF activity has 

also been discovered in naturally-occurring bifunctional PriA enzymes (Barona-Gomez and 

Hodgson, 2003),  and an enzyme from glutamate biosynthesis bearing a point mutation 

(PurF(I198V)) (Patrick and Matsumura, 2008). The current study (Chapters Three – Five; 

Näsvall, 2012) is the only example in which TrpF activity was conferred without also 

abolishing the original function.   

 

The examples presented above rely upon either of two methods for obtaining novel function: 

directed evolution and rational design. Both use different techniques to generate variation and 

then use a specific selection or screening method to detect or characterise a change in 

function. A screen directly tests the activity of the enzyme biochemically or with a binding 

system; selection couples the activity of the enzyme to the survival of a cell. 

 

Directed evolution mimics nature to randomly generate genetic diversity – through methods 

such as DNA shuffling (Stemmer, 1994), libraries generated by error-prone PCR (Cadwell and 
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Joyce, 1992) or chemical mutagenesis – and then a screen or selection method is used to 

identify the proteins with the desired function (Bornscheuer and Pohl, 2001). Rational design 

takes a more targeted approach, requiring prior knowledge of the structure and function of 

the protein. Site-directed mutagenesis is performed to make hypothesised changes in the 

protein that can then be tested directly with an assay or screen (Bornscheuer and Pohl, 2001).  

 

Rational design has the advantage that it is faster: it does not require multiple iterations of 

mutagenesis followed by screening for function and it generates a small number of mutant 

proteins. On the other hand, it requires a high level of information to allow prediction of the 

correct changes, whereas directed evolution samples a large range of possibilities and may 

discover beneficial changes that might not appear intuitive. The main limitation of directed 

evolution is the development of high-throughput screening or selection methods for large 

libraries of mutants (Chica et al., 2005): although progress is being made in this field (Seelig, 

2011), not all enzyme activities are amenable to high-throughput screens or appropriate for in 

vivo selection.  

 

The middle ground between the two techniques is semi-rational design (see Table 6.1). “Smart 

libraries” are created by generating diversity only at specified positions (e.g. points of interest 

within the active site of an enzyme) in order to reduce the size of the library. Site-saturation 

mutagenesis utilises degenerate primers to sample multiple amino acids at a chosen site. 

Codons NNK or NNS are commonly used, (where N = any nucleotide; K = G or T; S = G or 

C) to sample all amino acids while reducing the chance of a nonsense mutation. Library sizes 

can be reduced even further by using degenerate primers that sample only a subset of the 

amino acids, if knowledge about the enzyme can narrow the possibilities. Like directed 

evolution, semi-rational design still requires an appropriate system to identify variants of 

interest (Chica et al., 2005; Lutz, 2010). 

 

Note that random mutagenesis can be used as an initial survey of the regions of the enzyme 

essential for function, which can then be further investigated through semi-rational design 

(Chica et al., 2005).   
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Table 6.1. Comparison of approaches for engineering enzyme activity. Adapted from (Chica et al., 2005). 

 Rational 
design 

Random 
mutagenesis Semi-rational design 

High-throughput screening 
or selection method Not essential Essential Advantageous but not 

essential 
Structural and/or functional 
information 

Both 
essential 

Neither 
essential Either is sufficient 

Sequence space exploration Low Moderate, 
random 

Experimental: moderate, 
targeted 
Computational: vast, targeted 

Probability of obtaining 
synergistic mutations Moderate Low High 

 

It was hypothesised that HisA DA26432 could be converted to a specialist enzyme with 

improved TrpF activity if the substrate-binding specificity of the active site was altered. Semi-

rational design was deemed most appropriate for the generation of a DA26432 library. As Trp 

is central to metabolism, selection for activity is simple: a cell lacking a functional trpF would 

become auxotrophic for Trp, meaning that, unable to synthesise the amino acid, it could not 

survive without exogenous Trp. The choice of a bifunctional enzyme as a starting point, as 

opposed to improving function of a TrpF specialist, conforms more closely to Jensen’s and the 

IAD models of enzyme evolution (i.e. selection for function acts upon pre-existing diversity). 

The trade-off of function could also be detected, to determine whether improved TrpF activity 

comes at the expense of HisA function.  

6.1.2. Semi-Rational Design of an Improved TrpF 
 

A library was designed to convert HisA DA26432 (dup 13-15, D10) from a generalist enzyme 

to a TrpF specialist through manipulation of substrate binding and specificity. The sites for 

randomisation were chosen after close analyses of the crystal structures of SeHisA, DA26432 

and DA26438 (Fig. 6.1). The sole phosphate of PRA and phosphate 1 of ProFAR bind in the 

same region of all the structures analysed. Phosphate 2 of ProFAR occupies the second 

binding pocket, but Fig. 6.1 C shows a large cavity in the active site when TrpF product CdRP 

is bound. This phosphate binding pocket was targeted to simultaneously improve the binding 

affinity for PRA, while excluding ProFAR through either steric clashes or charge-charge 

repulsion. 
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Two glycine residues were identified as targets for semi-rational design (Fig. 6.1). Gly 102 is 

the same position that is substituted with Ala in multiple SeHisA enzymes with TrpF activity, 

discussed in Chapter Four. The original study also identified SeHisA variants with a G102S 

substitution (HisA dup13-15, G11D, G102S was a generalist enzyme with improved HisA 

activity in vivo compared to HisA dup13-15, G11D, G102A (Näsvall et al., 2012)). As 

discussed previously, in wild type SeHisA, there is a hydrogen bond between the Gly 102 

backbone amine and ProFAR phosphate 2 (Fig. 6.1 A and C). If a conservative change to Ala 

can affect this interaction, then a less conservative change could help exclude ProFAR 

altogether: located in βα loop 4, the α-carbon of Gly 102 is just 3.6 Å from the closest oxygen 

of phosphate 2. 

 

The second Gly residue – position 79 at the C-terminal end of β3 – is 5.0 Å from C5 of 

ProFAR and 5.8 Å from the closest phosphate 2 oxygen (DA26432 PRFAR structure). Unlike 

neighbouring Gly 80 and Gly 81, Gly 79 is oriented such that the addition of a side chain 

through mutagenesis was predicted to have an effect on substrate binding. 

 

 
Figure 6.1.  Site saturation experimental design: a comparison of SeHisA and DA26432 active sites. A. Relative 
positions of Gly 79 and Gly 102 with respect to ProFAR in the SeHisA active site. The black line indicates a hydrogen 
bond between Gly 102 backbone and ProFAR phosphate 2. B. Surface view of SeHisA active site (randomised residues 
in pink). C. Surface view of HisA DA26432 active site with rCdRP modelled in two different orientations. 
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It was hypothesised that bulky or negatively-charged side chains would help repel ProFAR, 

while PRA binding could be stabilised by the creation of a hydrophobic pocket for the 

anthranilate ring and potentially a positive charge to form specific interactions with the 

carboxylate (at risk of reducing product release or preventing substrate-assisted catalysis). As 

previously stated, semi-rational design was deemed most appropriate: one of the main lessons 

of Chapter Four and (Näsvall et al., 2012) was that evolution will often find unexpected routes 

to function, so it should be allowed the leeway to do so with the selection stage of semi-

rational design. Therefore the two sites were randomised using site-saturation mutagenesis. 

 

As in previous chapters, the SeHisA variant structures were solved by members of the Selmer 

Lab: all subsequent analyses are mine.  
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6.2. Results  

6.2.1. Creation of a DA26432 G79X/G102X library 
 

A library of hisA DA26432 mutants was created with amino acid positions 79 and 102 

randomised (Fig. 6.2). Both the library creation and selection methods are depicted in Fig. 6.3.  

 

Codons 79 and 102 were randomised in the hisA DA26432 gene, in expression plasmid 

pEXP5-CT, with the use of degenerate NNK primers (Table 8.3). The two sites are too far 

apart to make mutagenesis practical using a single set of primers (see Fig. 6.3), so overlap-

extension PCR (8.8.2) was employed. The logic of the experiment is shown in Fig. 6.3 and the 

PCR products are shown in Fig. 6.2 A. 

 

 

The assembled PCR products (multiple due to the degenerate primers) were cloned into the 

original pEXP5-CT hisA DA26432 plasmid with XbaI and ClaI (Fig. 6.3).  

 

 

 

 

Figure 6.2.  Overlap-extension PCR to create G79X/G102X library. A. PCR products (5 µL) were separated 
along with KAPA Universal DNA ladder (500 ng) on a 1% agarose gel containing ethidium bromide. Following 
cloning, Sanger Sequencing was performed. Chromatograms of codons 79 (B) and 102 (C) are shown with 
flanking regions. Figure created with MacVector V12.7.5 and Adobe Illustrator CS5.1.  
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The resultant collection of plasmids represented a library with an expected 1024 nucleotide 

sequences, encoding 400 different amino acid combinations. When the library was subjected 

to Sanger sequencing (Fig. 6.2 B and C), it showed that the ratio of different nucleotides was 

not ideal, but sufficient. Optimally, the degenerate N positions should have a 1:1:1:1 ratio of 

all four nucleotides. The abundance of G in positions 1 and 2 in Fig. 6.2 C could be attributed 

to remaining original plasmid (with GGT codon). The presence of small amounts of C in 

addition to G and T in the third position in Fig. 6.2 B is likely due to imperfect primer 

synthesis. The addition of a C, however, does not introduce additional stop codons (as A 

would), so this merely increases the diversity of the library.  

 

The library was used to transform Trp auxotroph E. coli strain JMB9ΔtrpF (8.8.1). A library of 

80,000 cells (determined through dilution plating) was formed that had a probability of 1 of 

representing all possible amino acid sequences, as calculated by GLUE-IT 

(http://guinevere.otago.ac.nz/aef/STATS/ (Firth and Patrick, 2008)). 
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6.2.2. Selection for Improved TrpF Activity in the G79X/G102X Library 
 

The library was subjected to selection for improved TrpF activity through complementation 

of the Trp auxotrophy in E. coli JMB9ΔtrpF cells, thus allowing growth on Trp-deficient 

minimal medium (8.8.1).  

 

E. coli JMB9ΔtrpF cells expressing HisA DA26432 were used as a control and a benchmark for 

TrpF activity. After an overnight incubation, these plates (Fig. 6.4) showed uniformly small (< 

0.5 mm) colonies, indicating HisA DA26432 could rescue TrpF activity but was still rate 

limiting to growth. The cells expressing the G79X/G102X library formed colonies of greatly 

varying size, indicating a range of TrpF activities. Several were ~ 1 mm in diameter and many 

were 0.5 – 1 mm; a vast majority were pin prick-sized, indicating comparable or poorer TrpF 

activity than the DA26432 control. Approximately 60 colonies (~0.75%) were classified as 

large (0.5 – 1 mm in diameter).  

 

Thirteen of the largest colonies were picked and the mutant hisA genes were amplified from 

pEXP5-CT by colony PCR (8.3.1). The resulting products were sequenced. Of the fourteen 

sequences returned (one must have been a mixed colony), eleven – 79 % – had the same 

Figure 6.4.  The DA26432 library yielded mutants that increase fitness of E. coli JMB9ΔtrpF on minimal 
medium. JMB9ΔtrpF cells expressing HisA DA26432 (left) or the HisA DA26432 G79X/G102X library (right) were 
grown in liquid culture, diluted to OD600 0.01 and then 10 µL (~ 8,000 CFU) were spread on 1.5% agar supplemented 
with Vogel-Bonner salts and 0.2% w/v casamino acids and 5 µM IPTG. The plates were incubated for 16 h at 37°C. 
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genotype. The “winner” encoded a Lys residue at position 79 and retained the original Gly at 

position 102. This variant enzyme will henceforth be referred to as DA26432 G79K.  

 

The solid medium-based selection was performed in parallel with another approach. As 

pictured in Fig. 6.3, a liquid medium selection method was also utilised. The E. coli 

JMB9ΔtrpF cells expressing the DA26432 G79X/G102X library were serially passaged in 

Vogel-Bonner medium in the absence of Trp (8.8.1 and 8.8.4). The aim of the experiment was 

to generate a heterogeneous population of bacteria with genotypes identical apart from the 

over-expressed hisA-DA26432 gene, competing to grow under selective conditions. Cells 

expressing a HisA enzyme with improved TrpF function compared to DA26432 would have a 

growth advantage, leading to an increased growth rate and increased frequency of the allele in 

the population. These alleles would also have a higher chance of being sampled to begin the 

next passage. The highest frequency alleles would have the advantage of numbers following 

the population bottleneck and the minimal medium would continue purifying selection. This 

would lead to the loss of alleles for HisA enzymes with no or poor TrpF activity and 

enrichment for cells expressing the library variants with the best TrpF activity. 

 

Three independent aliquots of E. coli JMB9ΔtrpF transformed with the library were used to 

initiate parallel serial passaging experiments, and each experiment involved nine passages. 

The medium contained 5 µM IPTG to maintain minimal expression from pEXP5-CT. The full 

protocol is listed in (8.8.4). The cultures were sampled during logarithmic growth phase 

(OD600 ~ 0.4) and aliquots were used to inoculate a new culture (1:200 dilution). Empirically, 

the growth rates during the passaging appeared to increase notably, suggesting the population 

had successfully become enriched with cells expressing HisA enzymes with improved TrpF 

function.  

 

Following the serial passage experiment, individual clones were identified by plating on agar 

containing completed Vogel-Bonner salts, 100 µM histidine and IPTG (50 µM and 5 µM; Fig. 

6.5).  In contrast to the original plate-based selection (Fig. 6.4), cells from the passaging 

experiment formed more uniformly sized colonies (Fig. 6.5). This was expected, as serial 

passaging exerted purifying selection against the slow-growing cells. 
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Six large colonies were chosen from each of the three passage series and the mutant hisA-

DA26432 genes were sequenced. Table 6.2 shows the sequences at the two sites randomised in 

the library.  
 

Table 6.2. Sequences of the HisA enzymes selected from the serial passage selection experiment. Six fast-growing 
colonies were screened from each passage series. Sequences were invariant for series 1 and 2.  Note: the original Gly 
codons in the gene for DA26432 were both GGT. 

Passage 
series 

Position 
79 

residue 
Codon Codon 

Occurrence  

Position 
102 

residue 
Codon Codon 

Occurrence  

1 Lys AAG 6/6 Gly GGT 6/6 
2 Arg CGT 6/6 Asp GAT 6/6 

3 Lys AAG 6/6 Gly GGG 5/6 
Pro CCG 1/6 

 

Eleven of the 12 fittest variants from two of the passages (#1 and #3; Table 6.2) were found to 

be expressing the same variant as that found in the plate-based selection, DA26432 G79K. The 

allele for this variant was unlikely to have reached fixation, however, as evidenced both by the 

heterogeneous colony sizes on the passage plate #1 (Fig. 6.5) (and #3, not shown) and by the 

DA26432 G79K/G102P substitution expressed in one of the colonies from passage series 3.  

Figure 6.5.  Selection via serial passage yielded improved TrpF function and increased growth rates. 
JMB9ΔtrpF cells expressing the HisA DA26432 G79X/G102X were subjected to nine rounds of growth in minimal 
medium as shown in Fig. 6.3. The passage was performed in triplicate. Following the passage experiment, 10 µL of 
cells (OD600 0.001) were spread on 1.5% agar containing Vogel-Bonner salts, 0.2% w/v casamino acids and 50 µM IPTG 
and incubated for 16 h at 37°C. Each plate shows the results from a triplicate series following the 9th passage step. 
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A different variant dominated passage series 2: all the sequenced clones had the double 

mutation G79R/G102D. Unlike the other two series, the plate from passage series 2 had much 

higher heterogeneity in colony size. This may suggest that the allele did not reach as high a 

frequency in series 2 as those in series 1 and 3; more sequencing would be required to confirm 

this hypothesis.  

6.2.3. Kinetic Characterisation of Library Variants 
 

Due to the single incidence of G79K/G102P in the sequencing results, this variant was not 

pursued further. DA26432 G79K and DA26432 G79R/G102D were expressed and purified as 

described previously (8.4.1 and 8.4.4-5) and the protein yields (Appendix III) were sufficient 

to perform both TrpF and HisA activity assays (8.6.3-4). The results are compared to those of 

the original DA26432 protein in Table 6.3 and Fig. 6.6. 

 
Table 6.3. Kinetic characterisation of DA26432 and variants selected for improved TrpF activity. Enzymes were 
assayed for TrpF and HisA activity as described previously. Error indicates SEM of biological duplicates. ND: No detectable 
activity. 

 PRA isomerisation ProFAR isomerisation 

Enzyme k cat (s-1) KM 
(mM) 

k cat/KM 
(s-1.M-1) k cat(s-1) KM (μM) k cat/KM 

(s-1.M-1) 
DA26432 0.10 ± 0.02 2.1 ± 1.0 51 ± 14 0.048±0.010 1.7±0.2 (2.8±0.7)×104  
G79K > 1.4 > 2 700 ± 20 ND ND ND 
G79R/G102D > 0.26 > 2 129 ± 1 ND ND ND 
 

The original DA26432 enzyme exhibited the lowest TrpF activity of the variants characterised 

in Chapter Four (Table 4.2), but maintained the best HisA activity of the evolved generalist 

enzymes. It was also the only enzyme for which a KM for PRA could be estimated. TrpF 

activity was significantly increased in both library winners compared to DA26432 (Table 6.3; 

Fig. 6.6). Both were also converted from generalist enzymes to TrpF specialists, as HisA 

activity was abolished.  
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The DA26432 G79K variant showed significantly superior TrpF activity: the kcat/KM was >13-

fold higher than that of DA26432 (Fig. 6.6). The TrpF activity of the second variant, 

G79R/G102D, was increased 2.5-fold relative to the original enzyme. However, neither of the 

library variants could be saturated with PRA, suggesting that KM had increased. 

 

6.2.4. Effect of G79R/G102D 
 

It was predicted that HisA activity in the DA26432 G79R/G102D variant was abolished 

through the introduction of a salt bridge between Arg 79 and Asp 102, blocking the phosphate 

2 (exclusive to ProFAR) binding pocket.  

 

The substitutions were simulated in silico on the HisA DA26432 structure with PyMol       

(Fig. 6.7). The most likely side chain orientations (i.e. least likely to cause steric clash with 

other residues) project into the active site with H-bond pairs within 4.0 Å of each other.  
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Figure 6.6.  Comparison of DA26432 and variant kinetic parameters. HisA DA26432 and library winners with 
G79K and G79R/G102D substitutions were assayed for TrpF and HisA activity, represented in s-1.M-1. Errors are SEM: of 
biological duplicates. * p < 0.05; ** p < 0.005. 
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A thermal melt assay was used to determine the melting temperatures (TM) of HisA DA26432 

and the two library variants to try to detect the predicted interaction (Fig. 6.8; 8.4.6). Protein 

stability is dictated by electrostatic interactions (Perutz, 1978; Voet and Voet, 2004b) and a 

single salt-bridge has previously been shown to confer a change in protein stability (Lee et al., 

2005). 

The thermal melt data (Fig. 6.8) showed that the G79K substitution led to a small but 

significant reduction in TM compared to DA26432, but G79R/G102D did not. 

6.2.5. The G79K Mutation in a TrpF Specialist: DA26438  
 

The G79K substitution in DA26432 yielded an enzyme that was second only to DA26438 in 

TrpF activity for this study; if the kcat/KM of DA26438 was similarly increased by more than an 

order of magnitude it would be close to the catalytic efficiency of a “typical enzyme” (Bar-

Even et al., 2011). 

 

Figure 6.8.  Thermal effects of 
mutations in the HisA DA26432  
active site. Melting temperatures 
obtained from a sypro orange thermal 
melt assay. * p <0.05; ** p < 0.01; n.s. 
not statistically significant. Student’s t-
test performed with Prism GraphPad. 
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Figure 6.7.  Model of the G79R and G102D substitutions in the DA26432 active site. A. Arg 79 and Asp 
102 may form a salt bridge across the active site, which leads to a steric clash with the HisA product 
PRFAR (B).  
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Consequently, a DA26438 variant with the G79K substitution was created using QuikChange 

Mutagenesis (8.3.3). The protein was expressed and purified as described previously (8.4.1 

and 8.4.4-5).  

 
Table 6.4. TrpF activity of DA26438 and the DA26438 G79K variant. Errors represent SEM from biological duplicate. 
Assays performed in technical triplicate.  

Enzyme k cat (s-1) KM (mM) k cat/KM (s-1.M-1) 

DA26438 > 3.6 > 2 (1.8±0.1)×103 

G79K > 0.37 > 2 190 ± 70 
 

Unexpectedly, DA26438 G79K had a catalytic efficiency that was reduced by an order of 

magnitude compared to DA26438 (Table 6.4). Neither enzyme could catalyse the HisA 

reaction.   
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6.3. Discussion 

6.3.1. One Mutation: Two Enzymes 
 

One mutation dominated the clones selected from the HisA DA26432 G79X/G102X library. 

Auxotrophic cells expressing the DA26432 G79K variant formed large colonies on solid 

selective medium (Fig. 6.4) and dominated of two of the three serial passages under purifying 

selection for TrpF activity (Fig. 6.5). The single substitution therefore conferred a greater 

growth advantage to ΔtrpF cells than the original DA26432 enzymes; improved TrpF activity 

to complement the weak link that had been created in metabolism. The in vitro data (Table 

6.3) confirmed that the G79K substitution improved TrpF activity in DA26432 by >13-fold; 

HisA activity was abolished confirming that the bifunctional enzyme had been converted to a 

TrpF specialist (Fig. 6.9).  

 

The substitution must improve activity by increasing enzyme turnover. The original DA26432 

enzyme was the only HisA variant that could be saturated with PRA (KM 2.1 mM). DA26432 

G79K could not be saturated but had a significantly improved kcat/KM (Table 6.3), it follows 

that it had an increased (or similar) KM but also increased kcat (> 1.4 s-1 compared to > 0.10 s-1; 

Table 6.3). 
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Figure 6.9.  The effect of G79K on TrpF activity in DA26432 and DA26438. TrpF catalytic 
efficiencies (s-1.M-1) for each enzyme are represented. Error: SEM from assays performed in 
biological duplicate and technical triplicate. ** p < 0.005 in a paired Student’s T-test in Prism 
GraphPad. 
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The generation of G79K substitution in the kinetically superior HisA DA26438 (kcat/KM 35-

fold greater than DA26432), however, led to a >9-fold reduction in catalytic efficiency. The 

markedly different effects of the same substitution in the two enzymes are illustrated in Fig. 

6.9.  

 

How can the same mutation have opposite effects in such similar enzymes? SeHisA variants 

DA26432 (dup10-13, D10G) and DA26438 (dup10-13, D10G, V15[b]M, Q24L, G102A) differ 

at three amino acid positions and therefore represent different genetic backgrounds. One of 

these is the G102A substitution – described previously (Fig. 4.16, pp. 103) – that alters the size 

and chemistry of the phosphate 2 binding pocket. Position 102 was randomised along with 

position 79 in the library: the fact that the DA26432 G79K maintained Gly 102 (two different 

codons were found) suggests that this is a requirement for Lys 79 to have a positive effect on 

TrpF activity. 

 

The G79K substitution was modelled onto the crystal structures of DA26432 (PRFAR-bound) 

and DA26438 (rCdRP-bound), shown in Fig. 6.10.  

 

The long Lys side chain can be accommodated by the active sites in two different 

conformations. In one it is positioned across the active site toward the Asp 129 (5.6 Å: too far 

for a direct H-bond) and in the other it is oriented towards the catalytic face of the (βα)8-

barrel (“up” in Fig. 6.11 A). In either position it effectively blocks phosphate 2 binding pocket, 

which is essential for HisA activity. Only one of the three rCdRP orientations described 

previously (Fig. 5.11, pp. 136) can be accommodated by the altered active sites without a steric 

clash (Fig. 6.11 B-D). In the second orientation (Fig. 6.11 C) the anthranilate ring is in plane 

with the axis of the barrel and the carboxylate is positioned towards the N-terminal end of the 

barrel. In this orientation the ligand can form an H-bond with Lys 79 in either active site (Fig. 

6.11 C and E).  

 

The increased KM of DA26432 G79K (and perhaps DA26438 G79K) is likely due to the long 

Lys side chain altering the shape of the active site and restricting the number of orientations 

the ligand can bind in. The positive interaction between the side chain and the anthranilate 

moiety should have a effect on KM, but does not compensate for this loss of freedom and 
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perhaps reduction in other specific substrate-enzyme interactions when PRA is forced to bind 

in this manner. The increase in KM could alone account for the reduction of activity in 

DA26432 +rCdRP 2

D176

S202

D129

G79K

+rCdRP 1

+rCdRP 2

DA26438

C D

A B

+rCdRP 3

G79K

3.1 Å 4.3 Å

2.8 Å 

3.8 Å 

E

Figure 6.10.  In silico simulation of the G79K substitution. The G79K substitution was modelled in 
the HisA DA26438 rCdRP structure (A-D) and the HisA DA26432 PRFAR structure (with rCdRP 
modelled, E). The G79K mutation causes a steric clash with rCdRP in orientations 1 and 3 (B and D) 
but a putative H-bond is shown in orientation 2 for both active sites (C & D). Figure created with 
PyMOL and Adobe Illustrator CS5.1. 
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DA26438 G79K, but it is more likely that the H-bond with Lys prevents the PRA anthranilate 

moiety from participating in substrate-assisted catalysis, which has been shown to make an 

important contribution to the superior TrpF activity of DA26438 (Chapter Five). 

 

Lys 79 and rCdRP were modelled into the active site of the PRFAR-bound DA26432 structure. 

Although not ideal (bifunctional HisA DA26436 has been shown to undergo distinct 

conformational changes in the presence of TrpF and HisA ligands) the simulation indicated 

that a similar H-bond forms between Lys and ligand. Lys could potentially act as a proton 

donor to the carboxylate general acid, but with a typical side chain pKa of 10.5 (Voet and Voet, 

2004c) it is unlikely. The improved kcat of DA26432 G79K could be due to Lys 79 positioning 

substrate PRA in a way that is more favourable for interaction with general acid Asp 176. 

Chapter Five (Fig. 5.18) found that slight repositioning of substrate and Asp 176 could be the 

key to much of the variance in activity observed in this study. Unfortunately Asp 176 and 

much of βα loop 6 are absent from the PRFAR DA26432 structure. 

 

To determine whether the DA26432 G79K variant employs substrate-assisted catalysis as part 

of its reaction mechanism, the assay was performed with phosphoribosylaniline (PRA lacking 

carboxylate) as described previously (8.6.5). Preliminary experiments showed that DA26432 

G79K could not turn over the alternative substrate. This could either indicate that the variant 

relies almost entirely on a substrate-assisted catalysis mechanism or, more likely, the 

specificity of the active site was increased – without the carboxylate the charged Lys side chain 

would repel either the hydrophobic benzene ring or the like-charged secondary amine. 

6.3.2. DA26432 G79R/G102D 
 

The second variant selected from the G79X/G102X library was DA26432 G79R/G102D. Cells 

expressing the variant dominated one of the three purifying selective passage series (Table 6.2) 

and the enzyme showed a > 2.5-fold increase in TrpF kcat/KM compared to DA26432 (Table 

6.3). Like the G79K substitution, this variant enzyme could not be saturated with PRA and did 

not show any activity with ProFAR. Therefore, the two substitutions also converted DA26432 

to a TrpF specialist by improving kcat. 
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In silico modelling (Fig. 6.7) led to the prediction that the Arg 79 and Asp 102 side chains 

form a salt bridge across the active site, blocking access of ProFAR to the phosphate 2 binding 

pocket and abolishing activity through vastly increased KM. Predictions of the melting 

temperatures of DA26432 and the two library variants (Fig. 6.8) suggested that introduction 

of a single long side chain into the active site (Lys 79) reduced TM but the double mutation 

recovered stability, supporting the hypothetical putative salt bridge. 

 

The salt bridge could also reduce binding affinity for PRA, leading to the increased KM 

observed DA26432 G79R/G102D. Predictably, as the salt bridge occupies the same region of 

the active site, the same steric clashes observed for DA26432 G79K with rCdRP occur in this 

variant and reduce the orientations substrate can bind in (Fig. 6.11 A).  

 

Figure 6.11.  The effect of the G79R/G102D salt bridge on the substrate binding of DA26432. A. 
steric clashes prevent PRFAR (yellow) and two rCdRP (blue) orientations from binding. G79R and 
G102D were modelled on the HisA DA26432 PRFAR structure with PyMOL. B. Arg 79 can form H-bonds 
with Asp 102 and rCdRP. 
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The double mutation likely improves TrpF kcat with a similar mechanism to the G79K 

substitution. Like Lys, Arg has a positively charged side chain and can coordinate the 

anthranilate moiety of rCdRP/PRA in orientation 2 (Fig. 6.11 B). The poorer kcat/KM for the 

double mutant enzymes compared to DA26432 G79K could be due to the salt-bridge further 

increasing KM or the longer Arg 79 side chain positioning the substrate less optimally for 

catalysis. Alternatively, the strong (2.4 Å) H-bond between product and Arg 179 could reduce 

the rate of product release and therefore slow enzyme turnover. 

6.3.3. The Effects of Genetic Background 
 

This chapter has described the generation of a TrpF specialist from bifunctional HisA 

DA26432 by two different mutational trajectories (G79K or G79R/G102D). As predicted, the 

introduction of long side chains was sufficient to abolish HisA activity in both enzymes and a 

positive side chain at position 79 appears to be important to improve kcat of the TrpF reaction. 

A switch in function mediated by a single amino acid substitution is not unprecedented. In 

2008, a generalist restriction endonuclease was converted to a specialist with strict substrate 

specificity by a single point missense point mutation (Saravanan et al., 2008). Another study 

in the reverse direction converted specialist subHisA to a bifunctional PriA enzyme with three 

amino acid substitutions (Noda-García et al., 2013). 

 

The different effects of G79K in the DA26432 and DA26438 is an example of sign epistasis: 

the fitness effect of the mutation is dependent upon the genetic background it occurs within 

(Poelwijk et al., 2007; Weinreich et al., 2005). A similar effect was observed when a single 

substitution was introduced into a population of closely related Hepatitis C Virus NS3 

proteases. Fifty-six enzymes with the substitution showed a range of fitness effects: lethal; 

deleterious; neutral; or beneficial due to improved kcat/KM (Parera and Martinez, 2014). 

Therefore, the genetic background had a large impact on the effect of the individual mutation. 

Notably, the study showed that the genetic background between variants that had a beneficial 

effect and those that showed highly deleterious effects could be as little as a single amino acid 

– HisA DA26432 and DA26438 differ by three. 
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6.3.4. A Hypothetical Mutational Trajectory 
 

The semi-rational design experiment described above identified three amino acid 

substitutions that successfully converted bifunctional SeHisA DA26432 to a TrpF specialist. 

But how likely are these changes to arise in vivo under selective pressure? 

 

Although DA26432 G79K differs at just one amino acid position from DA26432, this change 

would be less likely to occur by chance than most of the mutations described in Chapter Four. 

All but one of the original substitutions (Table 4.1) can be achieved through a single point 

mutation (except Q24L, which requires two), while a Gly (GGT codon) to Lys (AA[A/G]) 

substitution required three point mutations. Therefore, although this sequence was 

theoretically equally likely to arise in the site saturation experiment, it is less likely to occur 

naturally. However, a potential mutational trajectory is shown in Fig. 6.13. If the requirement 

for TrpF activity is a positive side chain at position 79, then Gly could first undergo a silent 

mutation to GG[A/G], then a point mutation to AG[A/G] – Arg – which would improve TrpF 

activity moderately. A final point mutation to AA[A/G] would introduce Lys 79, which would 

further increase TrpF activity (Table 6.3). The second steps would be subject to positive 

selection for TrpF activity, but the first would rely upon neutral drift leading to natural 

diversity within a population (Kimura, 1989). If the Gly 79 Arg substitution were to occur, 

then the additional mutation of Gly 102 to Asp (one point mutation) would be selected for to 

compensate for the destabilising effect of the positive side chain (Fig. 6.8).   

 

 
Figure 6.13. Sequential point mutations in SeHisA DA26432 codon 79 could lead to improved TrpF activity. Codon 
sequences are shown with new point mutations in red; the resultant amino acid beneath is colour coded according to 
effect (green: bifunctional enzyme; blue: TrpF specialist). Mutations that improve TrpF activity would be subject to 
positive selection in under Trp-limiting conditions. 

 

The results described in this chapter re-emphasise that single substitutions can have large 

effects on enzyme activity. They also highlight the complexity of the structure-function 

relationship, with the epistasis observed a position 79 in the DA26432 and DA26438 active 
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sites. Knowledge of the protein structures enabled appropriate mutagenesis targets to be 

identified and characterisation of the improved variants led to greater knowledge of function 

in the structural context. Although the serial passage selection experiment was not as close an 

approximation to evolution as the (Näsvall et al., 2012) study – due to the use of site-

saturation mutagenesis and over-expression plasmids – it still emphasised the ease with which 

a generalist enzyme can be converted to a specialist. A plausible mutational trajectory, Fig. 6.3, 

described how the changes could have arisen “naturally”. The discussion of mutational 

trajectories and epistasis in the context of fitness landscapes will be further explored in 

Chapter Seven. 
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7.1. Mutations  
 

Much of this thesis has been spent quantifying the kinetic effects of single amino acid 

substitutions. The mutations in the evolved SeHisA enzymes (both variants from the original 

evolution experiment – Chapter Four – and those introduced in Chapters Three, Five and Six) 

were mainly concentrated within the βα loops around the active site of the (βα)8-barrel; while 

the positions substituted between extant AroA and MurA and the reconstructed enzymes 

from the last common ancestor of Streptococci are distributed through the whole structure. 

The latter is an effect of using Ancestral Sequence Reconstruction techniques; extant 

“terminal” proteins used in the reconstruction are likely to have accumulated many mutations 

in the space of ~ 300 million years, due to selection for stability (Bloom et al., 2004) and 

neutral drift (Kimura, 1989).  

 

However, ~ 100 amino acid changes separating the ancestral AroA and MurA structures from 

their contemporary descendants in S. pyogenes did not adversely affect stability or function. 

The aMurA enzyme, in fact, showed a significant increase in kcat/KM relative to extant MurA 

enzymes. And this is significant because it illustrates how flat fitness landscapes can be 

(discussed further below). 

 

In contrast to the ASR study, characterisation of evolved SeHisA variants found that many 

relatively conservative changes – substitution of Val with similarly hydrophobic Met or Leu; 

the single methyl group distinguishing Ala from Gly – led to significant changes in substrate 

specificity and catalytic efficiency (Table 4.3). Less conservative substitutions, including Gly 

with Lys and Glu with Gly, were also shown to have significant kinetic effects. The impact of 

conservative substitutions upon activity has an implication for the study of evolutionary 

biology. Algorithms used in sequence alignment and phylogenetic studies, such as BLOSUM 

(Blocks Substitution Matrix (Henikoff and Henikoff, 1992)) group sequences according to 

similarity rather than identity. Substitutions between “like” residues (i.e. Val and Leu) lead to 

sequences with similar physicochemical properties and are therefore considered unlikely to 

instigate changes in structure and function. The impact of conservative substitutions upon the 

catalytic function of SeHisA variants may mean current algorithms need to be altered: similar 

does not mean the same. 
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7.2. Bifunctional Enzymes 
 

Models of enzyme evolution stress the importance of multi-functionality. For example, Jensen 

imagined a primordial world where each enzyme had multiple activities. And the IAD model 

invokes a critical role for the pre-existing promiscuous functions of enzymes. Recent studies 

have confirmed modern metabolism displays many examples of enzyme promiscuity (Patrick 

et al., 2007; Schulenburg and Miller, 2014; Soo et al., 2011). In the S. enterica evolution study, 

the bifunctional parental SeHisA variant represented a (hypothetical) ancestor with the 

requisite pre-existing promiscuous activity (Näsvall et al., 2012). 

 

Evolution of new function via a bifunctional intermediate state could help avoid strong 

negative fitness trade-offs expected if a specialist enzyme mutates directly to another specialist 

(Khersonsky and Tawfik, 2010). For instance, Afriat-Jurnou et al. (2012) found a missing link 

between recently evolved phosphotriesterase (PTE) and PTE-like lactonases (PLL) by 

engineering βα loop 7 of the PTE (βα)8-barrel. The resultant enzyme had activity towards 

paraoxon and homoserine lactones (HSLs), the latter completely absent in PTE: in terms of 

organismal fitness, the bifunctional intermediate may have eased the transition between the 

two functions. Similarly, the S. enterica real time evolution experiment found that the 

trajectory between a specialised HisA and a specialised TrpF required a series of bifunctional 

intermediates (Näsvall et al., 2012). 

 

Enzymes with greater structural flexibility have been predicted to have greater potential for 

substrate ambiguity (Gatti-Lafranconi and Hollfelder, 2013; Khersonsky and Tawfik, 2010). 

The emerging consensus is that generalist enzymes do not perform the same reaction on 

multiple substrates within a rigid active site: instead, optimised binding of each ligand is 

induced through conformational flexibility (a modified induced fit, (Voet et al., 2007)). PriA 

has been observed to adopt alternative active site conformations in PRFAR and rCdRP-bound 

structures (Due et al., 2011; Wright et al., 2008). This appears to be the case with the 

bifunctional HisA DA26436 (dup 13-15, D10G, Q24L, G102). The variant bears the D10G 

substitution that appears to improve the flexibility of βα loop 1 in the presence of the 13-15 

duplication (Chapter Four). The ratio HisA:TrpF activity for the HisA DA26436 was 19 

(Table 4.5), making it the variant closest to being a “true generalist”. 
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Multiple crystal structures have been solved for HisA DA26436 (Selmer Lab, Uppsala). There 

is an apo structure along with multiple structures with rCdRP (TrpF product analogue) and 

with PRFAR (HisA product). These structures help create a picture of how the SeHisA active 

site adapts to distinct substrates. Movements of βα loops 1, 5 and 6 appear to be important for 

creating unique active site conformations for TrpF and HisA activity.  

 

In the absence of ligand (Fig. 7.1), HisA DA26436 exists in an “open” conformation where βα 

loops 1 and 6 are flexible (not fully resolved in the apo structure) and loop 5 is coordinated 

over phosphate pocket 2  (potentially mediated by Val 106). Upon ProFAR binding 

(represented by PRFAR-bound structures), βα loop 6 becomes structured and swings into the 

active site. The general acid Asp 176 becomes positioned to act on the substrate. βα loop 1, 

bearing the 13-15 duplication and Q24L substitution, also becomes ordered and spans the 

length of the active site like a lid (Fig. 7.1). This movement displaces βα loop 5, which is no 

longer resolved in the PRFAR structure. When the TrpF substrate PRA binds (represented by 

rCdRP-bound structures), βα loop 6 swings inward as before, and βα loop 1 folds on top, over 

phosphate pocket 1 (Fig. 7.1). The residues at the tip of βα loop 1 move ~15 Å between the 

PRFAR and rCdRP structures. In the presence of rCdRP, βα loop 5 remains structured in a 

similar position to the apo structure.  

+ PRA+ ProFAR Apo-generalist

loop 6

loop 5

loop 1

TrpFHisA
Figure 7.1. HisA DA26436 exhibits substrate-specific conformational changes upon ligand binding. HisA 
DA26436 crystal structures are shown in cartoon (left) and schematic (right) form. βα-loops 1, 5 and 6 are shown. 
Green: apo structure; blue: rCdRP-bound structure (represents PRA binding); yellow: PRFAR-bound structure 
(represents ProFAR binding).  Ordered loops are shown in black; flexible loops are red.  
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The lack of electron density for the flexible loops in the crystal structures is limiting because 

the location and movement of the loops can only be subject to conjecture. Elevated B-factors 

within these regions support increased conformational freedom and additional experiments 

could be carried out to increase the information about loop movement in vivo (see below). 

 

Crystallographic studies of the MtPriA enzyme have shown that it also adopts different 

conformations depending upon the substrate it binds (Due et al., 2011). The “open” apo 

structure forms a “closed” or “half-closed” conformation when PRFAR or rCdRP bind, 

respectively. In MtPriA βα loop 1 is shorter than in SeHisA DA26436, but it also closes over 

the active site like a lid when PRFAR is bound; it remains unstructured in the rCdRP 

structure. A proposed “Arg 143/Trp145 switch” mediates the transition between the different 

conformational states (Due et al., 2011): as discussed in Chapter Five, Arg 143 of MtPriA 

appears to reposition general acid Asp 175 to optimise catalysis towards PRA. These data 

suggest that although the same enzyme can accommodate two different substrates in the same 

active site, it must adapt upon binding. 

 

Consistent with this model, comparative molecular dynamics (MD) simulations performed 

on MtPriA and C. efficiens subHisA found that the HisA specialist, subHisA, had a more 

compact tertiary structure than the bifunctional PriA (Noda-García et al., 2013). Additionally, 

the study found that side chains on βα loops 1, 6 and 7 of PriA showed greater r.m.s. 

deviations than those of subHisA. In an unrelated example, human cytochrome P450 (CYP) 

3A4 – a highly promiscuous enzyme that is responsible to metabolising ~50% of all market 

drugs – was found in a 2006 study to exhibit marked active site flexibility, allowing it to adopt 

distinct conformations upon ligand binding (Ekroos and Sjogren, 2006). Such active site 

plasticity is likely to be an important general feature for mediating the substrate ambiguity 

and catalytic promiscuity of multifunctional enzymes.  

 

Additionally, a heterogenous population of enzymes might adopt different conformations in 

the absence of ligand, some of which are better suited to binding ProFAR and some PRA 

(Gatti-Lafranconi and Hollfelder, 2013). ScPriA enzymes have been shown to sample 

conformations similar to ligand-bound structures in the absence of ligand (Wright et al., 

2008). If only a subpopulation of  the generalist enzyme (e.g. DA26432 or DA26436) was able 
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to optimally bind and isomerise PRA, this could explain a low observed kcat/KM. The DA26437 

variant showed no HisA activity, but the same TrpF activity as DA26436 (260 s-1.M-1; Table 

4.3). The enzyme might still sample the ProFAR-binding conformations (polluting the 

population with enzymes with lower activity) but be unable to turn it over. The V15[b]M 

substitution could lock the conformation of βα loop 1 so that the apo DA26438 enzymes form 

a more homogeneous population; all adopting conformations optimal for TrpF activity. 

Nuclear Magnetic Resonance (NMR) experiments could test whether the evolved SeHisA 

variants conform to the “ordering on binding” or the “alternate apo-conformations” 

hypothesis, by assessing whether they sample alternate conformers in solution. 

 

In the original evolution experiment, DA26436 was co-expressed with the HisA specialist 

DA26443 (D10G, G102A) (Näsvall et al., 2012). Thus DA26436 would not have been under 

selection to act as a generalist, as the majority of HisA flux would have been directed through 

the superior HisA specialist. However, as the novel activity of DA26436 was still poor, the 

alternative substrate ProFAR could have acted as a competitive inhibitor of TrpF activity – as 

described in Chapter Four – as the enzyme has greater affinity for it (ProFAR KM: 10 µM; PRA 

KM: > 2 mM). This interplay of positive and negative selection is likely to be critical for 

evolving highly active, specialist enzymes. 

 

The data in this study support that multifunctional enzymes show a higher degree of 

structural flexibility to help facilitate binding multiple substrates and/or correctly position 

residues within the active site to catalyse different reactions. Future work could include NMR 

or Hydrogen-Deuterium Exchange to better understand the movement of the flexible loops 

that are crucial for catalysis. Further directed evolution or semi-rational design experiments to 

try to improve both HisA and TrpF activity in HisA DA26436, to determine whether the 

active site can support both activities at high levels and at a perfect ratio. 

 

7.3. Evolutionary Implications of the DA26438 TrpF Mechanism 
 

One of the key findings of this thesis was that the TrpF reaction catalysed by evolved SeHisA 

enzymes proceeds according to a substrate-assisted catalysis mechanism (Chapter Five). 

Although substrate-assisted catalysis has previously been proposed to be important for TrpF 
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activity on engineered HisA, HisF (Leopoldseder et al., 2004; Reisinger et al., 2012) and TrpA 

(Evran et al., 2012) scaffolds, experimental evidence has been confined to studies of the pH-

dependence of the reactions (Reisinger et al., 2012). The SeHisA DA26438 variant can catalyse 

the TrpF reaction using either Asp 176 or the carboxylate of its substrate PRA as a general 

acid. HisA DA26438 was shown to successfully isomerise decarboxylated analogue of TrpF 

substrate PRA (phosphoribosylaniline), indicating the moiety was not essential for normal 

catalysis. However, a DA26438 D176N mutant (TrpF kcat/KM 100 ± 20 s-1.M-1; Table 5.2) could 

not isomerise the alternative substrate, leading to the conclusion that the residual TrpF 

activity in the absence of the enzymatic general acid was reliant upon substrate-assisted 

catalysis. 

 

Substrate-assisted catalysis has previously been hypothesised to be an important link between 

ancient (pre-cellular) metabolism and present enzymatic reactions. Substrate-assisted 

catalysis, along with active sites that utilise metal ion clusters and activated water molecules, 

represent simple primordial methods for catalysis because they are not closely coupled to 

active site architecture (Copley et al., 2007). Substrate-assisted catalysis can occur (often very 

inefficiently) in solution and therefore was likely important for the earliest metabolic reactions 

(Fig. 7.2 A) (Fersht, 1995). Early proto-cells are likely to have been under selection to acquire 

Figure 7.2. Substrate-assisted catalysis may represent an early catalytic mechanism. A. Some molecules 
can catalyse reactions on themselves in solution through reactive functional groups (red). These may represent 
the starting point for evolution of an enzyme. Substrate-assisted catalysis (SAC) could have been supported first 
by a simple RNA enzyme (B) and then a protein (C) to act as a scaffold to enhance the rate of reaction: the 
catalytic functional group still provided by the substrate. Finally, as protein enzymes evolved to become more 
specialised, active site residues (red) could replace the substrate as more efficient catalysts (D). This would yield 
a canonical enzyme reaction reliant upon functional groups in the active site for activity. Evolution acts over 
time to improve the efficiency and rate of reaction.   

Substrate-assisted
catalysis (SAC) in solution

SAC with RNA scaffold SAC with protein scaffold
Enzyme-dependent

catalysis

Time

Substrate

Catalytic functional
group

Activity

A B C D
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a metabolism of molecules with a propensity for substrate-assisted catalysis (in the absence of 

intermolecular catalysis), and these reactions may have occurred in parallel to or been 

enhanced by small RNA catalysts (Fig. 7.2 B). It could therefore be proposed that the first 

protein enzymes may have acted to stabilise catalytic RNA molecules (modern day remnants 

include the ribosome and spliceosome) or to provide a scaffold for and eventually replace the 

functional groups acting in substrate-assisted catalysis  (Fig. 7.2 C and D) (Copley et al., 

2007).  

Although relatively rare, there are still many examples of extant enzymes that exhibit 

substrate-assisted catalysis as part of their mechanism (see Chapter Five; Dall’Acqua and 

Carter, 2000). The persistence of substrate-assisted catalysis in extant enzymes can likely be 

explained by “don’t fix what isn’t broken” reasoning. 

 

An active site that is ill-adapted to a novel promiscuous function (such as HisA performing 

the TrpF reaction) may initially employ simple functional groups as an intermediate state 

before specialisation occurs. The prevalence of SAC and other “primordial” mechanisms 

might indicate they are common stepping-stones during the evolution of catalysis.  

 

If DA26438 is unique within the evolved SeHisA enzymes in this redundancy of mechanism 

(Asp 176 and substrate-assisted catalysis), then it may not be just be the most active TrpF 

enzyme from the study, but also the most evolvable. A cell expressing an enzyme with 

multiple “choices” for catalytic mechanism could be better equipped to adapt to the challenges 

of a changing environment (Aharoni et al., 2005). It would be interesting to further evolve 

HisA DA26438 to improve its activity to that of an “average enzyme” and determine whether 

the mechanistic redundancy is retained. Alternatively, improved TrpF function could come as 

the result of a trade-off: an active site better adapted to PRA binding in a single orientation 

that either improved substrate-assisted catalysis or Asp 176 activity as general acid. There 

might be limit to how much TrpF catalytic efficiency can improve while still maintaining two 

mechanistic routes: DA26438 could represent a local peak in the fitness landscape (see below). 

7.4. Landscapes and Trade-offs 
 

“Wind back the tape of life,” instructed Stephen J. Gould in his book Wonderful Life, “and let 

it play again” (Gould, 1989). Gould proposed that if one could restart evolution beginning at 
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the origin of life and “replay” it again and again, the same order of events could never be 

created. But can the same be said for explorations of an enzyme’s fitness landscape?  

 

Conway Morris has argued that the prevalence of convergent evolution indicates that 

evolution can, in fact, be predictable (Conway Morris, 2009, 2010). Tracing the mutational 

trajectories from a drug-sensitive form of β-lactamase TEM-1 to a resistant one (five amino 

acid changes), Weinreich and colleagues found that the majority of pathways through 

sequence space were blocked at non-functional intermediates (Weinreich et al., 2006). 

Epistatic constraints dictated that only one or two trajectories were likely. The authors 

concluded that “the protein tape of life might be surprisingly repetitive” (Weinreich et al., 

2006) or, as Conway Morris eloquently put, biological forms are “poised on a knife edge of 

possibilities, discovering the narrowest of paths that thread their way through vast landscapes 

of non-viability” (Conway Morris, 2009). These are powerful ideas and this section will 

discuss the contribution of my data to the debate. 

 

Despite proceeding through bifunctional intermediates, the establishment of TrpF activity on 

the SeHisA scaffold led to immediate trade-offs in function (downward slope in the HisA 

activity landscape). This observation was in contrast to the “diminishing returns” described by 

(Tokuriki et al., 2012), tracing the mutations required to switch the substrate specificity of 

PTE. In their study, initial mutations had a large impact upon the new activity but led to 

relatively small decreases in the original PTE activity. Later mutations yielded a smaller 

increase in the novel function but at a much greater cost to the original activity.  

 

The evolved SeHisA variants (Näsvall et al., 2012) characterised in Chapter Four showed an 

immediate strong reduction of HisA function (Table 4.3 and Fig. 4.23, pp. 113): as few as three 

amino acid changes (the 13-15 duplication) were sufficient to establish (poor) TrpF activity 

and completely abolish HisA activity. The bifunctional enzymes all had HisA activity that was 

reduced by 16 – 90-fold relative to SeHisA (Table 4.3). Although the evolved SeHisA enzymes 

showed low TrpF activity compared to the EcTrpF (51 – 1800 s-1.M-1 vs. 1.1 × 105 s-1.M-1; Table 

4.3) and naturally occurring bifunctional enzymes (ScPriA 6.8 × 105 s-1.M-1 (Wright et al., 

2008) and MtPriA 1.7 × 105 s-1.M-1 (Due et al., 2011)), it in many cases was coupled with with 
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a complete loss of HisA activity. The activity trade-offs along a mutational trajectory are 

shown in Fig. 7.3. 

 

The trade-offs in enzyme function indicate that, with the particular combinations of 

mutations studied, the SeHisA active site cannot tolerate high levels of activity towards both 

ProFAR and PRA. Many of the residues are epistatically linked: additive mutations do not 

have additive effects upon kinetics. For instance, the Q24L substitution (that converts 

DA26433 to DA26436) had a minimal positive effect upon TrpF activity, but the following 

substitution of Val 15[b] with Met (converting DA26436 to DA26438) led to a ~7-fold 

increase in TrpF activity and abolished HisA activity (Fig. 7.3). Sign epistasis was observed 

with the G79K mutation (Chapter Six): the substitution improved TrpF activity in a 

permissive genetic background (DA26432), but reduced it in another (DA26438). 

The mutational trajectory in Fig. 7.3 traces a portion of the catalytic landscape for SeHisA. As 

described earlier, a catalytic or fitness landscape provides a visual representation of an 

exploration of protein sequence space (Austin et al., 2008).  

 

Although the amplitude of fitness/catalytic landscapes usually represents a particular activity 

or the fitness of an entire organism, it can also be used to compare multiple catalytic activities 
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within promiscuous enzymes (Baier and Tokuriki, 2014). In such a combined landscape, 

peaks representing maximal catalytic activities for two reactions could overlap. The regions of 

overlap represent sequences that support multiple enzyme functions. Baier and Tokuriki 

defined such a catalytic landscape for 24 enzymes from the metallo-β-lactamase (MBL) 

superfamily, characterising 15 different functions. Promiscuous activity (the enzymes 

catalysed an average ~1.5 different reactions each) led to a continuous network connecting 

functions through sequence space (Baier and Tokuriki, 2014). 

 

In light of the data presented in this study and those that came before it, HisA can be placed 

on a broader (βα)8-barrel landscape; as was done with proteins from the MBL superfamily 

(Baier and Tokuriki, 2014). To begin, the sequence space for HisA likely defines a rugged 

landscape, a portion of which has been probed in this study (Fig. 7.4 and 7.5). 

Characterisation of the SeHisA active site  (Chapter Three) found that Asp 176 acts as general 

acid; however this role appears to be played by a residue in a different region of the (βα)8-

barrel in HisA enzymes from other species (e.g. Asp 127 in TmHisA (Henn-Sax et al., 2002)). 

Each of these active sites represent a different peak within the landscape, as the mutations 

required to reshape the active site to favour use of a distinct general acid would presumably 

lead to intermediates with decreased activity (and thus fitness). 
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Bifunctional PriA enzymes are part of the broader HisA/(βα)8-barrel landscape, as are the 

subHisA enzymes that lost TrpF activity in Corynebacterium species (Noda-García et al., 

2013). The dual activity of PriA enzymes and the ease with which the function of HisA 

enzymes can be converted to TrpF (Jürgens et al., 2000; Leopoldseder et al., 2004; Näsvall et 

al., 2012), indicate that the landscape also includes many peaks corresponding to TrpF 

activity. Separate but intersecting TrpF peaks could correspond to active sites that utilise an 

enzymatic general acid, substrate-assisted catalysis or both. 

 

A rudimentary fitness landscape is shown in Fig. 7.4: a plot of the sequence changes in variant 

SeHisA enzymes against cell fitness (defined here as the growth rate of an S. enterica ΔhisA 

ΔtrpF strain expressing the variant enzyme under selective conditions, normalised against its 

growth medium supplemented with His and Trp) reported in (Näsvall et al., 2012). 

Illustrating the connectivity of the HisA/TrpF landscape, the two activities are shown as 

intersecting peaks.  

 

The HisA/TrpF landscape can also be linked to the HisF landscape: structurally, HisF is 

closely related to HisA, and it has been shown to isomerise ProFAR at a low rate (Lang et al., 

2000). HisF can also be converted to a TrpF by a single amino acid substitution (Leopoldseder 

et al., 2004). TrpF activity can also be conferred with as few as three substitutions on the 

(βα)8-barrel TrpA (Evran et al., 2012), and the related TrpC landscape (and those of other 

(βα)8-barrel enzymes) can likely also be connected with a minimal number of changes.  Thus, 

a similar analysis to the one conducted by (Baier and Tokuriki, 2014) with the (βα)8-barrel 

enzymes of Trp and His biosynthesis could further characterise the highly connected catalytic 

landscape (see Fig. 7.5).  

 

AroA and MurA, as discussed in Chapter Two, are predicted to share an ancient common 

ancestor. However, unlike HisA and TrpF, there are no existing bifunctional enzymes to 

represent an intersection of catalytic landscapes; no studies have reported the interconversion 

of their functions and the reconstructed enzymes from the LCA of Streptococci did not exhibit 

detectable promiscuous function. The reconstruction data favour a landscape in which AroA 

and MurA peaks are like high, flat-topped plateaus. Each enzyme appears to be robust and can 

tolerate many mutations while remaining high in the landscape: aAroA and aMurA are ~ 100 
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mutations away from their S. pyogenes descendants, and yet still display high activity (still 

high in their respective regions of the landscape). The two ancestors, which display 20% 

identity, are no closer to each other in sequence space than any extant AroA and MurAs: i.e. 

aAroA displays similar sequence identity with extant MurA enzymes (17-20%). The AroA and 

MurA peaks are likely very distant: further ASR experiments, reconstructing the AroA and 

MurA enzymes from the LCA of Gram-positive and of Gram-negative bacteria could be 

predicted to sample an overlap of the two functions in the shared fitness landscape. I 

hypothesise that reconstructions this deep in the phylogeny (>3 billion years ago (Risso et al., 

2013)) would be close enough to a predicted common ancestor to provide evidence for 

multifunctionality. Additionally, a directed-evolution study – in which AroA variants 

generated through processes such as error-prone PCR could be selected for multifunctionality 

– would allow more direct characterisation of the Aro/MurA landscape. 

 

The data presented above suggest that there are multiple paths between activities in the 

extended HisA/(βα)8-barrel landscape. The shared landscape is rugged with many peaks 

representing distinct active site architectures and reaction mechanisms that can support the 

functions described in Fig. 7.4. HisA and TrpF function can arise through many alternative 

mutational trajectories, some of which were described here. The ASR experiments, however, 

could not identify a pathway between the two major peaks of the AroA/MurA landscape. 

Replaying the tape of life might be more predictable than Gould originally invisaged (1989), 

leading to many of the same outcomes again due to the constrained pathways in the fitness 

landscape (Conway Morris, 2009; Weinreich et al., 2006). HisA and TrpF functions could 

arise again because they are fundamental to core metabolism and because of the ruggedness of 

their shared landscape (indicating many alternative sequences can lead to functional 

enzymes); however the trajectories through the landscape, unlike that described for TEM-1 

(Weinreich et al., 2006), would likely never repeat the same path.  

 

7.5. An Exploration of Enzyme Activity Thresholds 
 

This thesis has explored the concept of Activity Thresholds for enzymatic function in the cell 

(Newton et al., 2015). An Activity Threshold was defined as the minimal catalytic efficiency 

required to prevent this point in metabolism from becoming rate limiting to the cell’s growth 
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and replication. The Activity Threshold is dependent upon the organism, its environment 

(including availability of exogenous metabolites; conditions such as temperature and pH; and 

other competing or commensal organisms) and its metabolism (i.e. if the activity of an 

essential enzyme significantly decreases to become the weak link in metabolism, it effectively 

lowers the Activity Thresholds for all other enzymes as they simply have to maintain a flux 

greater than the weak link). The hypothetical Activity Threshold can be expected to level 

many of the peaks in a fitness landscape. Once an enzyme’s catalytic efficiency exceeds its 

Activity Threshold (Fig. 7.6 A), it ceases to be the weak link in metabolism, no longer 

impacting cell fitness (Fig. 7.6 B). After this point, natural selection can no longer be expected 

to act upon catalytic efficiency – although it may continue to increase as a secondary effect of 

selection for improved stability or regulation, or through genetic drift. 

 

In 2005, a landmark study effectively described enzyme Activity Thresholds. The group 

altered the substrate-specificity of E. coli IMDH from NAD+ to NADP+, mapping the kinetic 

characteristics and cell fitness effects of the intermediate enzymes along the mutational 

trajectory (Lunzer et al., 2005). The group observed no epistasis in the genotype-phenotype 

landscape (where phenotype was kcat/KM): each mutation led to an additive increase in 

performance with NADP+ and a decrease in performance with NAD+. However, the genotype-

fitness landscape (with fitness referring to cell growth rate) showed strong epistasis: combined 

mutations had a hyperbolic effect on fitness. A phenotype-fitness graph (like those in Fig. 7.6) 
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Figure 7.6. Cutting the tops off mountains:  differences in sequence-catalytic efficiency and 
sequence-fitness landscapes are due to the Activity Threshold. When the catalytic efficiency of 
and enzyme exceeds the Activity Threshold of the cell (A), any further increases in activity cease to 
affect cell fitness (B). 
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was used to illustrate the concept of the Activity Threshold. The authors stated that fitness 

epistasis occurs when the same mutation that leads to a proportional increase in the kcat/KM of 

the wild type and mutant enzymes has a greater impact upon the cell fitness conferred by the 

mutant than the wild type (Lunzer et al., 2005). The activity of IMDH with NAD+ had to be 

reduced by greater than an order of magnitude before fitness was impacted: effectively 

identifying the Activity Threshold. 

 

The kinetic (Table 4.3) and in vivo growth data from the original SeHisA evolution 

experiment (Näsvall et al., 2012) provide another illustrative example. As discussed above, 

HisA DA26438 represents a sharp peak in the catalytic landscape explored in this study (Fig. 

7.7 A). The same variant, however, did not lead to improved cell fitness when used to 

complement   S. enterica ΔhisA ΔtrpF under TrpF-selective conditions (Näsvall et al., 2012). 

Figure 7.7 B shows that DA26438 conferred an almost identical cell fitness effect to HisA 

DA26436; this flattening of the landscape is in accordance with Fig. 7.6 B. The DA26436 and 

DA26438 variants have exceeded the TrpF Activity Threshold for S. enterica. 

 

 
Figure 7.7.  The Activity Threshold effect on evolved SeHisA variants. A. A trajectory through the TrpF catalytic 
landscape of SeHisA.  The variants (shown at top) are plotted according to the number of amino acid substitutions that 
separate their sequence from SeHisA (x-axis) and their TrpF catalytic efficiency (s-1.M-1; y-axis). B. A trajectory through 
the TrpF fitness landscape of SeHisA. The same variants are plotted with their TrpF fitness effect. 

 

The Activity Thresholds for both TrpF and HisA activity in S. enterica were predicted 

following further analyses of the SeHisA variants. When the in vitro kinetics and cell fitness 

effects of the enzymes were directly compared (Fig. 7.8), they did not show a proportional 

relationship but instead a biphasic relationship. The Activity Threshold can be estimated as 
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the point after which large variations in catalytic efficiency cease to lead to a significant effect 

upon cell fitness (indicated by broken lines on Fig. 7.8). 

 

The data support an S. enterica TrpF Activity Threshold that is very low: ~100 s-1.M-1 (Fig. 7.8 

A and B). SeHisA variants from this study that showed kcat/KM values ranging from 110 s-1.M-1 

to 1800 s-1.M-1 all conferred similar fitness ratios; whereas variants with activities < 100 s-1.M-1 

(DA26431 and DA26431, Table 4.3) led to reduced growth rates under selective conditions 

(Fig. 7.8 A). Flux through the Trp biosynthetic pathway is likely to be low – Trp is the least 

abundant amino acid in the cell (Bennett et al., 2009; Neidhardt and Umbarger, 1996) and 

also the most costly to produce (Akashi and Gojobori, 2002) – and hence a low Activity 

Threshold is logical. 

 

 
Figure 7.8. Comparison of SeHisA variant in vitro kinetic parameters and cell fitness effects show a biphasic 
increase in activity. The kinetic parameters of evolved SeHisA variants (Chapter four; y-axes) were plotted against the 
variants’ effect upon the growth fitness of S. enterica ΔhisAΔtrpF under selective conditions (Näsvall et al., 2012). 
Unbroken lines show the biphasic trend; broken lines indicate predicted Activity Thresholds. TrpF catalytic efficiency, 
with (A) and without (B) the DA26438 outlier. Catalytic efficiency (kcat/KM) reported in s-1.M-1 on the y-axis. C. HisA 
catalytic efficiencies. SeHisA is distinguished in orange; HisA DA26443 (D10G, G102A) is pink.  
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As further evidence, two TrpF specialists selection from the G79X/G102X library – DA26432 

G79K and G79R/G102D – allowed overnight complementation of E. coli ΔtrpF growth on 

selective medium (Chapter Six; Fig. 6.5). Cells expressing each variant showed similar growth 

rates, as indicated by colony sizes of ~ 1 mm, and yet the G79K variant exhibited a >5-fold 

higher kcat/KM in vitro (700 vs. 129 s-1.M-1: Table 6.3). These data suggest that both variants 

were above or close to the E. coli Activity Threshold, corroborating a value of ~ 100 s-1.M-1. 

The selection experiments were successful because the TrpF activity of the original variant 

(DA26432, 51 s-1.M-1: Table 4.3) was below the threshold and would therefore have 

represented a weak link in metabolism under selective conditions.  

 

 A TrpF Activity Threshold of ~100 s-1.M-1 is corroborated by examples from the literature. In 

a study that engineered TrpF activity on E. coli TrpA, three variant TrpA enzymes were found 

to confer near wild type TrpF activity in vivo (E. coli ΔtrpF colony formation overnight), but 

showed kcat/KM values that ranged between 27 s-1.M-1 and 235 s-1.M-1 (Evran et al., 2012). TrpF 

activity as low as 0.3 s-1.M-1 (detected on PurF(1-04)) has been shown to rescue the growth of 

E. coli ΔtrpF cells on Trp-limiting medium, though remaining the rate-limiting weak link in 

metabolism as growth rate was still reduced (Patrick and Matsumura, 2008). Although the E. 

coli Activity Threshold may be different to that of S. enteria, the metabolic requirements and 

cost of Trp are very similar and the differences between the thresholds would likely be 

negligible. 

 

The Activity Threshold for HisA activity in S. enterica can be predicted to be higher than that 

for TrpF. In E. coli, soluble His is three-times as abundant as Trp (Bennett et al., 2009). As 

most of the variants with low HisA activity described in Chapter Four arose under selective 

pressure for TrpF activity, few approach the Activity Threshold and it therefore cannot be 

estimated as accurately as TrpF’s. As the HisA activity of the DA26443 variant (1.6 × 105 s-1.M-

1) exceeds the threshold, and the enzyme with the next greatest HisA kcat/KM (DA26432, 2.8 × 

104 s-1.M-1) does not (Fig. 7.8 C), the HisA Activity Threshold can only be predicted to lie 

between these two kcat/KM values.  

 

The Activity Threshold model could be explored further by quantifying the metabolic flux 

through the His and Trp pathways in S. enterica (which has recently been described for the    



 193 

E. coli Met biosynthetic pathway (Li et al., 2014)), to determine to precise enzyme kinetics 

required to prevent a reaction from being rate-limiting. Additionally, the Activity Thresholds 

of individual enzymes could be probed by artificially creating a weak link in metabolism (as 

performed by Couñago et al. (2006), who introduced a mesophilic adenylate kinase into a 

thermophilic organism) and tracing the enzyme’s kinetics as it was evolved past its threshold. 

7.6. Concluding Remarks 
 

The characterisation of the AroA, MurA and HisA enzymes in this study combined the 

approaches above to improve the understanding of how enzymes evolve. The data presented 

herein support that enzyme evolution largely occurs according to the IAD model, by which an 

initial Innovation of function is followed by gene Amplification and Diversification. 

Multifunctional enzymes display greater active site conformational flexibility and novel 

functions might first occur according to “primordial” catalytic mechanisms. Epistasis dictates 

the number of paths that can be traversed in the catalytic landscape and enzymes that 

represent weak links in metabolism are rapidly pushed up above their Activity Thresholds by 

strong selective pressure. Although we may never be able to fully answer Maynard Smith’s 

question of how much of the protein universe has and can be sampled by evolution (Maynard 

Smith, 1970), the evolutionary biochemistry field is in a good position to try. 
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8.1. Materials 
 

Chemicals, where not stated otherwise, were from Sigma Aldrich (St. Louis, MO, USA). Water 

used was from a Milli-Q Integral Water Purification System (EMD Milllipore, Billerica, MA, 

USA) in which it was deionised and filtered. Select consumables and media were sterilised by 

autoclaving, utilising high pressure steam (≥ 121°C, 100 kPa for 20 minutes). 

8.2. General Cell and Molecular Biology Techniques 
 

All expression, cloning and complementation experiments were performed with the E. coli 

strains presented in Table 8.1; the plasmids used are in Table 8.2. 

 
Table 8.1. E. coli strains used in this study. 1. (Sterner et al., 1995); 2. (Klem and Davisson, 1993); 3. (Ivens et al., 2001) 

Strain Purpose Genotype Source 
BL21-

gold(DE3) Protein Expression B F– ompT gal dcm+ lon hsdSB(rB
- mB

-) λ(DE3 
[lacI lacUV5-T7 gene 1 ind1 sam7 nin5])  

MG1061 Protein Expression 
F- (ara-leu)-7697 [araD139]B/r Δ(codB-lacI)3 

galK16 galE15 λ- e14- mcrA0 relA1 rpsL150(strR) 
spoT1 mcrB1 hsdR2(r-m+) 

 

JMB9ΔtrpF trpF deletion strain for 
complementation experiments 

JMB9 r-m+ [thr-1, leu-6, thi-1, supE44, galKa, ara-
14, xyl-5, mtl-I, (mal+kS), hsdR-, hsdM+, trpF- 1 

FB1 his operon deletion strain, for 
expression of HisGI (hisGDCBHAFZI3)- 760 gnd rhaA 2 

KK8  trp operon deletion strain, for 
expression of EcTrpF and EcTrpC W3110 (pDM) trpR, tna2, (trpEA1)- 3 

 
Table 8.2. Plasmids used in this study. 

Plasmid Resistance marker Use Original Source 

pCA24N Chloramphenicol Expression of E. coli hisF and hisH; A. 
baylyi trpD (Kitagawa et al., 2005) 

pEXP5-CT Ampicillin S. enterica HisA and variants 
expression and mutagenesis Dr. Joakim Näsvall 

pGro7 Chloramphenicol E. coli groEL groES expression Takara 

pJEX401 Kanomycin prsA expression Dr. Monica Gerth 

phisGIE-tac Ampicillin hisG and hisI expression (Davisson et al., 1994) 

pMS401 Ampicillin Expression of E. coli trpF (Patrick and Matsumura, 
2008) 

pLAB101 Ampicillin Expression of P. aeruginosa trpC (Gerth et al., 2012) 

pPROEX Ampicillin aroA and murA expression Dr. Vickery Arcus 
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8.2.1. LB Agar Plates 
 

Agar (1.5% w/v) and pre-formulated LB (25 g/L (ForMedium, Hunstanton, UK) were 

prepared in water. Sterilisation by autoclave had the additional effect of melting the agar. The 

LB agar was cooled to ~55°C and the appropriate antibiotic (and other necessary 

supplements) added. Petri dishes were filled with ~25 mL agar using aseptic technique. Once 

dry, cells were applied via streaking or spreading according to aseptic technique and 

incubated overnight at 37°C to stimulate growth. 

 

Plates could be stored at 4°C prior to use. The antibiotics concentrations used in this study 

were as follows: ampicillin and carbenicillin (100 µg/mL), kanamycin (30 µg/mL), 

chloramphenicol (34 µg/mL). Concentrated (1000 ×) stocks were sterilised with a syringe-

driven 0.22 µm filter (Jet Bio-Filtration Co., Guangzhou, China) or 95% ethanol and all were 

stored at -20°C. 

8.2.2. Overnight Cell Cultures 
 

Overnight cultures were typically 5 mL LB supplemented with the appropriate antibiotics. The 

medium was inoculated, using sterile technique, either from a freezer stock or from a single 

colony on a selective medium agar plate. The culture was incubated overnight, shaking at 

37°C. 

8.2.3. Cell Line Freezer Stocks 
 

Standard cell stocks were stored at -80°C.  An overnight culture was combined 1:1 with sterile 

50% (v/v) glycerol in a 1.2 mL cryogenic vial (Corning Life Sciences, Tewksbury MA, USA) 

and immediately chilled to -80°C. These stocks were used as a permanent store and to 

inoculate liquid cultures for protein expression, among other uses.  

8.2.4. Electrocompetent Cells 
 

A 5 mL aliquot of LB with the appropriate antibiotic was inoculated with the clone of interest 

(from a single colony or freezer stock) and grown overnight at 37°C. This was used to 

inoculate 250 mL of SOB (Super Optimal Broth: 2% (w/v) tryptone, 0.5% (w/v) yeast extract, 

10 mM NaCl, 2.5 KCl); when the optical density (absorbance detected at 600 nm, hereafter 
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OD600) reached 0.35-0.40, the cells were decanted and chilled on ice for 30-60 minutes. The 

cells were collected at 2000 g at 4°C and washed 3-4 times in ice-cold sterile 10% glycerol. The 

cells were concentrated to an OD600 of 100 and stored in aliquots at -80°C until use.  

8.2.5. Transformation 
 

Plasmid DNA (~10 ng or ~1 µg ligation) was combined with 50 μL of electrocompetent cells 

using sterile technique in a 0.2 mm Gene Pulser/MicroPulser Electroporation Cuvette (Bio-

Rad, Hercules, CA, USA). Normally controls were performed with water only and empty 

vectors. The cells were electroporated in the BioRad MicroPulser (Bio-Rad) and 500 mL SOC 

(Super Optimal broth with Catabolite repression: SOB with 20 mM glucose) was added 

immediately. The cells were recovered for ~1 hour at 37°C and then 5-20 μL aliquots were 

spread on LB plates containing the appropriate antibiotics and incubated overnight at 37°C.  

 

Successful transformation was typically confirmed with a colony PCR. A colony was picked 

and mixed with 20 μL sterile water, and 1 μL of this suspension was used in the place of DNA 

in a standard PCR protocol (primers specific to the plasmid; see 8.3.1 and Table 8.3). The 

remainder of the cell suspension was used to inoculate a 500 μL LB culture; once confirmed, 

these cultures were used to make freezer stocks. When transforming cells with a plasmid 

bearing a novel mutation, the sequence was verified via Sanger sequencing (Macrogen Inc.; 

Massey Genome Service; or Otago Genetic Analysis Services). Sequencing results were 

interpreted with MacVector software (version 12.7.5). 

8.3. DNA Techniques 
 

Genomic DNA was purified from overnight cultures with the Wizard Genomic DNA 

Purification Kit (Promega, Madison, WI, USA) according to the manufacturer’s instructions. 

 

Plasmids required for cloning or transformation were purified from overnight cultures with 

the E.N.Z.A. Plasmid Mini Kit I (OMEGA Bio-Tek, Norcross, GA, USA) according to the 

manufacturer’s spin protocol. Plasmid sequences were analysed using MacVector (version 

12.7.5) and restriction endonuclease recognition sites were identified.  
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Plasmid DNA and PCR products were cleaved in a site-specific manner using restriction 

endonucleases. Enzymes and buffers were from New England Biolabs (Ipswich, MA, USA) 

and were used according to the manufacturer’s instructions. A typical digest contained ~1 µg 

of DNA, 0.5 µL enzyme (~10 U), 1× ligation buffer and was incubated at 37°C for 1-4 hours. 

Where appropriate, the reaction was terminated by heat-inactivation for 10 minutes at 65°C. 

Bands of interest were isolated by agarose gel electrophoresis and gel extraction (8.3.2). 

 

DNA fragments with cohesive ends were formed into full plasmids via ligation. A typical 

reaction had an insert:backbone ratio of 3:1, T4 DNA ligase (~200 U) (New England BioLabs), 

and 1× reaction buffer. The reaction was performed for 30 minutes at 25°C or overnight at 

16°C and then terminated at 65°C for 10 minutes. 

 

DNA was quantified via absorbance at 260 nm in a BioPhotometer (Eppendorf, Hamburg, 

Germany). 

8.3.1. Polymerase Chain Reaction 
 

PCR was utilised in cloning and many other applications. The enzymes and reagents were 

typically from KAPA Biosystems (Wilmington, MA, USA), including but not restricted to: 

KAPA HiFi (a high-fidelity polymerase for accurate cloning) and KAPA Taq ReadyMix (a 2× 

mix for high through-put PCR). Cloning PCRs were also performed with Phusion High-

Fidelity DNA Polymerase and associated buffers (New England Biolabs).  

 

Reaction mixtures and incubation steps were dependent upon the kit and typically 

manufacturer’s instructions were followed. The annealing temperture was either estimated by 

the primer Tm – 5°C or optimised in a gradient PCR; most primers (Table 8.1) worked 

successfully between 55-60°C. Reactions were performed in an MJ Mini Personal Thermal 

Cycler (Bio-Rad). PCR troubleshooting included varying the annealing temperature, number 

of amplification cycles, MgCl2 concentration and DMSO content. 
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A typical PCR is shown below: 

 

PCR reaction Thermal Cycling 
2× KAPA Taq ReadyMix 
Forward primer (10 µM) 
Reverse primer (10 µM) 
Template DNA* 
Nuclease-free water 
Total 

10 µL 
0.8 µL 
0.8 µL 
< 1 µg 

up to 20 µL 
20 µL 

95°C 30 sec  
 
 
35 ×  

95°C 30 sec 
55°C† 30 sec 
72°C 30 s‡/1kb 
72°C 7 minutes 

 

* DNA from plasmids or gDNA. Colony screens were performed by pricking a colony into 10 

µL water, incubating for 5 minutes at 95°C to lyse the cells and then adding 1 µL to the PCR. 

† Annealing temperatures were dependent upon the primer pair. ‡ Extension time was 

dependent upon the length of the expected product. 
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Table 8.3. The PCR primers used in this study. 

Primer name Sequence (5' – 3') Purpose 

pPROEX_for CACCATCACGATTACGATATCCC To sequence genes in the 
pPROEX backbone pPROEX_rev GGCTGAAAATCTTCTCTCATCCG 

aMurA NcoI for GGGCGCCATGGACAAAATC To clone/colony screen for 
Streptococcus ancestral murA in 

pPROEX aMurA PstI rev CTCGAGACTGCAGAAGCTTATTCTTC 
S.pyogenes_Mur

A_NcoI_for 
GGGCGCCATGGATAAAATAATCATTGAAGGTGG

TCAAACACG 
To clone murA from S. pyogenes 

into pPROEX with NcoI site. 
S.pyogenes_Mur

A_PstI_rev 
TCGAGACTGCAGCTAGACCTCACTGCTACGACT

AATAGTAGCTCCAAGC 
To clone murA from S. pyogenes 

into pPROEX with PstI site. 

aAroA NcoI for GCCATGAAACTGCGTACCAATGC 
To clone murA from Streptoccus 

ancestor into pPROEX with 
NcoI site. 

aAroA PstI rev CTGCAGAAGCTTAGTCGTGCAGC 
To clone murA from Streptoccus 
ancestor intopPROEX with PstI 

site. 
S.pyogenes_Ar
oA_NcoI_for 

GGCGCCATGGGGAAACGGATGAAATTGCGAAC
AAATG 

To clone aroA from S. pyogenes 
into pPROEX with NcoI site. 

S.pyogenes_Ar
oA_PstI_rev 

TCGAGACTGCAGTTAGTCATGACACAGCCTTTC
TAAATCTTTGAAAAAC 

To clone aroA from S. pyogenes 
into pPROEX with PstI site. 

ASKA.for* TCACCATACGGATCCGGCCCTGAG To amplify ASKA collection 
genes in the pCA24N backbone ASKA.rev* TTCTTCTCCTTTACTGCGGCCGCATAG 

PRPPSynth_Ba
mHI.for 

CCAGGGATCCATGCCTGATATGAAGCTTTTTGC
TG 

To clone S. enterica PRPPS into 
pJEX401 with N-term his6 tag. 

BamHI site 

PRPPSynth_Eco
RI. rev GCTTGAATTCAATGCTCGAACATGGCGG 

To clone S. enterica PRPPS into 
pJEX401 with N-term his6 tag. 

EcoRI site 
HisA_pEXP5_F

or GGAGATACCCTTATGATTATTCC Forward sequencing primer for 
HisA variants in pEXP5-CT 

HisA_pEXP5_R
ev GTTTAAACTCAATGGTGATGG Reverse sequencing primer for 

HisA variants in pEXP5-CT 

T7.for TAATACGACTCACTATAGGG To sequence plasmids with the 
T7 promoter 

pEXP5_XbaI.for CACGACGGTTTCCCTCTAG To amplify hisA from pEXP5-
CT, at the XbaI site 

hisA_CT_PmeI.
rev GATCGTTTAAACTATACGTTTTGCCAGCATTG 

To amplify hisA from pEXP5-
CT, creating a stop codon and 
PmeI site to clone back in and 

exclude the his6-tag 
hisF_seq_for CGTTCGTGATGGTCAGGTGG To sequence hisF in the 

keioΔhisA  strain hisF_seq_rev ACATATCCTGATCTCCACGCCC 

P1** ATTCCGGGGATCCGTCGACC 

Forward primer anneals 
upstream of Kanamycin 

resistance cassette in Keio 
strains 

Keio KanR.out* 
 CGGTGCCCTGAATGAACTGC 

Universal .for primer for 
checking Keio strains: k2 primer 

in Kan resistance cassette 
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hisF_keio_test 
rev CGCGGCATCTTCCAGAGAC 

Binds internally in E. coli hisF to 
go with WMP161/P1 to check 

the KeioΔhisA strain 
hisA_keio_test_f

or CCGATATCTCGCGCGACG Negative control to above. Binds 
internally in E. coli   hisA gene. 

HisA_AAAVVR
_for 

GTGGAGACGCACCACAGCCGCCGCGGTGCCGT
CAATTAA Quikchange primers to create a 

13-15 VVR to AAA substitution 
in pEXP5-CT-hisA (DA26431) HisA_AAAVVR

_rev 
TTAATTGACGGCACCGCGGCGGCTGTGGTGCGT

CTCCAC 
HisA_VVRAAA

_for 
CACCCTGGTGGAGAGCCGCCGCACGCACCACG

GTG Quikchange primers to create a 
16-18 VVR to AAA substitution 
in pEXP5-CT-hisA (DA26431) HisA_VVRAAA

_rev 
CACCGTGGTGCGTGCGGCGGCTCTCCACCAGGG

TG 
T6_R15A_F GAGACGCACCACAGCCACCACGGTGCCG QuikChange primers to create a 

R15A substitution in pEXP5-
CT-hisA (DA26431) T6_R15A_R CGGCACCGTGGTGGCTGTGGTGCGTCTC 

T6_R18A_F ACCCTGGTGGAGAGCCACCACACGCACC QuikChange primers to create a 
R18A substitution in pEXP5-

CT-hisA (DA26431) T6_R18A_R GGTGCGTGTGGTGGCTCTCCACCAGGGT 

T3_D7N_For TTATGATTATTCCGGCATTAAATTTAATTGGCG
GCACCGTG QuikChange primers to create a  

D7N substitution in pEXP5-CT-
hisA (DA26438) T3_D7N_Rev CACGGTGCCGCCAATTAAATTTAATGCCGGAAT

AATCATAA 
T3_D132N_For CGCTGGTACTGGCGCTAAACGTTCGCATAGA QuikChange primers to create a 

D132N substitution in pEXP5-
CT-hisA (DA26438 and WT) T3_D132N_Rev TCTATGCGAACGTTTAGCGCCAGTACCAGCG 

T3_D179N_For CCGATATTTCTCGCAACGGCACGCTGGC QuikChange primers to create a 
D179N substitution in pEXP5-
CT-hisA (DA26438 and WT) T3_D179N_Rev GCCAGCGTGCCGTTGCGAGAAATATCGG 

T3_S205A_for ATCGCCTTTCAATCCGCCGGCGGTATTGGC QuikChange primers to create 
an S205A substitution in 

pEXP5-CT-hisA (DA26438 and 
WT) 

T3_S205A_rev GCCAATACCGCCGGCGGATTGAAAGGCGAT 

HisA-
WT_D7N_for 

CCACGGTGCCGTCAATTAAATTTAATGCCGGAA
TAATCATAAG QuikChange primers to create a 

D7N substitution in pEXP5-CT-
hisA WT  HisA-

WT_D7N_rev 
CTTATGATTATTCCGGCATTAAATTTAATTGACG

GCACCGTGG 

HisAP_G79mut
_ rev 

CGCCAGCTTTCAGTAATGCCGCAACGTCTTCTT
CGGTACGCACGCCGCCMNNGACCTGAACAGGC

ACGTTCACGCCC 

Reverse primer to randomise 
G82 in pEXP-CT-hisA 

(DA26432) - to be used with 
hisA_pEXP5_for 

HisAP_G102mu
t_ for 

GACGTTGCGGCATTACTGAAAGCTGGCGTTGCC
CGTGTGGTCATCNNKTCAACGGCGGTGAAATCC

CCTGACGTGG 

Forward primer to randomise 
G105 in pEXP5-CT-hisA 

(DA26432) - to be used with 
hisA_pEXP5_rev 

T3_G82K_for  GTGCCTGTTCAGGTCAAGGGCGGCGTGCGTACC QuikChange primers to create 
the library winner substitution 

G82K in pEXP5-CT-hisA 
DA26438 

T3_G82K_rev GGTACGCACGCCGCCCTTGACCTGAACAGGCAC 

* Created by Dr. Wayne Patrick; ** created by Hannah Burden (2013). Standard primers were designed manually using 
MacVector (Version 12.7.5); mutagenic primers for point mutations were designed with QuikChange primer design 
software (Agilent Technologies, 2014). 
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8.3.2. DNA Agarose Gels 
 

DNA obtained from a restriction endonuclease digestion or PCR was separated via gel 

electrophoresis. A 1% (w/v) agarose gel was made with 1× TAE (400 mM Tris-Acetate pH 8.4, 

1 mM EDTA, 20 mM glacial acetic acid), containing 500 ng/mL ethidium bromide (Bio-Rad). 

DNA samples were mixed with DNA loading dye (KAPA Biosystems) diluted to 1× 

concentration. PCR reactions with KAPA DNA Polymerase ReadyMix already contained 

loading dye. A DNA size marker – 1kb+ Universal DNA ladder (KAPA Biosystems) or 

GeneRuler 100 bp DNA ladder (Thermo Scientific, Waltham, MA, USA) – was loaded in 

parallel. DNA was separated in 1× TAE for 15-35 minutes at 100 V. Gels were visualised 

under UV light with a Universal Hood Gel Doc (Bio-Rad). 

 

DNA required for cloning was separated in a gel containing SYBR safe dye (Life 

Technologies). Gels were visualised with blue light (Safe Imager 2.0 from Invitrogen, now Life 

Technologies), relevant bands were excised with a razor blade and the DNA was purified with 

the E.N.Z.A Gel Extraction Kit (Omega BioTek), according to the manufacturer’s 

instructions. 

 

8.3.3. Site-Directed Mutagenesis 
 

Mutagenic primers were designed using QuikChange Primer Design Software 

(http://www.genomics.agilent.com/primerDesignProgram.jsp); primer sequences are listed in 

Table 8.3. Primers were ordered via custom oligonucleotide synthesis from Integrated DNA 

Technologies. 

 

The mutagenic PCR was performed according to the manufacturer’s instructions for 

QuikChange II Site-Directed Mutagenesis Kit (Agilent Technologies) with minor alterations. 

The generic reaction is listed over page: 
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PCR reaction Thermal Cycling 
10× QCII buffer 
pEXP5-CT-SehisA 
Forward primer (10 µM) 
Reverse primer (10 µM) 
dNTP mix (10 mM) 
DMSO 
Pfu Ultra pol 
Nuclease-free water 
Total 

2.5 µL 
~ 20 ng 
0.6 µL  
0.6 µL  
0.5 µL 
1.5 µL 
0.5 µL 
up to 25 µL 
25 µL 

 
95°C 30 sec 

 
 
 
18 ×  

95°C 30 sec 
60°C 1 minute 
68°C 3.4 minutes 
 

 

Samples (1 µL) of the reactions were separated on an agarose gel (8.3.2). The PCR products 

were treated for 1 hour with restriction nuclease DpnI to digest the methylated template 

plasmid with the wild type sequence. 

 

8.4. Protein Techniques 

8.4.1. Protein Expression 
 

A typical protein over-expression experiment was performed in ~500 mL of medium (LB or 

Terrific Broth (TB: 47.6 g/L, ForMedium)), in a 2 L Erlenmeyer flask (either baffled or 

unbaffled) supplemented with the appropriate antibiotics and inoculated with an overnight 

culture. The flasks were incubated at 37°C with shaking (~180 rpm). Growth was monitored 

OD600 with a BioPhotometer. Induction was induced at mid-log phase (OD600 ~ 0.6). All the 

expression vectors in this study utilise the lac repressor system and therefore expression was 

induced using IPTG (500 µM). The cultures were shifted to 28°C following induction. 

Induction was carried out for 5 – 16 h and then the cells were harvested by centrifugation at 

6000 g. They were either lysed immediately for protein purification or stored at -20 or -80°C 

until required. 

8.4.2. Protein Expression Troubleshooting 
 

The solubility of proteins was assessed by taking 500 µL aliquots from growing cell cultures; 

typically upon induction (t = 0) and after 2 h, 5 h and 16 h. The cells were harvested by 

centrifugation at 6000 g for 1 minute and the cells stored at -80°C until lysis was performed. 

For lysis, the cell pellets were resuspended in their appropriate lysis buffer, with protease 
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inhibitor cocktail, 0.5 mg/mL lysozyme and ~ 5 U Benzonase. Lysis was allowed to continue 

for 15 minutes at room temperature and then the cells were subjected to 3 cycles of freeze-

thaw, using the -80°C freezer and thawing on ice. Separation of total protein (crude lysate) 

and the soluble fraction (the supernatant following 1 minute centrifugation at 18000 g) was 

performed via SDS-PAGE (8.4.6). When the protein was only present in the total protein 

fraction, it was deemed insoluble and further measures were taken to improve solubility. 

pGro7 (Takara), the plasmid bearing E. coli chaperone proteins GroEL/ES, was used to 

transform electrocompetent BL21-DE3(gold) cells. The resultant cells (carrying 

chloramphenicol resistance) were made electrocompetent and, in their turn, transformed with 

the pEXP5-CT plasmids with the SeHisA variants of interest. Expression cultures were 

inoculated as usual (with 34 µg/mL chloramphenicol and 100 µg/mL ampicillin). At OD600, the 

cultures were moved to 28°C and pGro7 expression was induced with 0.2% arabinose for 30 – 

60 minutes to accumulate chaperone proteins before SeHisA expression was induced with 500 

µM IPTG. Expression and purification were continued as described previously.  

 

GroEL/ES are not His6-tagged and therefore should not contaminate protein purifications. 

The addition of 5 mM ATP was sometimes included during wash steps in gravity-flow IMAC 

purification to help release protein bound within the GroEL/ES barrel. 

8.4.3. Protein Buffers 
 

As all the enzymes of this study bind phosphorylated substrates and AroA and MurA release 

phosphate as a reaction product, buffers containing phosphate or sulfate were avoided. The 

buffers used are listed below. 

 

• AroA and MurA were purified in a lysis buffer containing 50 mM Tris, pH 7.5, 300 

mM KCl. The storage buffer was the same with the addition of 2 mM EDTA and 2 

mM DTT. 

• PRPPS was purified with a lysis buffer of 50 mM Tris.HCl, pH 7.0 and 300 mM KCl. 

Storage buffer contained 2 mM EDTA.  

• HisF, HisH and all SeHisA variants were purified with a lysis buffer containing 50 mM 

Tris.HCl, pH 7.5, 300 mM NaCl. The storage buffer was the same with the addition of 

1 mM β-mercaptoethanol. 
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• TrpF, TrpC and TrpD were purified in a lysis buffer of 50 mM Tris.HCl, pH 8.0, 300 

mM NaCl, 500 µM MgCl2 and 1 mM β-mercaptoethanol. The storage buffer contained 

2 mM EDTA. 

 

Where purification was performed using the AKTA Prime, lysis buffers were supplemented 

with 10 mM imidazole for buffer A and 250 mM for buffer B.  

 

Prior to use with the AKTA Liquid Chromatography System, all buffers were passed through 

a 0.22 µm filter membrane (Macherey-Nagel, Düren, Germany) and degassed with a vacuum 

pump. 

8.4.4. IMAC Protein Purification: Gravity Flow 
 

Following protein expression, cell pellets were resuspended in an appropriate lysis buffer. For 

lysis, the resuspended cells were combined with 0.5 mg/mL lysozyme, > 100 U Benzonase 

(Life Technologies) and Protease Inhibitor Cocktail (Sigma-Aldrich) and rotated at 4°C for 

30-60 minutes. The lysis process was completed by sonication: ~fifteen 6 s pulses, at intensity 

38, separated by 9 s pauses (Vibra-Cell VCX500-750, Sonics & Materials, Inc., Newtown, CT, 

USA). The soluble lysate was separated from the insoluble cell debris by centrifugation at 

20,000 – 30,000 g for 20 – 30 minutes. The resultant supernatant was clarified by passage 

through a syringe-driven 0.45 µm filter (Jet Bio-Filtration).  

 

TALON resin (Clontech, Mountain View, CA, USA) was prepared by washing three times in 

five bed volumes of lysis buffer. Bed volumes used were 500 µL per gram of cell pellet.  

 

Clarified cell lysate and equilibrated TALON resin were combined and rotated at 4°C for 45 – 

90 minutes to allow the His6-tagged proteins to bind. The beads were recovered by 

centrifugation at 700 g for 3 minutes and the unbound lysate replaced with ≥ five bed volumes 

of lysis buffer and rotated for a further 15 minutes at 4°C. This was repeated. All the unbound 

and wash fractions were retained on ice for analysis with SDS-PAGE (8.4.6).  

 

Following two wash steps, the beads were resuspended in fresh lysis buffer, transferred to a 

disposable plastic Poly-Prep Chromatography column (Bio-Rad) and allowed to settle via 
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gravity. The buffer was allowed to flow through (and was collected), then replaced by five bed 

volumes of wash buffer (lysis buffer supplemented with 10 mM imidazole). This was also 

collected in separate fractions and repeated twice more. These steps competed non-specifically 

bound proteins from the resin to improve the purity of the purification. Elution was 

performed via the addition of five bed volumes of elution buffer (lysis buffer with 150 – 250 

mM imidazole); the flow-through was collected in 500 µL fractions. All fractions were stored 

on ice and analysed with SDS-PAGE (8.4.6). The purest fractions were pooled, concentrated 

in storage buffer (8.4.3 and 8.4.7) and stored at -80°C.  

8.4.5. IMAC Protein Purification: AKTA Liquid Chromatography System 
 

Recombinant, His6-tagged proteins were expressed and the cell lysates prepared as described 

above (8.4.1) with the exception that the appropriate lysis buffer also contained 20 mM 

imidazole. 

 

The AKTA Prime (GE Healthcare Life Sciences, Piscataway, NJ, USA) lines (stored with 20% 

ethanol) were washed with degassed water and then the Protino Ni-NTA 1 mL column 

(Macherey-Nagel) was loaded according to manufacturer’s instructions. The column and lines 

were equilibrated with lysis buffer with 10 mM imidazole as input A and lysis buffer with 250 

mM imidazole as input B. When the column was equilibrated in buffer A, clarified cell lysate 

was loaded into a 10 mL loop (GE Healthcare Life Sciences). The automated purification 

protocol was performed, with a pressure limit of 0.3 mPa and a flow rate of 1 mL/minute, as 

follows: 

 

 Wash for 5 column volumes, buffer A. 

 Inject for 15 column volumes, buffer A. Collect 5 mL fractions. 

 Load: gradient from 0 – 100% B over 20 column volumes. Collect 1 mL fractions. 

 Wash for 5 column volumes, buffer A. Collect 1 mL fractions. 

 Wash for a further 5 column volumes, buffer A. Waste collection.  

 

When the starting lysate volume exceeded the size of the 10 mL loop, a 50 mL superloop (GE 

Healthcare Life Sciences) was used or a manual run was performed with multiple injections. 
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Problems with separating the protein of interest from contaminating species could sometimes 

be solved by increasing the length of the elution gradient.  

Purifications were monitored by the change in absorbance at 280 nm. Fractions were collected 

and separated by SDS-PAGE to analyse the purified products.  

8.4.6. SDS-PAGE 
 

SDS-PAGE (sodium dodecyl-sulfate polyacrylamide gel electrophoresis) was used to visualise 

proteins and estimate their molecular weights based on their relative mobility through the 

matrix of the polyacryalamide gel (Schägger and von Jagow, 1987; Weber and Osborn, 1969). 

The denaturing gels (12% resolving and 5% stacking) were made according to a protocol 

adapted from (Sambrook and Russell, 2001), as follows: 

 

 Resolving gel (12%) Stacking gel (5%) 
1.5 M Tris pH 8.8 5 mL - 
0.5 M Tris pH 6.8 - 2.5 mL 
Water 8.7 mL 3.2 mL 
SDS (10% w/v) 200 µL 50 µL 
Acrylamide/Bis (40% w/v) 6 mL 500 µL 
APS (10% w/v) 200 µL 25 µL 
Tetramethylethylenediamine 20 µL 2 µL 

 

APS (ammonium persulfate), Acrylamide/Bis (40% solution, 29:1 acrylamine:bis-acrylamide) 

and Tris solutions were from Bio-Rad. The gels were poured using a Mini-PROTEAN Tetra 

Cell casting frame and stand (Bio-Rad). 

 

Protein samples were diluted 1:1 in 2× SDS-PAGE loading dye (100 mM Tris-Cl, pH 6.8, 4% 

(w/v) SDS, 20% (v/v) glycerol, 0.2 % (w/v) bromophenol blue, 200 mM β-mercaptoethanol) 

and denatured at 95°C for five minutes in a thermocycler. The gel was loaded with samples    

(8 µL per well in 15 well gels; 10-15 µL in 10 well gels) and 5 µL of an appropriate molecular 

weight standard (typically Precision Plus Protein pre-stained standard, Bio-Rad). Once the 

SDS-PAGE was loaded, it was run in a Mini-PROTEAN tetra cell system (Bio-Rad) at 200 V 

for 35-45 minutes in SDS-PAGE running buffer (25 mM Tris pH 8.3, 250 mM glycine, 0.1% 

(w/v) SDS). The gel was then stained with Coomassie stain (1.5 mM Coomassie R250, 50% 

(v/v) methanol, 10% (v/v) glacial acetic acid) for ~ 30 minutes while shaking, and then 
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transferred into destain solution (30% (v/v) methanol, 10% (v/v) acetic acid) overnight or 

until sufficiently destained.  

8.4.7. Concentration and Quantification of Purified Proteins 
 

Following protein purification via affinity chromatography, the relevant fractions (as 

determined by SDS-PAGE) were combined and concentrated into the appropriate storage 

buffer (to remove imidazole from the elution buffer) in Amicon ultracon-10 K centricons 

(Merck Millipore, Darmstadt, Germany), according to the manufacturer’s instructions, at 4°C.  

 

Protein concentration was determined with a wavelength scan in a Cary UV-Vis 

spectrophotometer (Agilent) with an 80 µL Sub-micro Cell. A blank of storage buffer was 

subtracted from the absorbance of a 1:10 dilution of the protein sample; absorbance at 340 nm 

was subtracted from the 280 nm maximum. Absorbances were converted to concentrations 

according to Beer’s law with each protein’s molecular weight and extinction coefficient 

(calculated in Protparam (Gasteiger et al., 2005); see Appendix III).  

8.4.8. Protein Quantification with ImageJ 
 

In order to determine the relative abundance of a protein of interest in an impure mixture, the 

sample was separated via SDS-PAGE (8.4.6) and the scanned image was loaded into ImageJ 

1.48v. The lane of interest was selected and plotted. The protein bands were represented as 

inverted peaks with their area corresponding to band intensity. Significant peaks were defined 

and their relative density calculated. The abundance of the band of interested was determined 

by finding its percentage of the sum of all the bands. 

8.4.9. Thermal Melt Assay 
 

Proteins were diluted in 96-well assay plates to a final concentration of 10 µM in storage 

buffer (8.4.3) containing 5× SYPRO Orange Protein Gel Stain (Sigma-Aldrich). Triplicate 

samples were subjected to a thermal melt assay on the Roche LightCycler 480. Temperature 

was increased from 20 to 85°C at a rate of 0.2 °C per s. Fluorescence from SYPRO orange 

increases as it binds to unfolding protein; the melting temperature (TM) is the temperature at 

which half the protein is denatured. Data were analysed with Roche LightCycler 480 software 

and Prism GraphPad. 
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8.5. Ancestral Sequence Reconstruction 
 

Available gene and protein sequences for AroA and MurA enzymes from Streptococcus 

species were acquired from NCBI (http://www.ncbi.nlm.nih.gov/). The accession numbers are 

listed in Appendix I. Sequences for the AroA and MurA enzymes from B. subtilis and B. 

halodurans were used as outgroups. Care was taken to avoid murZ genes: where sequences 

were ambiguous, they were subjected to BLAST analysis (Basic Local Alignment Search Tool, 

http://blast.ncbi.nlm.nih.gov/Blast.cgi/Blast.cgi). The nucleotide and amino acid sequences 

were aligned separately using ClustalW (Larkin et al., 2007) in Geneious version 5.6.7 (Kearse 

et al., 2012). 

 

The Geneious output (.phy format) was run in ProtTest 3.0 (Abascal et al., 2005) to determine 

the appropriate amino acid replacement model for the given alignments. The substitution rate 

estimates the genetic distances between given sequences and therefore the evolutionary rate 

along different branches. The LG general amino acid replacement matrix (Le and Gascuel, 

2008) was deemed the most appropriate for both the AroA and MurA alignments. It takes 

into account the variability of evolutionary rates across independent sites (i.e. some regions of 

a protein are highly constrained while others are free to evolve more rapidly), to infer the gene 

tree with the maximum likelihood (ML). A similar assessment of the nucleotide alignment 

was made with jModelTest (v.0.1.1) (Posada, 2008). The reversible Markov process model 

(general time reversible (GTR; defined as REV in Baseml)) was most appropriate (Yang, 

1994). 

 

The LG model was implemented on the amino acid alignment with GARLI-1.0 (Genetic 

Algorithm for Rapid Maximum Likelihood Inference) (Zwickl, 2006), which estimates the 

most likely or “best tree”. The inference was performed five times for each enzyme to find the 

tree with the highest (negative) GarliScore (MurA: -5796.7; AroA: -7367.169). The GARLI 

inference was repeated for 1024 runs to obtain the bootstrap percentage (the confidence) of 

each branch (Fig. 2.8, pp. 29). 

 

The sequences of the internal nodes were predicted using PAML (Phylogenetic Analysis by 

Maximum Likelihood) (Yang, 2007) with Baseml for the nucleotide and codon inferences and 
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Codeml for amino acid and codon inferences. Both a sequence alignment and a tree 

morphology (from GARLI) are required for the ML inference. The inference produces 

predictions for all of the nodes within the phylogeny. Nodes of interest were identified by 

visualising the resultant tree in TreeviewX (Page, 1996; Saldanha, 2004) (Fig. 2.8).  

 

This was repeated with the nucleotide, codon and amino acid data and the resulting 

(translated where necessary) sequences for the Streptococcus ancestor node were aligned using 

ClustalW2 multiple sequence alignment software (McWilliam et al., 2013). The alignment was 

analysed manually and any disagreements resolved. The gene tree was consulted to determine 

whether a long branch (i.e. genetically-distant sequence) was having too great an influence on 

the prediction; where there was ambiguity the residue most common in the alignment was 

chosen. The JTT model (Taylor, 1986) was used to determine the similarity between residues 

(e.g. grouping charged with charged or whether a novel substitution is a “compromise” 

between two residues in the alignment). In several cases, positions were checked against the 

ancestral AroA and MurA structures predicted with the Phyre v 2.0 Server (Kelley and 

Sternberg, 2009). The predicted structure of aAroA showed greatest similarity to a ligand-

bound structure from S. pneumoniae (pdb: 1RF6); aMurA showed greatest similarity to a 

MurA structure from B. anthracis (pdb: 3SG1). 

8.6. Enzymatic Assays 

8.6.1. Phosphate Release Assay 
 

AroA and MurA enzyme activities were determined with a phosphate-release assay (Baykov et 

al., 1988; Lanzetta et al., 1979). Lanzetta reagent was made fresh from liquid stocks before use 

and was comprised of 3.35 mM malachite green (in concentrated H2SO4), 7.5% (w/v) 

ammonium molybdate and 11% (v/v) Tween 20. In an attempt to minimize phosphate 

contamination, glassware was soaked in 100 mM HCl and then washed thoroughly in Milli-Q 

water. 

 

AroA and MurA assays were performed in 50 mM Tris.HCl, pH 7.5. Enzymes stocks of 1 µM 

were diluted 10× in the reaction to give a final concentration of 100 nM. Substrates (PEP and 

S3P or UNAG) and inhibitor (fosfomycin or glyphosate) were typically also prepared in 10× 

stocks. The final reaction volume was 100 µL. The reactions were prepared in 96-well flat 
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bottom assay plates (Corning) in at least triplicate, with triplicate blank (storage buffer 

replacing enzyme) wells for each substrate concentration.  

 

The reactions were pre-incubated sans one substrate (typically PEP) at Topt (see below) in a 

heated plate shaker to equilibrate the reaction temperature. The reactions were initiated by 

rapid addition of the final substrate with a Multipet Plus (Eppendorf) and incubated for the 

optimal assay time (see below). The reactions were halted with the addition of 30 µL Lanzetta 

reagent. Colour development was allowed to continue for 1 h at room temperature and then 

the absorbance at 620 nm was detected with a MultiSkan Go 3.2 (Thermo Scientific) 

platereader.  

 

The absorbances of the blank wells were averaged for each substrate (or inhibitor 

concentration) and used to normalise the test wells. Initial data processing was performed 

with Microsoft Excel and then the data were fitted to the Michaelis-Menten equation using 

Prism GraphPad. 

 

Enzyme turnover numbers (kcat) were determined using the enzyme concentration (8.4.7) and 

the Vmax, calculated with help of a phosphate standard curve (see Fig. 2.11, pp. 33) made with 

serial dilutions of KH2PO4. 

8.6.1.1. Shikimate 3-Phosphate Purity 
 

The compound was resuspended assuming a purity of 12.5% (according to Tifany 

Oulavallickal) in water. A reaction was set up with a nominal S3P concentration of 100 µM, 

100 µM PEP and 1 µM aAroA (or storage buffer for the blank control). Triplicate reactions 

were incubated for 1 hour at 30°C to convert all of the substrate to product before Lanzetta 

reagent was added. The concentration of phosphate (corrected with the blank) was 

determined using a KH2PO4 standard curve (8.6.1) and compared to the expected 

concentration. The purity was found to be 60%, therefore the original sample was 7.5% pure 

(60% of 12.5%). It is likely that the compound underwent hydrolysis during transport and 

storage. The AroA assays were adjusted according to the calculated purity.  
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8.6.1.2. Assay Time Optimisation 
 

Reaction mixtures were prepared as in (8.6.1 – AroA reactions had 500 µM substrate), except 

in identical rows of a 96-well assay plate. The plate was pre-incubated at 30°C for 2 minutes in 

a Selectmix 56 Vortexing Incubator (MIDSCI, St. Louis, MO, USA) and then the reaction 

initiated with PEP. Reactions were halted after periods increased in 30 s increments and the 

product accumulation assessed via absorbance (8.6.1). 

 

8.6.1.3. Assay Temperature Optimisation 
 

A reaction cocktail containing 100 nM enzyme and S3P (100 µM) or UNAG (200 µM) in 50 

mM Tris.HCl pH 7.5 was prepared. Triplicate reactions were prepared along with triplicate 

blanks in 0.2 mL PCR tube strips (Eppendorf). They were pre-incubated at a set temperature 

for 1 minute in a thermocycler and initiated with the addition of 100 µM PEP (2 mM for the 

UNAG reactions). The reaction was incubated for 1 minute and then terminated with the 

addition of Lanzetta reagent as described above (8.6.1). The optimal temperature (Topt) was 

determined to be the temperature at which the most product had accumulated. 

8.6.1.4. AroA and MurA Inhibition 
 

Glyphosate (Waterstone Technology, Carmel, IN, USA) was prepared through resuspension 

in 50 mM Tris.Cl pH 7.5 and adjustment back to pH 7.5 with 1 M NaOH. Fosfomycin 

(disodium salt; Sigma-Aldrich) was prepared in water. 

 

Enzyme reactions were prepared as described in (8.6.1) with saturating substrate 

concentrations (i.e. at least double the KM for each enzyme). Initial tests were performed in the 

presence of either 1 mM fosfomycin (positive activity controls with water) or 7 mM 

glyphosate (with a Tris buffer positive control). The enzymes were pre-incubated with the 

inhibitor before the reaction was initiated with PEP (or UNAG for some fosfomycin assays 

(see Fig. 2.17)). The reactions were incubated for 10 minutes at 30°C and then halted and 

detected (8.6.1).  
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8.6.2. PRPP Synthetase Test Assay 
 

PRPP synthetase activity was tested using a spectrophotometric coupled enzyme assay, prior 

to use in the ProFAR biosynthetic reaction.  

 

Assays (500 µL, total volume) were conducted at 25°C in 0.9 mL quartz Micro Cells (Agilent). 

Each reaction mix contained 100 mM Tris HCl pH 7.6, 100 mM potassium phosphate, pH 7.6, 

15 mM KCl, 15 mM PEP, 5 mM R5P, 1 mM ATP, 10 mM MgCl2, 200 µM NADH, 28 U 

Pyruvate Kinase, 5 U Myokinase and 12 U LDH (all Sigma-Aldrich). The reaction was 

initiated by addition of 100 nM PRPP synthetase and the oxidation of NADH was monitored 

at 340 nm.  

8.6.3. HisA Coupled Assay 
 

The HisA activity assay was performed in the presence of 25 mM L-glutamine, 2 µM HisF and 

HisH and 50 mM Tris.HCl, pH 7.5 with 5 mM β-mercaptoethanol. A master mix was created 

and appropriate ProFAR and HisA enzyme added. ProFAR was resuspended in water 

assuming a purity of 100% and then its actual purity determined in the assay described above. 

Stocks of ProFAR (10×) were prepared for the assay and 50 µL added to each total reaction 

volume of 500 µL. The reaction was incubated at 25°C for two minutes, to standardise 

temperature equilibration. Initial absorbance in the absence of HisA was detected at 300 nm 

in a CARY 300 UV-Vis spectrophotometer (Agilent Technologies), the change in absorbance 

was expected to be close to 0 to be used to normalise HisA activity. The reaction was initiated 

with 0.1-1 µM HisA protein (depending on the variant: HisFH was always present in excess). 

A negative slope at 300 nm was observed. 

 

Enzymes were assayed at each ProFAR concentration at least three times and two biological 

replicates of each variant with activity were assayed. SeHisA variants were determined non-

functional if no absorbance change was observed with ≥10 µM HisA and > 1 mM ProFAR 

(much greater gave absorbance ≥ 3 AU: too high for accuracy) compared to a no enzyme 

control.  
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The HisA absorbance slopes were corrected with the initial blank slopes and the data were 

processed using Microsoft Excel and Prism GraphPad v. 6.0f. 

8.6.4. TrpF Coupled Assay 
 

TrpF activity was assayed as described previously (Patrick and Matsumura, 2008). In brief, 50 

mM Tris, pH 7.5 with MgCl2 (4 mM) and 5 mM β-mercaptoethanol was combined with 10 

µM TrpC, 5 µM TrpD, varying concentrations of anthranilate and a five-fold excess of PRPP. 

A master mix containing buffer and TrpC was pre-made. Anthranilate was stored in ethanol 

at -20°C and diluted in water on the day of the assay into 10× stocks (the amount of ethanol in 

the assay never exceeded 1%); PRPP (Sigma-Aldrich; ≥ 75%) was corrected for predicted 

purity and prepared in 10× stocks for the assay.  

 

Cuvettes were prepared with buffer/TrpC master mix and the appropriate anthranilate and 

PRPP concentrations and then pre-incubated for two minutes at 25°C in the CARY UV/Vis 

Spectrophotometer. Upon commencement of readings at 278 nm, TrpD was added to initiate 

formation of the TrpF substrate PRA from anthranilate and PRPP; this was observed as a 

decrease in absorbance. When the absorbance became flat or linear, SeHisA was added 

(concentrations varied from 0.1-10 µM, according to TrpF activity) and the TrpF reaction was 

observed as an increased absorbance at 278 nm, as the TrpF product CdRP was rapidly 

converted to InGP by TrpC. As most of the enzymes assayed could not be saturated with 

substrate, standard anthranilate concentrations were used for each assay. 

 

Following the addition of TrpD, the conversion of anthranilate to PRA led to a decrease in 

absorbance at 278 nm; the linear portion of these curves were used to normalise the 

subsequent increase in absorbance when the addition of TrpF (in the presence of TrpC) led to 

the formation of InGP. The changes in absorbance were used with the extinction coefficient 

(ε280-InGP = 5590 M-1cm-1 (Patrick and Matsumura, 2008)) to calculate the product formed, 

according to Beer’s law. When an enzyme could not be saturated with substrate, rates were 

converted to specific activity units of M product per s per M enzyme in the assay. This was 

plotted against the concentration of anthranilate (M) in Prism GraphPad and the slope of the 

linear regression represented TrpF kcat/KM (Patrick and Matsumura, 2008).  
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8.6.5. Testing for Substrate-Assisted Catalysis with Aniline 
 

Aniline was used to replace anthranilate in an otherwise typical TrpF coupled enzyme 

reaction. The following reactions were incubated in a volume of 500 µL TrpF reaction buffer 

overnight at room temperature (in the dark to prevent breakdown of labile PRA): 

 

Component Final concentration 

TrpC  10 µM 

TrpD  5 µM 

TrpF/SeHisA variant   10 µM 

Anthranilate/Aniline 2 mM 

PRPP 10 mM 

 

After approximately 16 h, the reactions were diluted 10-fold in water and analysed via a 

wavelength scan between 200 and 400 nm on the CARY UV/vis spectrophotometer. Because 

the absorbances are in the same range to the 280 nm absorbance of protein, the reactions were 

incubated with a 20 µL bed volume of equilibrate TALON resin to bind the His6-tagged 

proteins so they could be removed from solution by centrifugation. This yielded no significant 

difference in the absorbance spectra. 

8.7. ProFAR Biosynthesis and Purification 

8.7.1. HisGI Extract Preparation 
 

A 10 mL overnight culture of E. coli FB1 cells transformed with pHisGIE-tac was used to 

inoculate a 1 L LB culture containing 100 µg/mL ampicillin and was grown with shaking at 

37°C. At OD600 0.6, protein expression was induced with 1 mM IPTG and the cells incubated 

for a further 16 hours at 28°C. The cells were harvested via centrifugation (3000 g, 15 

minutes), washed in 100 mM Tris.HCl, pH 7.5 before being resuspended in 50 mL of Tris.HCl 

and then separated into 1 mL aliquots. These were centrifuged once more (10,000 g, 15 

minutes) and the cell pellets were stored at -80°C.  

 

At the time of ProFAR synthesis, a cell pellet was defrosted and resuspended in 1 mL lysis 

buffer (50 mM Tris HCl, pH 7.5, 300 mM KCl, 1× BugBuster (Merck, Kenilworth, NJ, USA)) 
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with 0.5 mg/mL lysozyme and 50 U Benzonase Nuclease (Sigma-Aldrich) and rotated at room 

temperature for 20 minutes. The cell debris was removed via centrifugation and the 

supernatant used in ProFAR synthesis.  

8.7.2. ProFAR Biosynthesis 
 

The ProFAR biosynthetic reaction was set up as follows: 50 mM KH2PO4, 100 mM Tris HCl, 1 

mM EDTA, 13 mM ATP, 11 mM R5P, 52 mM PEP, 16 mM MgCl2, 100 U pyruvate kinase, 

100 U myokinase and 2 μM PRPPS in a final volume of 50 mL. The pH was adjusted to 7.5 

with NaOH. The reaction was incubated at 30°C with occasional mixing for 45 minutes to 

accumulate PRPP.  

 

After this incubation, 500 μL of the HisGI cell lysate and 12.5 U inorganic pyrophosphatase 

(Invitrogen) were added to catalyse the conversion of PRPP to ProFAR. The progress of the 

reaction (which remained at 30°C) was monitored with regular wavelength absorbance scans 

of 1:100 dilutions between 220-340 nm. An absorbance maximum at 260 nm (due to the 

adenosine ring of ATP), decreased over time and absorbance between 280 and 320 nm 

increased. When the absorbance ceased to change (after ~40 minutes), the reaction was halted 

by 1:1 dilution with ice-cold water and the pH was increased to 8.5 with 1 M NaOH to help 

prevent spontaneous hydrolysis of ProFAR. 

8.7.3. ProFAR Purification 
 

ProFAR was purified at the Ferrier Research Institute of Victoria University with the help of 

Dr. Gary Evans. The crude ProFAR preparation was transported while frozen and then 

separated via anion exchange chromatography. A HiPrep Q FF 16/10 column (GE Healthcare 

Life Sciences) was equilibrated in 60 mM ammonium bicarbonate on an AKTA Purifier.  

 

Protocol:  

 

Wash 10 min 2 mL/minute, buffer A. Inject sample from 50 mL superloop with buffer 

A at 0.5 mL/minute.  

Wash for 2 column volumes (40 mL) at 0.5 mL/minute in buffer A to remove cell 

lysate and other positively charged molecules.  
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ProFAR was eluted with a 5 column volumes (100 mL) gradient from 60 to 250 mM 

ammonium bicarbonate. 

 

The identity of the product was verified by LC-MS, performed by Jennifer Mason and Dr. 

Torsten Kleffmann. 

 

The purities of the crude ProFAR preparations were determined with the HisA coupled 

enzyme assay and 20 μL of the ProFAR sample. The amount of ProFAR was determined using 

Beer’s Law with the total change in absorbance at 300 nm and the ε ProFAR-AICAR of 5,637 M-1cm-1 

(Klem and Davisson, 1993). 

8.8. G79X/G102X Library and TrpF Selection 

8.8.1. In Vivo Selction for TrpF Activity 
 

Vogel and Bonner’s Medium E (Vogel and Bonner, 1956) (10×) was prepared as adapted by 

(Patrick and Matsumura, 2008): 8.1 mM MgSO4.7H2O, 95.2 mM citric acid monohydrate, 574 

mM K2HPO4.3H2O and 167.4 mM NaHNH4.4H2O, sterilised by filtration (0.2 µm syringe-

driven filter, Jet Bio-Filtration). 

 

Agar plates supplemented with Vogel-Bonner minimal medium were prepared as follows: 

 

Water, agar (1.5% w/v) and casamino acids (0.4 % w/v) were autoclaved before 

completion with the following filter-sterilised components: 1× Vogel-Bonner medium 

E, 0.2 % w/v glucose, 2 µg/mL thiamine, 10 µM FeCl3. Ampicillin (100 µg/mL) was 

included to retain the pEXP5-CT plasmids, with 50 µM IPTG for induction of 

expression. L-tryptophan (50 µM) was added to the positive control plates.  

Single colonies of E. coli JMB9ΔtrpF carrying pEXP5-CT bearing the HisA variant of interest 

were used to inoculate 500 µL LB with 100 µg/mL ampicillin. Once the cultures had reached 

an OD600 of ~1, the cells were collected via centrifugation (6000 g, 1 minute), the supernatant 

discarded and the pellet resuspended in 1 mL 1× Vogel-Bonner medium E. This wash process 

was repeated twice more. The cells were diluted, in 1× Vogel-Bonner medium, to 0.1 OD600 

and ~ 5 µL struck on a Vogel-Bonner agar plate. 
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Plates were incubated at 28°C for 48 h or until growth was observed: the longest period of 

incubation was two weeks. The colonies were photographed under illumination from a Bucket 

of Light (Parkinson, 2007). 

8.8.2. Overlap Extension PCR for Library Generation 
 

The PCR scheme is portrayed in (Fig. 6.3 pp. 159). Mutagenic primers were manually 

designed with the help of MacVector (v. 12.7.5). The first PCR product used the standard 

hisA_pEXP5_for primer with a reverse primer with the MNN sequence at the codon for Gly 

79 (reverse complement of NNK): HisAP_G79mut_ rev. The second used degenerate primer 

HisAP_G102mut_ for with standard hisA_pEXP5_rev (Table 8.3).  

 

Both PCRs were performed with KAPA-HiFi Polymerase (KAPA Biosystems), with annealing 

temperatures of 55°C according to the manufacturer’s instructions (see below).  

 

The PCR products (512 and 302 bp in length) were separated on a 1% (w/v) agarose gel 

containing SYBRsafe dye (Life Technologies), the bands excised and purified as described 

previously (8.3.2). The products were then subjected to overlap extension PCR: 

 

PCR  
  Thermal cycling  

 
 

2× KAPA HiFi ReadyMix 10 µL 95°C  5 minutes  
hisA_pEXP5_for (10 µM) 0.8 µL 98°C  20 sec  
hisA_pEXP5_rev (10 µM) 0.8 µL 55°C  15 sec 25 ×  
G79X PCR product 3 µM 72°C  15 sec  
G102X PCR product 3 µM 72°C  5 minutes  
Nuclease-free water up to 20 µL 4°C    ∞  
 20 µL   

 

In order to clone the randomised sequences into pEXP5-CT for expression, both the 

extension PCR product and pEXP5-CT hisA-DA26432 underwent double digest with ClaI 

and XbaI (8.3). The digested fragments were separated on a 1% agarose gel so that the PCR 

product (673 bp) and plasmid backbone (2756 bp) could be excised and purified as above. The 

PCR product was ligated into the pEXP5-CT backbone and the resultant plasmids used to 

transform E. coli JMB9ΔtrpF electrocompetent cells.  
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The cells were recovered on LB agar (100 µg/mL ampicillin) and the lawn of colonies that 

formed was scraped into LB to make a freezer stock. 

8.8.3. Library Selection: Solid Medium 
 

Vogel-Bonner agar plates were prepared as described in 8.8.1, except with IPTG 

concentration reduced to 5 µM.  

 

The E. coli JMB9ΔtrpF cells expressing the G79X/G102X library were grown and washed as 

described in (8.8.1) and 10 µL of different dilutions (OD600 0.1, 0.01 and 0.001) were spread. 

Plates were spread with JMB9ΔtrpF cells expressing HisA DA26432 to act as a control for 

colony size; colonies expressing library proteins with improved TrpF activity were expected to 

grow faster and larger than those expressing HisA DA26432.  

 

The same library dilutions were also spread on LB agar plates (100 µg/mL ampicillin) to 

control for cell number. All plates were incubated at 37°C overnight. 

 

Approximately 800 CFU were counted on the OD600 0.001 LB agar control plates. It was 

therefore inferred that the OD600 0.1 and 0.01 plates had 80,000 and 8,000 CFU, respectively.  

 

Large colonies from the selective medium library plates were picked into 10 µL sterile water, 

lysed and the hisA genes amplified with the hisA_pEXP5_for and hisA_pEXP5_rev primers in 

colony PCR (2.4.2.4; Table 8.3). The products were purified using ExoSAP-IT (Affymetrix, 

Santa Clara, CA, USA), according to manufacturer’s instructions. Sanger sequencing was out-

sourced to Otago Genetic Analysis Services, using the hisA_pEXP5_for primer. The results 

were analysed using MacVector (v. 12.7.5).  

8.8.4. Library Selection: Serial Passage 
 

The passage medium contained the following: 

 

Vogel-Bonner Medium E (1×), casamino acids (0.4% w/v), glucose (0.2% w/v), 2 µg/mL 

thiamine, 10 µM FeCl3, 100 µM L-His, 5 µM IPTG. 
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E. coli JMB9ΔtrpF cells expressing the DA26432 G79X/G102X library were grown and washed 

as described in (8.7.1). The cells were diluted to OD600 0.1 in 1× Vogel-Bonner medium and 

10 µL was used to inoculate three test tubes containing 2 mL Vogel-Bonner medium (1:200 

dilution), each representing a passage series. The cells were incubated, shaking at 28°C. When 

the cells reached OD600 > 0.4 (after 8-12 h), freezer stocks were made from each series and 10 

µL used to inoculate new tubes. This was repeated for nine cycles.  

 

Cells from the final tubes were screened on solid medium (6.4.2) containing 5 µM / 50 µM 

IPTG, overnight at 37°C. Six large colonies were picked from each passage series and 

amplified and sequenced as before (6.4.2).  
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I. Sequences used in ASR Reconstructions 
 

 
Appendix Table 1. Accession code s for sequences used in ASR. Acquired from NCBI, accessed November 2011. 

Species MurA gene MurA protein AroA gene AroA protein 

S. agalactiae 3685231 NP_735333 NC_004368 NP_735069 

S. anginosus 
HMPREF99

66_0470 
EGL48120 AFIM01000021 EGL47663 

S. equi equi NC_012471 YP_002746255 NC_012471 YP_002746075 

S. equi zooepidermicus NC_011134 YP_002123174 NC_011134 YP_002123076 

S. gallolyticus NC_013798 YP_003430223 NC_013798 YP_003430849 

S. gordondii 

Str.Challis 
NC_009785 YP_001450062 NC_009785 YP_001450649 

S. infantis 
HMPREF99

67_1796 
ZP_08523005 - - 

S. mitis NC_013853 YP_003445457 NC_013853 YP_003445878 

S. mutans NC_004350 NP_721869 NC_004350 NP_721197 

S. oralis NC_015291 YP_004325293 NC_015291 YP_004325759 

S. parasanguinis NC_015678 YP_004621176 NC_015678 YP_004621291 

S. pastuerianus NC_015600 YP_004558839 NC_015600 YP_004559465 

S. peroris 
HMPREF91

80_0205 
ZP_08064815 

HMPREF9180_04

54 
ZP_08065064 

S. pneumoniae NC_003098 NP_359373 NC_003098 NP_358822 

S. pseudopneumoniae NC_015875 YP_004769284 NC_015875 YP_004768642 

S. pyogenes NC_003485 NP_606986 NC_008022 YP_598767 

S. salivarius NC_015760 YP_004727963 NC_015760 YP_004728224 

S. sanguinis NC_009009 YP_001034772 NC_009009 YP_001035408 

S. suis NC_012924 YP_003025050 NC_012924 YP_003024563 

S. thermaphilus NC_006448 YP_139618 NC_006448 YP_139166 

S. uberis NC_012004 YP_002562014 NC_012004 YP_002562501 

B. halodurans NC_002570 NP_244616 NC_002570 NP_242533 

B. subtilis NC_000964 NP_391557 NC_000964 NP_390141 
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II. Primary Protein Sequences for Reconstructed Enzymes 
 

 

aAroA 

 
  1        10        20        30        40        50 
   |        |         |         |         |         | 
   MKLRTNAKALKGTIRVPGDKSISHRAVIFGALAKGVTRVHGLLRGEDVLS 
   TIQAFRDLGVTIEENGDIVTIHGKGFDGLKAPQNPLDMGNSGTSMRLIAG 
   VLAGQDFEVKMFGDDSLSKRPMDRITIPLRQMGAEISGQTERDLPPLTIQ 
   GSQNLKPIHYQLPVASAQVKSAILLAALQAKGETLIIEKELTRNHTEDMI 
   QQFGGQLEVDGKEIRIEGGQELTGQDIIVPGDISSAAFWLVAGLIVPNSK 
   IVLENVGINPTRTGILDVVKKMGGKISLSDVDEEEQSATITVEYSELKGT 
   EISGELIPRLIDELPIIALLATQAQGTTVIRDAQELKVKETDRIQVVADA 
   LNSMGADIKATADGMIIKGKTPLHGATVNTYGDHRIGMMTAIAALLVKEG 
   EVELERAEAINTSYPNFFEHLERLLHD 

 

 

 

aMurA 
 

  1        10        20        30        40        50 
   |        |         |         |         |         | 
   MDKIIIQGGNNRLKGKVEIEGAKNAVLPLLAATILASEGQTILTNVPILS 
   DVYTMNNVVRGLNVKVDFDEEKNTIVVDATGDLTNEAPYKYVSKMRASIV 
   VLGPILARNGHAKVSMPGGCTIGSRPIDLHLKGLEAMGAKIKQTAGYIEA 
   KAERLQGAHIYLDFPSVGATQNLMMAATLADGTTVLENAAREPEIVDLAI 
   FLNKMGAKVKGAGTETITITGVEELHGAEHSVVQDRIEAGTFMVAAAMTG 
   GDVLIKDAVWEHNRPLISKMLEMGVEVTEEDEGIRVRSQVDKLKPVTVKT 
   LPHPGFPTDMQAQFTALMAVAKGESTMIETVFENRFQHLEEMRRMDLHSE 
   ILRDTAIITGGLALQGAQVMSTDLRASAALILAGLVAEGETIVGKLTHLD 
   RGYYHFHEKLAALGANIERVSEEDENEEE 
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III. Protein Purification, Quantification and Yields 
 
Appendix Table 2.  The proteins used and characterised during this study.  

Enzyme Plasmid Expression strain pGro7? 
Molecular 

Weight 
(Da) 

Extinction 
Coefficient 
(M−1 cm−1) 

Typical 
yield 

(mg/L) 
aMurA pPROEX MG1061 No 49438.5 21890 9 

S. pyogenes MurA pPROEX MG1061 No 48766.0 20400 11 
aAroA pPROEX MG1061 No 49177.2 17420 17 

S. pyogenes AroA pPROEX MG1061 No 49845.6 21890 5 
E. coli HisF (1) pCAN24 BL21-gold(DE3) No 30302.4 32430 11 
E. coli HisH (1) pCAN24 BL21-gold(DE3) No 23000.8 24130 11 

A. baylyi TrpD (2) pCAN24 JMB9ΔtrpF No 39404.1 15930 31 
P. aeruginosa TrpC (3) pLAB101 KK8 No 31415 5960 21 

E. coli TrpF (4) pMS401 KK8 No 22070.8 19940 10 
S. enterica PRPPS pJEX401 MG1061 No 36972.2 8940 15 
HisA DA26431* pEXP5 BL21-gold(DE3) Yes 27451.4 25440 3.6 
HisA DA26432 pEXP5 BL21-gold(DE3) No 27393.3 25440 16 
HisA DA26433* pEXP5 BL21-gold(DE3) No 27407.3 25440 1.8 
HisA DA26435 pEXP5 BL21-gold(DE3) Yes 27537.4 25440 15 
HisA DA26436* pEXP5 BL21-gold(DE3) No 27037.9 25440 0.8 
HisA DA26437 pEXP5 BL21-gold(DE3) Yes 27406.4 25440 1.9 
HisA DA26438 pEXP5 BL21-gold(DE3) Yes 27424.4 25440 13 
HisA DA26440 pEXP5 BL21-gold(DE3) Yes 27537.4 25440 12 
HisA DA26441 pEXP5 BL21-gold(DE3) No 27464.4 25440 25 
HisA DA26442* pEXP5 BL21-gold(DE3) No 27038.9 25440 2.6 
HisA DA26443* pEXP5 BL21-gold(DE3) No 27052.9 25440 2.1 
S. enterica HisA pEXP5 BL21-gold(DE3) No 27096.9 25440 19 

SeHisA D7N pEXP5 BL21-gold(DE3) No 27096.9 25440 7.5 
SeHisA D129N pEXP5 BL21-gold(DE3) Yes 27096.9 25440 < 0.1 
SeHisA D176N pEXP5 BL21-gold(DE3) Yes 27096.9 25440 2.9 
SeHisA S202A pEXP5 BL21-gold(DE3) Yes 27080.9 25440 1 
DA26438 D7N pEXP5 JMB9ΔtrpF No 26415.4 25440 1.9 

DA26438 D132N pEXP5 JMB9ΔtrpF No 26415.4 25440 1.2 
DA26438 D179N pEXP5 JMB9ΔtrpF No 26415.4 25440 2 
DA26438 S205A pEXP5 JMB9ΔtrpF No 27408.4 25440 2.9 

DA26438 D132N/D179N pEXP5 JMB9ΔtrpF No 27422.5 25440 0.9 
DA26431 AAAVVR pEXP5 BL21-gold(DE3) No 27310.1 25440 14 

DA26431 R15A pEXP5 JMB9ΔtrpF No 27366.4 25440 < 0.2 
DA26431 VVRAAA pEXP5 BL21-gold(DE3) No 27310.1 25440 17 

DA26431 R18A pEXP5 JMB9ΔtrpF No 27366.4 25440 5.7 
DA26432 G82K pEXP5 JMB9ΔtrpF No 27464.4 25440 0.9 

DA26432 G82R/G105D pEXP5 JMB9ΔtrpF No 27550.5 25440 0.2 
DA26438 G82K pEXP5 JMB9ΔtrpF No 27495.6 25440 0.7 

*Received new stocks from Annika Söderholm and Dr. Maria Selmer at Uppsala University. Sources: 1. 
(Kitagawa et al., 2005); sans GFP-tag; 2. (Patrick and Matsumura, 2008); 3. (Gerth et al., 2012); 4. (Patrick and 
Blackburn, 2005). 
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The evolution of enzymes is often viewed as following a smooth and steady
trajectory, from barely functional primordial catalysts to the highly active
and specific enzymes that we observe today. In this review, we summarize
experimental data that suggest a different reality. Modern examples, such
as the emergence of enzymes that hydrolyse human-made pesticides, demon-
strate that evolution can be extraordinarily rapid. Experiments to infer and
resurrect ancient sequences suggest that some of the first organisms present
on the Earth are likely to have possessed highly active enzymes. Reconciling
these observations, we argue that rapid bursts of strong selection for increased
catalytic efficiency are interspersed with much longer periods in which the
catalytic power of an enzyme erodes, through neutral drift and selection for
other properties such as cellular energy efficiency or regulation. Thus, many
enzymes may have already passed their catalytic peaks.

1. Introduction
In this review, we will consider and update hypotheses for enzyme evolution.
The textbook view is that primordial enzymes were poor catalysts, and that bil-
lions of years of natural selection have refined their activities until they have
become the specialized, efficient enzymes we observe today [1]. This sedate
increase in activity is illustrated in figure 1. This trajectory assumes that all
enzymes are evolving towards ‘catalytic perfection’, which is reached when
the catalytic efficiency of an enzyme is limited only by the rate of diffusion.
There are a number of well-characterized perfect enzymes, the first of which
to be identified was triosephosphate isomerase [2]. The catalytic efficiency of
an enzyme is measured as a function of its turnover number, kcat (the maximum
number of reactions that can occur per enzyme active site per unit time; s21),
and how well it binds its substrate (represented by the Michaelis constant,
KM, measured in M). An enzyme is considered to be a perfect catalyst if it
has a kcat/KM of 108–109 s21 M21.

If we assume that all enzymes are evolving to increase their efficiency
towards catalytic perfection, then it follows that there were fewer perfect
enzymes in the past and there will be more in the future. This conjecture is
impossible to test directly (without the advent of a time machine); however, a
technique that combines phylogenetics and biochemistry, ancestral sequence
reconstruction (ASR), enables the resurrection of ancient enzymes. Surprisingly—
and contrary to the trajectory shown in figure 1—many reconstructed
ancestral enzymes show kinetic parameters that are superior to their extant
descendants [3–9].

In an alternative model for enzyme evolution, we propose that many of the
enzymes required for core metabolic processes evolved to peak catalytic perform-
ance very early in evolutionary history. We use the analogy of a weak link in
metabolism: if a particular biochemical reaction becomes the single rate-limiting
step for the growth and replication of a single-celled microorganism, then strong
positive selection will be exerted upon the enzyme that catalyses this step. Such
strong selection pressure can impart drastic improvements in a short period of

& 2015 The Author(s) Published by the Royal Society. All rights reserved.
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time (discussed further below), yielding an evolved enzyme
that is no longer the weak link in the metabolic network of
the cell (figure 2a). Once that link is no longer the weakest,
selection pressure shifts to another point (figure 2a). Moreover,
the rapid accumulation of beneficial mutations by the enzyme
under selection may make it more efficient than it needs to
be in order to maintain flux through its metabolic pathway
(figure 2b). In this ‘rapid burst’ scenario, we consider the
enzyme to have overshot its activity threshold, which is defined
here as the minimum activity required to maintain flux through
a particular biochemical pathway without reducing cell growth.
Once the catalytic efficiency of the enzyme is above its activity
threshold, it is no longer subject to selection and its catalytic effi-
ciency may begin to decrease (figure 2b), through either genetic
drift or selection for other properties such as stability, regulation
of metabolic flux or energy efficiency. Unlike the trajectory por-
trayed in figure 1, this model predicts that many extant enzymes
have poorer activities than their ancient ancestors. Furthermore,
it predicts that their activities will continue to decline into the
future, as selection to retain or improve activity is only exerted
when enzymes approach their activity threshold.

Here, we will consider activity thresholds largely in terms
of catalytic efficiency (kcat/KM). This measure is not without
its limitations—two enzymes with different kcat and KM

values can have the same kcat/KM [10]. Furthermore, and intui-
tively, the activity threshold of an enzyme will be contingent
upon myriad factors that act over different timescales.
Enzymes that catalyse reactions in high-flux metabolic path-
ways (i.e. those for which the cell requires a lot of product)
might be expected to have high activity thresholds and by
the same logic, enzymes acting in low-flux pathways are pre-
dicted to have lower activity thresholds. A change in
environment, such as the depletion of one carbon source or
the introduction of another, will shift the relative fluxes
through different pathways and thus transiently alter the
activity thresholds in a given cell. Similarly, the different meta-
bolic requirements at different growth phases, as well as
throughout diurnal and seasonal cycles, will introduce differ-
ent metabolic demands. While acknowledging these caveats
and simplifying assumptions, we will argue here that the
activity threshold concept is useful for inferring important
trends and processes, occurring over evolutionary timescales
of years to aeons.

In articulating the activity threshold concept, this review
builds upon the pioneering work of Tony Dean and his
co-workers [11]. While engineering the cofactor specificity of
the Escherichia coli 3-isopropylmalate dehydrogenase (LeuB),
his group found that mutations leading to significant
reductions in catalytic efficiency had negligible effects on
growth rates when the mutated enzymes replaced wild-type
LeuB in vivo. However, the data formed a hyperbolic relation-
ship: once catalytic activity was reduced below a certain point,
there was an accompanying sharp reduction in organismal fit-
ness. The relationship between enzyme kinetics and fitness was
formalized mathematically for the LeuB system [11].

In the following sections, we critically appraise and modify
the model of enzyme evolution that is presented in figure 2b.
We review the experimental evidence for enzyme evolution
in rapid bursts and for enzyme activities that exceed organis-
mal activity thresholds. We also examine reconstructed
enzymes before we conclude by dispelling the intuitive
assumption that enzyme evolution is an inevitable climb
towards a peak of catalytic perfection.

2. Punctuated equilibria in enzyme evolution
Our initial model (figure 2b) predicts that catalytic activities can
rapidly increase by orders of magnitude when enzymes are
under strong selection pressure as the weak (or missing) links
in a metabolic network. It is rooted in two key concepts that
were articulated in the mid-twentieth century. First, Horowitz
[12] proposed that biochemical pathways evolved in reverse:
when an essential metabolite obtained from the environment
was exhausted, the cell had to evolve an enzyme to synthesize
it from some precursor molecule. When this was in turn
exhausted, a second enzyme was required to synthesize the
precursor. This can be viewed as a procession of weak links
in metabolic pathways, being rectified by rapid bursts of
adaptive enzyme evolution under strong selection. Second,
Eldredge & Gould [13] famously critiqued a purported ‘stately
unfolding’ of the history of life (i.e. phyletic gradualism) by
introducing the concept of punctuated equilibria in the evol-
ution of new species. They asserted that gaps in the fossil
record were not (entirely) owing to the failure of palaeontolo-
gists to find enough fossils, but instead provided evidence
for ‘rapid evolutionary events punctuating a history of stasis’.

Is it possible that this model of punctuated equilibria also
applies at the molecular level? Computer simulations both of
evolution within a mixed population [14] and for the origin of
enzymes within a hypothetical primordial metabolism [15]
have yielded behaviours that mimic long periods of stasis
punctuated with rapid bursts. Presumably, evolution of the
very earliest biological catalysts must have necessitated a
period of rapid rate enhancements. In the absence of a catalyst,
many of the reactions that are essential for life take place on
timescales of hours to millennia [16]. For example, the uncata-
lysed hydrolysis of a polysaccharide occurs approximately
once every 5 million years [16]. For an enzyme to improve the
rate of such a reaction so that it occurs on a biologically relevant
timescale (typically .1 s21), the rate must be enhanced by as
much as 1019- to 1021-fold. A recent and compelling case has
been made for the importance of a ‘hot origin’ for enzyme evol-
ution [17,18]. In this scenario, elevated temperatures in
primordial environments would have lowered the kinetic
barriers for converting substrates to products. At these
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Figure 1. The simplest possible view of enzyme activity evolving over time.
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temperatures, perhaps approaching 1008C, the first enzymes
may only have needed to catalyse comparatively small rate
enhancements in order to bring the relevant chemical trans-
formations on to biological timescales. Not only that, but
early enzymes which acted by reducing the enthalpy of
activation (DH‡), rather than enhancing the entropy of acti-
vation (TDS‡), would automatically produce increased rate
enhancements when the environment cooled [17]. As an inevi-
table consequence of thermodynamics, this model is also valid
regardless of the nature of the primordial cells or populations
in which it may have been acting. Thus, the first rapid bursts
of enzyme evolution towards greater catalytic efficiencies
may have been inevitable by-products of life spreading into
cooler environments.

Modern examples of punctuated equilibria in enzyme
evolution have been characterized in bacteria that are adapt-
ing to the impact of humans on their environment. The
phosphotriesterase enzyme from Pseudomonas diminuta cata-
lyses the hydrolysis of a range of synthetic insecticides and
chemical warfare agents, none of which were synthesized
until the 1940s [19]. Remarkably, phosphotriesterase hydro-
lyses the insecticide parathion with an efficiency that
approaches catalytic perfection (kcat/KM ¼ 4 ! 107 s21 M21)
[20]. The enzyme appears to have evolved from a lactonase
ancestor with a very weak promiscuous phosphotriesterase
activity (kcat/KM , 10 s21 M21), to near perfection, in approxi-
mately 50 years [21]. Similarly, Pseudomonas sp. strain ADP has
evolved to use the herbicide atrazine, introduced into the
environment in vast quantities beginning in 1958, as a novel
carbon source [22–24]. An entire catabolic pathway has
evolved to metabolize atrazine [25], co-opting three enzymes
from the amidohydrolase family. The first enzyme in the path-
way, atrazine chlorohydrolase [26], diverged from melamine
deaminase, though it retains none of the original activity [27].
While it shares 98% sequence identity with the extant mela-
mine dehydrogenase, it has adapted to the novel substrate
and hydrolytically dechlorinates atrazine with a catalytic effi-
ciency that is within the range of ‘average’ enzymes [28] at
1.5 ! 104 s21 M21 [25]. These examples demonstrate that
enzyme evolution can be extraordinarily rapid, as shown in
figure 2b.

Similarly rapid bursts of enzyme evolution can be observed
in laboratory studies. A canonical example involved experimen-
tal evolution of a Salmonella enterica strain that was incapable of
synthesizing the amino acid tryptophan, because the trpF gene
(encoding the enzyme phosphoribosylanthranilate isomerase,
PRAI) had been deleted. This strain was forced to evolve a
compensatory function in an homologous enzyme from the
histidine biosynthetic pathway—the N-(50-phospho-L-ribosyl-
formimino)-5-amino-1-(50-phosphoribosyl)-4-imidazolecar-
boxamide (ProFAR) isomerase, encoded by hisA—in just
500 generations of laboratory evolution [29].

When suitably strong selection conditions arise, these
examples indicate that enzymes can evolve to near catalytic
perfection in periods of time that are remarkably short, in
the context of the history of life.

3. Probing activity thresholds
Figure 2b illustrates the notion that rapid bursts of adaptive
evolution might drive an enzyme to exceed its activity threshold
by a considerable amount. It is certainly the case that single
mutations can cause large increases in catalytic efficiency, and
these may carry an enzyme well beyond its activity threshold
in a single step. A classic early example was the site-directed
mutagenesis of Thr51 to Pro in tyrosyl-tRNA synthetase,
which increased kcat/KM by 25-fold [30]. However, an equally
elegant ‘forward evolution’ laboratory experiment, evolving
phosphotriesterase into an arylesterase, has recently been
used to argue that a law of diminishing returns governs
enzyme evolution [31]. That is, comparatively few mutations
will confer large, beneficial effects on activity and these will
be the first to achieve fixation in most evolving populations.
The majority of beneficial mutations, on the other hand,
will confer much smaller gains in activity and these may fix
slowly—or not at all—in the population that is under selec-
tion [32]. In this model, the precise mutation that takes an
evolving enzyme beyond its activity threshold (conferring
sufficiently high activity that a different enzyme becomes
the weak link in the metabolic network) is most likely to be
of small effect, although factors such as population size and
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Figure 2. (a) Enzyme evolution via weak-link metabolism. The overall pathway flux on the left is dependent upon the rate of reaction B, which acts as the
bottleneck for the whole pathway and, in a hypothetical single-celled organism, sets the rate for cell growth and division. Selection acts to improve the activity
of enzyme B and increase the flux through this step. Step C becomes the bottleneck of the pathway and the new target of selection. (b) A hypothetical trajectory for
enzyme evolution over time.
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the magnitude of the overall improvement required to reach
the activity threshold will also influence the likely evolutionary
trajectory. If the law of diminishing returns is universal, then an
enzyme is unlikely to exceed its activity threshold by more than
a few percent before selection ceases to act on its kinetic
parameters.

In contrast to the law of diminishing returns [31], there
are numerous examples of experiments in which enzymes
have been replaced by poorly functional alternates and yet
cell growth has barely been compromised, if at all. Consistent
with figure 2b, these suggest that enzymes can indeed exceed
their activity thresholds, by several orders of magnitude.
A classic early example was the identification and character-
ization of a cryptic b-galactosidase, Ebg, encoded within the
genome of E. coli. The primary b-galactosidase, encoded by
lacZ, enables growth on lactose as the sole carbon source
and it has a kcat/KM of 1.2 ! 105 s21 M21 for the hydrolysis
of lactose [33]. Constitutive expression of Ebg was insufficient
to allow growth on lactose of E. coli from which the lacZ gene
had been deleted (i.e. an E. coli DlacZ strain), implying that
the activity threshold for this function was somewhat greater
than the catalytic efficiency of Ebg (kcat/KM ¼ 9.2 s21 M21;

13 500-fold worse than LacZ). A single point mutation
in the a subunit (Asp92! Asn) yielded an Ebg enzyme
with a kcat/KM that was still 340-fold worse than LacZ
(at 3.7 ! 102 s21 M21), but vastly superior to the uncatalysed
rate of one per 4.7 ! 106 years at 258C [16]. The mutant
Ebg enzyme now conferred a growth rate of 0.45 cell
divisions per hour [34]. This compares favourably with
the growth rates of other wild-type E. coli strains in mini-
mal media [35,36]. The implication is that the activity
threshold required for growth on lactose is somewhere
close to 4 ! 102 s21 M21, yet the LacZ enzyme exceeds this
by at least two orders of magnitude.

A selection of similar rescue experiments is presented in
table 1. Missing links have been created in metabolic pathways
through gene deletion, and the enzymes that have been found
to fill the gaps are often unexpected. As with the Ebg example,
they have regularly displayed much poorer kinetics than the
deleted specialist enzyme, and yet they are sufficient or
almost so; that is, cellular growth rates are not reduced by
anywhere close to the reduction in kcat/KM.

As stated above, enzymes in low-flux pathways—such as
tryptophan biosynthesis—might be predicted to have low

Table 1. Selected enzyme ‘missing link’ studies performed in E. coli.

deleted enzyme (and
its encoding gene)

kcat/KM

(s21 M21)
rescuing
enzyme

kcat/KM

(s21 M21)
fold decrease
in activity

decrease in cell
growth references

b-galactosidase (lacZ) 1.2 ! 105 Ebg (D92N) 3.7 ! 102 3.4 ! 102 division rate of

0.45 h21 in

minimal medium

[33]

phosphoribosylanthranilate

isomerase (trpF)

6.8 ! 106 PurF (1 – 04) 0.3 2.3 ! 107 30 h to form colonies

instead of 12 h

[36]

phosphoserine phosphatase

(serB)

8.7 ! 104 Gph 1.6 5.4 ! 104 colonies of 0.32 mm

diameter after 72 h,

instead of 1.2 mm

[37]

HisB 7.6 1.1 ! 104 colonies of 0.80 mm

diameter after 72 h,

instead of 1.2 mm

YtjC 7.9 1.1 ! 104 colonies of 0.52 mm

diameter after 72 h,

instead of 1.2 mm

glucokinase (glk) 5.4 ! 106 YcfX 2.4 ! 103 2.3 ! 103 3 – 8 d to form

colonies instead

of overnight

[38]

NanK 5.1 ! 102 1.1 ! 104 3 – 8 d to form

colonies instead

of overnight

YajF 2.0 ! 102 2.7 ! 104 3 – 8 d to form

colonies instead

of overnight

N-acetylglutamyl-phosphate

reductase (argC)

3.6 ! 104 ProA (E383A) 4.6 7.8 ! 103 growth to saturation in

liquid medium took

45 – 70 h, instead

of 24 h

[39]
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activity thresholds. Together with cysteine, tryptophan is
among the least abundant amino acids in the cell [40,41]. There-
fore, this pathway can be sensitive for detecting enzymes with
low activity; even very low levels can be sufficient to provide
enough tryptophan to support growth. This was the case in a
2008 study [36], where over-expression of an enzyme from
purine biosynthesis (glutamine phosphoribosylpyrophosphate
amidotransferase; PurF) was able to rescue an E. coliDtrpF strain
(lacking PRAI). The step remained the weak link in the cell
because the growth rate was severely reduced (colony for-
mation in 6 days instead of 1 day). However, a single round
of random mutagenesis and selection yielded a PurF variant
[PurF(1–04)] that enabled colony formation in only 30 h, com-
pared with 12 h for the same strain expressing PRAI itself [36].
When PurF(1–04) was characterized in vitro, it was found to
have remarkably poor catalytic efficiency that was barely
above the rate of spontaneous hydrolysis of the labile substrate
(kcat/KM ¼ 0.3 s21 M21). This was over seven orders of magni-
tude worse than the catalytic efficiency of the enzyme it was
replacing, PRAI (table 1).

A more recent study confirmed that PRAI has evolved to
exceed its activity threshold by many orders of magnitude.
Evran et al. [42] used a combination of site-directed mutagen-
esis and directed evolution to establish PRAI activity on the
a-subunit of tryptophan synthase, TrpA. When expressed
in an E. coli DtrpF strain, their three best TrpA variants each
enabled colony formation at the same rate as the Thermotoga
maritima PRAI (i.e. overnight incubation at 378C). However,
the catalytic efficiencies of these enzymes ranged from
27 s21 M21 to 235 s21 M21 [42]. Together, these two studies
dramatically illustrate how marginal enzyme activities can
be sufficient to give near-normal organismal fitness.

Serine is approximately fourfold more abundant in E. coli
than tryptophan [40]; thus the flux through its biosynthetic
pathway will be higher in nutrient-limiting conditions.
Deletion of one of the enzymes in serine biosynthesis,
phosphoserine phosphatase (SerB), can be rescued by over-
expressing any one of three other phosphatases (Gph, HisB
and YtjC) [43]. In vitro characterization of these enzymes and
analysis of the growth rates that they enabled for E. coli DserB
cells in the absence of exogenous serine [37] showed similar
results to those described above: decreases in enzyme activity
of more than 104-fold were accompanied by much smaller
decreases in growth (table 1).

Enzymes acting in a high-flux pathway such as glycolysis
are expected to have high activity thresholds, owing
to substantial demand for the products of the pathway.
A pioneering study [38] identified three E. coli enzymes that
could functionally replace the first enzyme in the glycolytic
pathway, glucokinase. The catalytic efficiencies of these three
enzymes—YcfX, NanK and YajF—ranged from 200 s21 M21

to 2400 s21 M21, and thus were higher than the examples
that have been discussed from tryptophan and serine bio-
synthesis. Nevertheless, glucokinase itself is highly active so
even these values represent reductions in activity of three to
four orders of magnitude (table 1). Similar to the other
examples, however, reductions in cell growth were only one
order of magnitude (or less), demonstrating that many
enzymes in a range of pathways have all evolved to exceed
their current activity thresholds by surprisingly large amounts.

One caveat for all of the studies in E. coli described above,
apart from the Ebg example, is that the rescuing enzymes
were over-expressed from plasmid vectors. While there is an

overall fitness cost to the cell that is associated with protein
over-expression [35,44], this also provides a crude means to
amplify weak activities to physiologically relevant levels [45].
Two of the studies [37,46] were continued to find mutations
within (single copy) chromosomal genes that were sufficient
to compensate for their respective missing links. In the case
of compensating for the loss of SerB, a single point mutation
in the chromosomal hisB gene (encoding the amino acid substi-
tution Asp57! Asn) was sufficient to allow colony formation
within 2 days [37]. The catalytic efficiency of this mutated HisB
protein was not reported; however, other variants identified
through random mutagenesis of the plasmid-encoded version
had kcat/KM values for the SerB reaction that were improved by
only fourfold to 24-fold compared with HisB.

Similarly, Miller & Raines [46] selected for chromosomal
mutations that enabled growth of their glucokinase-deficient
strain of E. coli. Selection yielded a mutation in the promoter
region of the yajF gene, which increased expression of the
YajF protein by 94-fold. The revertant strain showed a similar
growth rate (colony formation in 9 days) to that in which
YajF over-expression was driven off a high copy number plas-
mid. YajF displayed a catalytic efficiency that was reduced by
more than 104-fold compared with glucokinase (table 1).
These experiments demonstrated that over-expression could
compensate for approximately 1% of this activity gap. How-
ever, the studies with chromosomal copies of Ebg, HisB and
YajF all suggest that artificial over-expression is insufficient
to compensate for the observed decreases in catalytic efficiency.
The implication is that the metabolic enzymes b-galactosidase,
phosphoserine phosphatase and glucokinase have all evolved
beyond their expression level-adjusted activity thresholds by
at least two orders of magnitude.

McLoughlin & Copley [39] conducted a similar test by using
a chemical mutagen (N-methyl-N0-nitro-N-nitrosoguanidine)
to introduce mutations directly into the chromosome of an
E. coli strain that lacked the ability to synthesize arginine,
owing to deletion of its argC gene. Selection on a growth
medium without arginine yielded colonies in which the proA
gene (encoding glutamylphosphate reductase) contained both
a point mutation (encoding the substitution Glu383! Ala)
and a promoter mutation that led to a sixfold increase in
ProA expression under the selection conditions. As with the
other examples, the selected ProA variant displayed a substan-
tial decrease in catalytic efficiency (kcat/KM ¼ 4.6 s21 M21)
compared with the ArgC enzyme that it was replacing
(kcat/KM ¼ 3.6 ! 104 s21 M21). This was accompanied by a
much smaller reduction in cellular growth rate (table 1). Further-
more, ProAwas under selection to retain its original function, as
well as its new ArgC function. The Glu383! Ala mutation
reduced ProA activity by 2800-fold, from a catalytic efficiency
of 3.3 ! 104 s21 M21 to 12 s21 M21. Thus the E. coli cell was
now tolerating two poor (but essential) activities, catalysed by
the same enzyme. Even when the sixfold over-expression of
this enzyme is factored in, it is clear that wild-type E. coli
harbours ArgC and ProA enzymes that are two to three
orders of magnitude above their individual activity thresholds.

4. Whence excessively good enzymes?
The experiments described above demonstrate that many—
and perhaps most—metabolic enzymes exceed their activity
thresholds by several orders of magnitude. At first glance,
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this is counterintuitive, as there should be no selection to
improve beyond the activity threshold. One possible resolution
to this conundrum is that genetic drift incorporates mutations
that are neutral with respect to organismal fitness but which
continue to improve enzyme activity, even in the absence of
selection. This has been observed in an experimental model
of neutral drift, which used the TEM-1 b-lactamase enzyme
[47]. However, the observed increases in catalytic efficiency
were small (less than twofold). More generally, strongly ben-
eficial mutations are rare compared with nearly neutral or
slightly deleterious mutations [31,48–50]. The infrequency
of these beneficial mutations, combined with an absence of
selection (because the enzyme is already above its activity
threshold), makes it extraordinarily unlikely that they would
become fixed in an evolving population of cells.

A second, more plausible, explanation for enzymes
exceeding their activity thresholds is that selection continues
to act, albeit on properties other than catalytic efficiency—
and that selection for these other properties is linked to
improvements in kcat/KM. Rates of protein evolution have
been associated with a large number of variables, in addition
to their kinetic parameters, and the contribution of an
enzyme to organismal fitness may be a function of many of
these [51]. For example, it has been argued that selection
acts to minimize the cost of producing misfolded proteins,
therefore favouring sequences with increased robustness to
errors of mistranslation [52]. This selection pressure increases
with expression level, constraining sequence evolution. Thus,
highly expressed proteins are predicted to evolve slowly.
Highly constrained protein surfaces (such as those involved
in protein-protein interactions) also dictate slow evolutionary
rates amongst residues in the core of the protein [53]. It
remains to be elucidated whether the contributions to protein
evolutionary rates of expression level or constrained surfaces
are correlated with effects on catalytic efficiency.

Recently, Tawfik [54] neatly summarized the potential
trade-offs between catalytic efficiency and substrate selectiv-
ity. He observed that accuracy is a selectable trait, but that
this may often arise through negative selection (i.e. mutations
that disfavour the binding of incorrect substrates) rather than
positive selection to increase reaction rates with the correct
substrate. Nevertheless, mutations that improve transition
state discrimination offer the potential for kcat/KM to increase,
together with accuracy [54]. This has been observed for DNA
polymerases [55]. Further, we note that those rare mutations
that do improve transition state stabilization (i.e. DG‡)

will lead to exponential improvements in reaction rate, k,
according to transition state theory:

k ¼ Ae("DGz=RT):

The relationships between—and the potential for selection to
act on—thermostability, protein dynamics, robustness to
mutation and evolvability have also been investigated
[51,56,57]. Many of these selectable determinants of protein
evolutionary rates have been reviewed elsewhere [58,59]. Over-
all, however, experiments to investigate these properties have
focused on retention of catalytic activity—so it remains uncer-
tain whether selection for them could also drive significant
improvements in kcat/KM.

Perhaps the most likely reason to keep selecting for ever
more efficient enzymes, with kcat/KM values far exceeding
experimentally determined activity thresholds, might be that
this also enables selection to reduce enzyme expression
levels. Flux through a given step in a metabolic pathway is pro-
portional both to kcat/KM and to the enzyme concentration.
Protein synthesis is by far the most expensive process in the
cell energetically; it is estimated to account for 50–60% of the
energy consumption in a rapidly dividing bacterium [60,61].
Thus, selection for highly efficient enzymes, expressed at low
levels, is expected to maximize the energy efficiency of the
cell (and therefore its fitness). Nevertheless, the examples
described in the previous section suggest that many extant
enzymes exceed their expression-adjusted activity thresholds.

Finally, it is naive to assume that activity thresholds have
remained constant over time (figure 2b), as an organism
adapts to myriad environmental challenges during the
course of its evolutionary history. It is possible that any
given extant enzyme exceeds its current activity threshold
because the cellular demand for its function was greater in
the past (figure 3a). In this scenario, a rapid burst of strong
positive selection would have driven the evolution of an
enzyme with a high catalytic efficiency. When the activity
threshold was relaxed (for example, when an organism inhab-
ited a new niche in which a nutrient became more abundant
than it was previously), selection was also relaxed so that
common but deleterious mutations were likely to cause a
downward drift in kcat/KM (figure 3a). Alternatively, a relaxed
activity threshold may also underpin a switch to selection for
cellular energy efficiency (by optimizing expression level),
regulatory mechanisms or thermostability. One implication
of this scenario is that many contemporary enzymes—such
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rapid burst rapid burst
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Figure 3. Alternative trajectories of enzyme evolution. (a) activity thresholds may change over time, relaxing selection pressure on the catalytic efficiency of an
enzyme. (b) A more plausible trajectory: as the activity threshold changes over time, enzyme evolution alternates between rapid bursts of positive selection and
downwards drift (or selection for traits other than kcat/KM).
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as those listed in table 1—are likely to be evolving towards
having lower activities in the future. Another implication is
that many ancestral enzymes are likely to have had higher
catalytic efficiencies than their extant descendants.

Given the inordinate period over which selection has
acted on evolving biological systems, the most plausible scen-
ario is one in which the activity threshold of each metabolic
enzyme has been varying over time (figure 3b). Any given
enzyme might be expected to be interrupted from its down-
wards drift in activity when it suddenly becomes the weak
link in metabolism (figure 2a). A key implication of this
model is that enzymes from progressively older nodes
along the same evolutionary trajectory are expected to
show fluctuating catalytic efficiencies.

5. Insights from the reconstruction of ancient
enzymes

Ancestral sequence reconstruction (ASR) provides us with a
technique for testing the predictions made in figure 3. Combin-
ing phylogenetic and biochemical methods, it uses DNA and
protein sequences from related organisms to infer a phylo-
genetic tree, and thus the sequences at given nodes on the
tree. These ancestral gene sequences can then be synthesized,
enabling the biochemical properties of the expressed proteins
to be investigated. The ASR process and illustrative studies are
comprehensively reviewed elsewhere [62–64]. Most previous
ASR studies have been used to infer knowledge about ancestral
life; some of the most ambitious projects have reconstructed
proteins with predicted ages between 1 and 4 billion years old
[3–6,65,66]. Ancient reconstructed proteins have been shown
to possess increased temperature optima and thermostability
[4,5,67–70] (confirming the importance of thermophily as an
early life-history trait [17,18]), and, in some cases, broadened
substrate range [9,69]. The field of ASR is still developing and
there is debate over the optimal reconstruction methods [71].
Reconstructions represent a snapshot of a point deep in the
history of an enzyme (millions to billions of years, with associ-
ated error) while we have used the previous sections to
emphasize the importance of rapid bursts (on the order of dec-
ades). It follows that enzymes resurrected through ASR may not
represent the most crucial points in evolution. Furthermore, it
has been argued that the very first enzymes to emerge were
hetero-oligomers of partially structured and/or partially func-
tional subdomains [72,73], and it is not possible to infer these
states using the phylogenetic information in modern sequences.
Instead, alternative computational approaches have been taken
in order to make inferences about the origins of protein folds
[74,75]. Nevertheless, resurrected enzymes can provide
evidence for the fluctuation of activity thresholds over time.

Core metabolic enzymes are highly conserved within, and
often between, the three domains of life: Bacteria, Archaea
and Eukarya. Phylogenetic evidence suggests that many of
these enzymes were present in the last universal common
ancestor of all life on the Earth, LUCA. Therefore, the initial
rapid bursts of selective pressure acting upon weak links in
metabolism, pushing individual enzymes beyond their
activity threshold, would have occurred at the dawn of life.

Only a fraction of ASR studies have targeted metabolic
enzymes and characterized the kinetic parameters of the res-
urrected enzymes (table 2). We review some of these studies
here, in the light of our weak-link hypothesis for enzyme

evolution. Consistent with our model, recent studies of
thioredoxin, nucleoside diphosphate kinase (NDK), LeuB
and uricase have all shown reconstructed enzymes with
kinetic parameters superior to their extant descendants.
Thioredoxins are small oxidoreductase enzymes that are ubi-
quitous in all three domains of life. Thioredoxins have been
reconstructed from a range of very ancient nodes, including
the last common ancestor of Bacteria (thought to have inhab-
ited the Earth approx. 4.2 billion years ago), the last common
ancestor of Archaea (approx. 4.1 billion years old) and the last
common ancestor of Eukarya (approx. 1.6 billion years old)
[3]. In each case, the reconstructed enzymes were found to
exhibit catalytic efficiencies higher than extant thioredoxins.
The most active enzyme was from the archaeal ancestor,
while the enzymes from the bacterial and eukaryotic ances-
tors were each 150–200% more active than those from their
extant descendants, E. coli and Homo sapiens (table 2). The
reconstructed thioredoxins were also significantly more
thermostable than the E. coli and H. sapiens enzymes [3]. Simi-
larly, the NDK enzyme from the archaeal ancestor was recently
reconstructed, using a variety of tree topologies and methods
to assess the robustness of the ancestral sequence predictions
[4]. The most robust ancestor, Arc5 (constructed using a tree
that was reconciled with rRNA sequences), was both more
thermostable and more active than its descendent, found in
the species Archaeoglobus fulgidus (table 2). In contrast to a
stately unfolding of enzyme evolution (figure 1), these data
provide evidence that thioredoxins and NDKs had already
undergone a rapid burst of evolution within a few hundred
million years of the protein world originating.

Two recent papers [5,6] have explored the evolutionary
history of LeuB, a dehydrogenase from the conserved and
ancient metabolic pathway of leucine biosynthesis. Recon-
struction of enzymes from several nodes on the Bacillus tree
has revealed a trend of fluctuating thermostability and
thermoactivity over the past billion years of Bacillus evolu-
tion [5]. Of most relevance to our model (figure 3), the
catalytic efficiencies also fluctuate, with the most ancient
ancestor (of all Bacillus; 950 million years old) being the
most active (table 2 and figure 4). This work was extended
recently [6] to reconstruct the ancestor of all Firmicute LeuB
enzymes (2.6 billion years old), which was found to have a
kcat/KM that was intermediate between the more recent
Bacillus ancestor and the extant enzymes that were studied
(table 2 and figure 4). The emerging picture is one in which
catalytic efficiency has risen and fallen over time, consistent
with a rugged landscape of activity thresholds (figure 3b).

The recent reconstruction of uricase enzymes from the
mammalian phylogenetic tree [7] was noteworthy because
it explored a special case in which some extant homologues
(from humans and other apes) have mutated to become com-
pletely non-functional. The authors mapped a steady decline
in enzymatic activity since the last common ancestor of the
mammals (94 million years ago); even an active extant
enzyme from the pig, Sus scrofa, was approximately twofold
less active than the ancestral mammalian uricase (table 2).
Other pioneering studies of ancestral enzymes from similar
historical time points include the reconstruction of an
ancestral ribonuclease [76] and a chymase [8] (table 2).

Regardless of catalytic efficiency, it is generally assumed
that ancient metabolic networks were populated by general-
ist, multi-tasking enzymes that were capable of catalysing
multiple reactions on multiple substrates [77–79]. Two
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noteworthy recent ASR studies have found evidence for
broadened specificity among ancestral enzymes. In the first,
an ancestral yeast a-glycosidase was reconstructed from the
sequences of extant enzymes that each exhibited specificity
towards different combinations of di- and tri-saccharide
substrates [9]. The common ancestor, estimated to be 119
million years old, was found to be a generalist with acti-
vity towards all nine of the substrates that were tested.
In general, its kinetic parameters were inferior to those of
extant specialist enzymes; however, they were superior to
those of an extant generalist enzyme from Lodderomyces
elongisporus (table 2). The ancestral a-glycosidase was a
superior generalist enzyme.

The authors noted that the age of the ancestrala-glycosidase,
119 million years, coincided with the time at which flowering
plants are predicted to have become widespread [80]. Ancestral
yeasts were likely to have been colonizing new environments at
that time, and there was likely strong selective pressure to be able
to use a range of new carbon sources. The reconstructed enzyme
thus represents a point at which there was likely to have been a
rapid burst of adaptive evolution in the yeast a-glycosidase line-
age. Reconstruction of an ancestral alcohol dehydrogenase also
supports a readjustment of yeast metabolism to coincide with
the rise of flowering plants [81].

Similar to the yeast a-glycosidase study, reconstruction of
ancient bacterial b-lactamases (the enzymes responsible for

Table 2. Catalytic efficiencies of extant and ancestral enzymes.

enzyme (and substrate) organism age (years) kcat/KM (s21 M21) references

thioredoxin E. coli extant 2.5 ! 105 [3]

H. sapiens extant 5.2 ! 105

ancestor of Eukarya 1.6 ! 109 7.6 ! 105

ancestor of Archaea 4.1 ! 109 8.2 ! 106

ancestor of Bacteria 4.2 ! 109 4.7 ! 105

nucleoside diphosphate kinase A. fulgidus extant 1.2 ! 106 [4]

archaeal ancestor Arc5 3.8 ! 109 4.0 ! 106

isopropylmalate dehydrogenase B. subtilis extant 7.5 ! 104 [5,6]

B. caldovelox extant 4.8 ! 104

ancestor of Bacillus 9.5 ! 108 2.1 ! 105

ancestor of Firmicutes 2.6 ! 109 1.1 ! 105

uricase S. scrofa extant 3.6 ! 105 [7]

ancestor of mammals 9.4 ! 107 7.1 ! 105

ribonuclease A E. coli extant 5.0 ! 106 [76]

artiodactyls 3.0 ! 107 3.3 ! 106

chymase H. sapiens extant 3.6 ! 106 [8]

ancestor of mammals NRa 4.3 ! 106

a-glycosidase (maltose) L. elongisporus extant 6.2 [9]

yeast ancestor 1.2 ! 108 13.0

a-glycosidase (maltotriose) L. elongisporus extant 1.7 [9]

yeast ancestor 1.2 ! 108 19.2

a-glycosidase (sucrose) L. elongisporus extant 11.0 [9]

yeast ancestor 1.2 ! 108 31.6

b-lactamase (benzylpenicillin) E. cloacae extant 2.6 ! 107 [69]

‘GPBCA’ ancestorb 1.5 ! 109 7.0 ! 106

‘PNCA’ ancestorb 3.0 ! 109 5.0 ! 105

b-lactamase (cefotaxime) E. cloacae extant 2.6 ! 103 [69]

‘GPBCA’ ancestorb 1.5 ! 109 3.7 ! 104

‘PNCA’ ancestorb 3.0 ! 109 1.0 ! 106

b-lactamase (ceftazidime) E. cloacae extant 6.5 ! 102 [69]

‘GPBCA’ ancestorb 1.5 ! 109 5.0 ! 103

‘PNCA’ ancestorb 3.0 ! 109 3.0 ! 104

aNR: not reported, although by analogy with [7] this ancestor is assumed to have an age of approximately 9.4 ! 107 years.
bAbbreviations are as used in [69]. GPBCA, last common ancestor of Gammaproteobacteria; PNCA, last common ancestor of various Gram-positive and
Gram-negative bacteria.

rsif.royalsocietypublishing.org
J.R.Soc.Interface

12:20150036

8



 257 

 

hydrolysing b-lactam antibiotics) found that the reconstructed
enzyme from a 3 billion year-old ancestor of Gram-negative
and Gram-positive bacteria (‘PNCA’) possessed a much
broader substrate specifity than its extant descendent, the
TEM-1 b-lactamase from Enterobacter cloacae [69]. TEM-1 is a
specialist, able to hydrolyse benzylpenicillin with a catalytic
efficiency that is 10 000- and 40 000-fold greater than its activi-
ties toward cefotaxime and ceftazidime, respectively (table 2).
In contrast, the PNCA enzyme is most active towards cefotax-
ime, and only twofold and 33-fold less active towards the other
two antibiotics (table 2). An intermediate in the trajectory, from
the 1.5 billion year-old ancestor of Gammaproteobacteria
(‘GPBCA’), showed intermediate activities towards all three
antibiotics (table 2), providing a snapshot of a generalist-
to-specialist transition in the evolution of b-lactamases. The
authors deliberately avoided sequences from clinical isolates
of bacteria and thus described a fine example of what appears
to be phyletic gradualism (figure 1), albeit by sampling at inter-
vals of 500–1000 million years [69]. It would be fascinating to
extend this work by reconstructing the enzymes that have
evolved in an extremely rapid burst (figure 3) under the
strong selection imparted by introducing b-lactam antibiotics
into the clinic over the past 75 years.

6. Concluding remarks
It is tempting to envisage enzyme evolution as a sedate
and near-constant accumulation of beneficial mutations
that improve kcat/KM, until catalytic perfection is attained
(figure 1). From our anthropocentric twenty-first century per-
spective, it is also difficult to appreciate the sheer depth of
evolutionary time, or to imagine scenarios in which the cata-
lytic efficiencies of core metabolic enzymes may diminish in
the future. In this review, we have sought to summarize
recent experimental data that highlight and reinforce these
counterintuitive possibilities.

When strong selection is invoked, the catalytic efficiencies
of enzymes in populations of evolving microorganisms can
change by orders of magnitude in a matter of decades, or
even years. This has been observed when synthetic pesticides
or antibiotics are introduced into the environment and when
bacterial populations have been subjected to experimental
evolution [19,25,29]. Viewed through this lens, 4 billion
years or so (since the origin of protein-based biology) is
ample time for every core metabolic enzyme to have been
the weak link in the metabolism of its host cell (figure 2a),

and thus for every enzyme to have undergone a rapid burst
of adaptive evolution. Indeed, it follows that organisms at
the dawn of life are likely to have possessed highly active
enzymes; reconstructions of very ancient enzymes such as
ancestral thioredoxins [3], NDK [4] and LeuB [5,6] hint that
this was the case.

Nevertheless, catalytically perfect enzymes are rare.
Instead, the ‘average’ enzyme in central metabolism has
a kcat/KM of approximately 105 s21 M21 [28]. Not only
that, but an accumulating body of experimental evidence
(table 1) suggests that these imperfect enzymes are still
orders of magnitude better than they need to be for their
modern bacterial hosts. Synthesizing these data, we reasoned
that the most plausible explanation is a long and rugged tra-
jectory for enzyme evolution, in which rapid bursts of strong
positive selection for kcat/KM are interspersed with much
longer periods in which cellular energy efficiency, regulation
and mildly deleterious mutations dominate evolution, erod-
ing catalytic efficiency (figure 3b). This model is analogous
to the notion of punctuated equilibria in the evolution of
new species [13].

A corollary of our model is that many extant enzymes
may have passed their catalytic peaks and are currently in
a period during which their catalytic efficiencies are decreas-
ing with time. Our model predicts that this will reverse at
some point in the future, when the kcat/KM decreases to
below its activity threshold (either via deleterious mutation,
or by a change in environment that alters the activity
threshold itself ). This is purposely simplistic; selection also
acts on properties other than catalytic efficiency. A catalyti-
cally inferior enzyme may provide a selective advantage to
the cell if, for example, it allows for more nuanced regulation
of flux through the relevant pathway.

The burgeoning field of ASR has provided valuable evi-
dence that some enzymes were more active in the ancient
past (table 2). However, the experiments reviewed herein
also serve to highlight the difficulties in inferring past
environments, past selection pressures and past activity
thresholds. The non-falsifiable nature of ancestral reconstruc-
tions places them in the realm of just-so stories, rather than
hypotheses, and doubts have been raised about the ability
of ASR studies to reach justifiable conclusions [71]. Befitting
an active field with enormous potential, these doubts have
spurred methodological improvements such as the use of
branch-heterogeneous models of sequence evolution [82]
and species-aware gene trees [6].

With these caveats in mind, we hope that our pre-
paradigmatic model highlights gaps in knowledge that
could usefully be addressed. For example, it is comparati-
vely uncommon to quantify differences between catalytic
efficiency and activity threshold. More generally, many
biochemists are averse to studying their enzyme in the
context of organismal fitness, let alone population biology.
Many evolutionary biologists are equally wary of enzyme kin-
etics and biophysics. Without doubt, a ‘functional synthesis’
[83] of approaches including enzymology, experimental evol-
ution, ASR and evolutionary biology holds great promise for
enriching our understanding of enzyme evolution.
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